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ABSTRACT 

  

Buchanan, Courtney E. Foraging Ecology and Biotic Relationships with Gut Microbiota in 

Pronghorn and Free-Roaming Horses, Ph.D., Department of Ecosystem Science and 

Management, August 2025 

 

The aim of my dissertation was to explore the underlying biotic relationships between plants, 

herbivores, and the herbivore gut microbiome in two species, pronghorn (Antilocapra 

americana) and free roaming horses (Equus caballus). To understand these relationships, I used 

fecal DNA metabarcoding to elucidate community composition of gut bacteria in both species 

and to identify plants in the free-roaming horse diet. I also adapted fecal particle size protocols 

for a field-based approach in free-roaming horses to serve as a proxy for investigating diet 

digestibility. Much of this research aimed to describe how the diet and/or microbial communities 

changed in different seasons, study areas, and environments in these species. In free-roaming 

horses, I tested simplified fecal particle size methods to determine if this measure varied by 

season or study area. I also investigated the potential for using this measure as a biomarker by 

evaluating the relationship of fecal particle size with horse diet and body condition. I explored 

the potential use of microbial composition as a biomarker by exploring relationships between the 

microbial community and host health, body condition, and diet. Overall, microbiome 

composition had a spatial and seasonal component in both species, illustrating the ability of 

microbial communities to vary in rangeland herbivores across animals’ ranges and lifetimes. I 

formatted my dissertation with four research chapters intended for journal submission (Chapters 

2-5), an introduction in Chapter 1 of the general aims of the research and knowledge gaps 

addressed, and a conclusion of my findings in Chapter 6.  

In Chapter 2, we investigated the bacterial composition of the gut microbiome in 

pronghorn, which had yet to be described in the literature. Pronghorn microbiome composition 
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was predominantly composed of the phyla Firmicutes and Bacteroidota, both commonly 

documented as the predominant phyla in ruminant animals. We noted small but significant 

differences in microbial communities relative to study area, capture period, and body fat 

measurements; however, these factors were only able to explain small amounts of microbial 

community variation. We also found that microbial composition differed in animals located 

north and south of Interstate 80, reinforcing that the pronghorn microbiome has an important 

spatial component. This chapter was published in 2024 in PLOS One. 

Chapter 3 examined the dietary composition of free-roaming horses in 16 Bureau of Land 

Management (BLM) Herd Management Areas (HMAs). The proportion of graminoids in fecal 

material differed by HMA and ranged from 31.1 to 83.5% in summer and 11.0 to 82.6% in 

winter. Horses in most HMAs tended to eat more graminoids in summer as compared to winter, 

and winter diets tended to contain more plants in the families Asteraceae and Chenopodiaceae 

than in summer. Despite varying dietary composition across HMAs, average body condition in 

all HMAs was good, ranging from 4.6 to 5.2 in summer and 4.8 to 5.2 in winter, and most 

individual horses observed had body condition scores of 5 or better. Our results indicated that 

while horses are considered grazers, they are able to maintain healthy body condition while 

consuming a variety of plant types. This chapter has been accepted for publication in Rangeland 

Ecology and Management.  

Chapter 4 investigated drivers of the gut microbial community in free roaming horses, 

using the same horses and HMAs studied in Chapter 3. Season, HMA, and ecoregion were all 

significant drivers of the horse gut microbial community at various scales. Season explained 

more variation of microbial composition within individual HMAs (7.0–18.1%), compared to a 

range-wide scale (about 3.5%) when using samples from individual horses, but explained about 
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15% of the variation at the range-wide scale when HMA average microbiomes were considered 

instead. We identified 158 bacterial families present during the winter, while only 128 of these 

families were observed during the summer. Ecoregion explained about 4.5% of the variation 

using individual horses and around 20% of microbial variation when using HMA average 

microbiomes, while HMA was more explanatory, explaining about 9% of the variation when 

evaluating individual horses. These findings were similar whether we considered factors 

independently from one another or evaluated the marginal effect in combined models. In 

addition, Mantel tests indicated the community composition of the microbial community co-

varied with the composition of diet in free-roaming horses. Furthermore, nine of the ten bacterial 

families that contributed most to the overall dissimilarity in the microbial community were 

correlated with at least one plant family present in free-roaming horse diets. These bacterial 

families most often exhibited relationships with the graminoid families of Cyperaceae, Poaceae, 

and Juncaceae and the forb and shrub families of Asteraceae and Chenopodiaceae. Our findings 

indicate that microbial community composition was variable in different environments and 

seasons making it potentially an adaptive trait for free-roaming horses and other herbivores.  

Chapter 5 explored field-based methods for conducting particle size analysis in free-

roaming horses. We chose fecal particle size as a proxy for digestibility because previous 

researchers have correlated this measure with digestibility in herbivores. We adapted described 

fecal particle size protocols to allow for methods more amenable to those without expensive lab-

based equipment, with a goal of providing a low cost, minimal lab alternative for researchers to 

measure a surrogate for diet digestibility in wildlife. We were able to use these methods to detect 

differences in fecal particle size in different HMAs and between seasons. We also investigated 

the relationship between fecal particle size and body condition and diet composition to explore 
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the potential use of fecal particle size as a herd health biomarker. While there were some patterns 

evident, our methods likely need further adjustment to account for high within-sample variation 

before this technique can be informative to explain herd health or diet composition. 
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CHAPTER 1. Introduction 

The ability of wildlife to adapt to novel environments is increasingly important in the face of 

anthropogenic change and climate fluctuations. Extensive research is undertaken on wildlife 

species worldwide; however, research often focuses on questions of presence or absence, 

movement, behaviors, resource selection, or timing of these or other variables. In many species, 

we have knowledge of the types of environments or resources these animals select but still lack 

understanding of the mechanisms for how animals adapt to utilize specific resources or 

environments. Modern technologies provide new ways to monitor individual responses to 

environmental stimuli, which can help to answer the questions of how and why animals do what 

they do (Hawkes et al. 2021). Understanding how species react chemically, metabolically, and 

physically to their environments is key as ecosystems face growing changes due to 

anthropogenic disturbance and climate variability. Greater understanding of wildlife physiology 

and adaptive mechanisms could help predict species’ flexibility to adjust to changes. Likewise, a 

better understanding of the physiology underlying these measures is necessary before managers 

can successfully apply this knowledge to management decisions. 

Many physiological traits exhibit plasticity in response to the environment (Killen et al. 

2017). Some changes may signify conditions an animal is currently experiencing, while others 

represent accumulation of environmental impacts over longer time scales. For example, body 

condition represents the accumulated effects of diet, metabolic efficiency, and energetic costs 

and changes slowly over time. Microbiome composition has been linked to many animal health 

metrics, especially those involving diet, body condition, and digestion (e.g., Turnbaugh et al. 

2008; Myer et al. 2015; Shabat et al. 2016), and can be thought of as a physiological trait, 

especially in herbivores that require microbial symbionts to assist with the digestive process. 
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Researchers have proposed gut microbiome plasticity as a mechanism to allow greater host 

adaptation capability in the face of changing climates (Alberdi et al. 2016). Others have 

discussed the importance of considering microbiome composition when performing 

reintroductions or translocations (Bahrndorff et al. 2016; Li et al. 2019; Trevelline et al. 2019; 

Yao et al. 2019) and mention probiotics as a possible management tool (McKenzie et al. 2018). 

The research presented in my dissertation contributes to the understanding of two iconic 

herbivores in North America—pronghorn (Antilocapra americana) and free-roaming horses 

(Equus caballus). The overall aim of my research was to explore the biotic relationships that 

these species experience—specifically the inter-specific relationships between plants, herbivores, 

and the herbivore gut microbiome. These interactions potentially affect the adaptive potential of 

herbivores to novel environments and are likely related to the ability of herbivores to utilize 

diverse forages and maintain good body condition. Throughout the chapters, I endeavor to find 

linkages between host animal health, microbial composition, diet composition, and diet 

digestibility, and investigate how these measures are similar or different throughout 

environments or seasons. Studies investigating the relationships of microbiome, diet, or animal 

health in wild or free-roaming herbivores are becoming more common (e.g., Bergmann et al. 

2015, Kartzinel et al. 2019, Li et al. 2019, Yao et al. 2019). However, my dissertation 

specifically adds to the literature on this topic by exploring these microbial relationships in 

pronghorn, a previously understudied species in microbiome literature. The literature regarding 

the gut microbiome composition of pronghorn is limited, and the previous literature on the topic 

is specific to anaerobic fungi (Liggenstoffer et al. 2010) and rumen protozoa (Dehority 1995). To 

my knowledge, no one had previously investigated the bacterial composition of the pronghorn 

microbiome. In addition to documenting the core bacteria present in the gut microbiota of 
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pronghorn, I investigated the relationships between microbial composition, capture period, 

location, and intrinsic measures such as disease status and body condition, novel topics for 

pronghorn.  

While there is a large body of literature regarding microbial composition (Kobayashi et 

al. 2006; Antwis et al. 2018; Salem et al. 2018; Theelen et al. 2021; Zaitseva et al. 2023), diet 

(Hosten et al. 2007; Scasta et al. 2016; King and Schoenecker 2019), and sometimes even the 

relationships between these metrics in domestic (Willing et al. 2009; Hansen et al. 2015; 

Fernandes et al. 2021) and free-roaming (Kartzinel et al. 2019; Li et al. 2019) equids, my 

research is unique in the large geographic scale at which I evaluated relationships between these 

factors. Previous research on stabled and pastured domestic horses has revealed that season can 

affect the composition of the gut microbiome (Kobayashi et al. 2006; Salem et al. 2018; 

Fernandes et al. 2021; Theelen et al. 2021; Zaitseva et al. 2023). In addition, in a study of 

Przewalski’s horses (E. ferus przewalskii) grazing on nature reserves, researchers found variation 

in microbial communities in animals of different herds or locations, which they hypothesized 

may be linked to different plant species in different environments (Li et al. 2019). Indeed, 

microbial composition and diet have been linked in domestic horses (Willing et al. 2009; Hansen 

et al. 2015; Fernandes et al. 2021). While many of these previous studies are limited in the 

number of animals or geographic scale of their research, I build upon these studies by 

investigating the composition of diet and microbiome in hundreds of free-roaming horses across 

a wide geographical extent of the western United States. In addition, free-roaming horses in my 

study were residing in and foraging on relatively wild rangelands whereas in many of these 

previous studies animals were fed hay or concentrate feeds or kept on pastures with limited 

forage diversity (but see Li et al. 2019, Zaitseva et al. 2023). I first explored the seasonality and 
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spatial variation of diet and microbial composition at herd level and range-wide scales. I also 

investigated links between diet, microbial composition, body condition, and fecal particle size, a 

proxy for diet digestibility. I considered the potential efficacy of physiological measurements 

such as fecal particle size or microbial composition as biomarkers by investigating relationships 

between these measures and animal health metrics such as diet composition or body condition. 

Overall, I aimed to understand the physiologic relationships between herbivores, 

microbes, and forages to understand potential mechanisms pronghorn and free-roaming horses 

use to adapt to novel environments and investigate potential traits that could serve as informative 

biomarkers. Identifying differing microbial communities in pronghorn or free-roaming horses 

within distinct study areas or seasons could provide evidence to support the hypothesis that 

locally adapted microbial communities assist animals in adapting to diverse environments. These 

findings could offer support for future efforts to conduct research into fecal transplants or 

probiotics to increase wildlife fitness during relocations and translocations, or to bolster resident 

populations during stressful events such as disease outbreaks.  
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ABSTRACT 

Host microbial communities (hereafter, the ‘microbiome’) are recognized as an important aspect 

of host health and are gaining attention as a useful biomarker to understand the ecology and 

demographics of wildlife populations. Several studies indicate that the microbiome may 

contribute to the adaptive capacity of animals to changing environments associated with 

increasing habitat fragmentation and rapid climate change. To this end, we investigated the gut 

microbiome of pronghorn (Antilocapra americana), an iconic species in an environment that is 

undergoing both climatic and anthropogenic change. The bacterial composition of the pronghorn 

gut microbiome has yet to be described in the literature, and thus our study provides important 

baseline information about this species. We used 16S rRNA amplicon sequencing of fecal 

samples to characterize the gut microbiome of pronghorn—a facultative sagebrush (Artemisia 

spp.) specialist in many regions where they occur in western North America. We collected fecal 

pellets from 159 captured female pronghorn from four herds in the Red Desert of Wyoming 

during winters of 2013 and 2014. We found small, but significant differences in diversity of the 

gut microbiome relative to study area, capture period, and body fat measurements. In addition, 

we found a difference in gut microbiome composition in pronghorn across two regions separated 

by Interstate 80. Results indicated that the fecal microbiome may be a potential biomarker for the 
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spatial ecology of free-ranging ungulates. The core gut microbiome of these animals—including 

bacteria in the phyla Firmicutes (now Bacillota) and Bacteroidota—remained relatively stable 

across populations and biological metrics. These findings provide a baseline for the gut 

microbiome of pronghorn that could potentially be used as a target in monitoring health and 

population structure of pronghorn relative to habitat fragmentation, climate change, and 

management practices.  

INTRODUCTION 

Species do not exist in isolation, but rather experience interactions with a myriad of other 

species, including microorganisms. In a growing number of publications, individuals are viewed 

as a holobiont—a combination of the host and associated microbes, rather than a standalone 

organism (reviewed in [1]). Holobionts possess a hologenome, which is the sum of the host and 

microbial genomes [1]. Understanding how organisms function as a holobiont underpins 

symbiotic relationships that contribute to host physiology and demographics. The composition of 

the microbiome can influence many bodily processes, including immunity (reviewed in [2, 3]) 

and reproduction (reviewed in [4]). Specifically, the gut microbiome- or the microorganisms 

living in the digestive tract of an animal host - can have a large influence on processes related to 

digestion and nutrient absorption. To illustrate, the importance of symbiotic microbial genomes 

for cellulose digestion in mammalian herbivores has long been known [5, 6]. Growing research 

has recently revealed other important health effects of microbial symbionts. For example, the gut 

microbiome has been linked to feed efficiency in livestock [7-9], and studies in both house mice 

(Mus musculus) and humans (Homo sapiens) have established links between gut microbiome 

composition and fat deposition, body condition, and metabolism [10-15]. Microbes also may 

grant host species the ability to degrade secondary metabolites in plant foods, as seen in greater 



11 

 

sage-grouse (Centrocercus urophasianus [16]), several insect species (see examples in [17]), and 

woodrats (Neotoma lepida [18]).  

While host-microbiome relationships are known to influence host health in humans, 

livestock, and model organisms and can potentially influence the management of wildlife species 

worldwide [19], fewer studies have investigated the influence of the microbiome on the health of 

wild animals [20]. Wild animals are more difficult to study because they often inhabit remote 

locations, and study conditions are difficult to control relative to laboratory environments. 

However, wild animals have been shown to possess distinct gut microbiomes from their captive 

or domestic counterparts [21-25]. As native landscapes undergo increasing conversion, 

fragmentation, and rapid climate change, microbial plasticity may confer greater adaptive 

capacity among host animals to mitigate deleterious effects [19, 26-27]. Although common in 

humans and agricultural applications, probiotic treatments may also represent a management tool 

for wildlife species [19, 28]. Additionally, recent research has explored topical applications of 

microbes to fight infectious diseases in bats [29] and amphibians [30] and evaluated the potential 

to use other strains of bacteria as wildlife gut probiotics [31]. Studies of host-microbiome 

interactions in wildlife could prove informative, particularly in habitats undergoing a change in 

land use. 

Rangelands in the Intermountain West—which are dominated by sagebrush (Artemisia 

spp.)—serve as an ideal location to study wild microbiomes and their effects on host health in a 

rapidly changing landscape. The sagebrush steppe ecosystem covers a large portion of terrestrial 

North America. However, it has been reduced to 56% of its historic extent due to anthropogenic 

development, conversion to cropland, invasion of non-native plants, and conifer encroachment 

[32, 33]. Sagebrush species along with other woody plants in this ecosystem (e.g., bitterbrush 
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[Purshia tridentata], rabbitbrush [Chrysothamnus spp.], greasewood [Sarcobatus vermiculatus], 

saltbushes [Atriplex spp.], and junipers [Juniperus spp.]) are defended with potentially toxic 

chemicals [34-42]. Greater and Gunnison sage-grouse (Centrocercus spp.), pygmy rabbits 

(Brachylagus idahoensis), and pronghorn (Antilocapra americana) represent the relatively few 

vertebrate herbivores able to consume large amounts of sagebrush. Sagebrush can comprise 

nearly 100% of the diet of pygmy rabbits and sage-grouse in winter [43, 44]. These species have 

known physiological adaptations that explain their tolerance to sagebrush toxins [44-47] 

including the gut microbiota in sage-grouse that may degrade toxins [16]. While sagebrush may 

also dominate the diets of pronghorn [48-51], they can also subsist on grasses and forbs [51, 52]. 

Pronghorn can also shift to entirely different chemically-defended shrubs (e.g., rabbitbrush) 

when habitat fragmentation and degradation alters shrub communities [53]. Unlike other 

sagebrush specialists, the ruminant digestion [54], migratory behavior [55- 57], and observed 

dietary plasticity [53] of pronghorn may result in unique microbial communities and adaptations. 

As landscapes continue to change, there is a need to understand the relationships between 

hosts, their microbial symbionts, and the environment. Here, we studied the gut microbiome of 

pronghorn, an endemic and iconic big game species of the American West with considerable 

ecological and economic value that reside largely in the sagebrush steppe. While the species’ 

population size is lower than historical levels (i.e., before westward expansion), there are around 

900,000 pronghorn as of 2017, and recent population trends are stable or increasing [58, 59]. 

However, some areas have seen local declines in pronghorn populations [58, 60-62]. Several 

anthropogenic factors create disturbance that pronghorn avoid and sometimes increase mortality 

for pronghorn, including fencing [63-68], livestock agriculture [57], human development [69], 

roads [67-72], and energy development [64, 67, 72-74]. Environmental factors such as harsh 
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winters or climatic changes [61, 62, 75, 76], disease [77], and coyote (Canis latrans) predation of 

fawns [78] can also negatively affect pronghorn populations. Epizootic Hemorrhagic Disease 

(EHD) and Bluetongue Virus (BTV) are two hemorrhagic diseases of pronghorn and other 

ungulates that can cause large die off events of animals [77, 79, 80], with one outbreak of BTV 

killing an estimated 3,200 pronghorn [77]. Pronghorn with higher body condition scores have 

been shown to be more resilient to harsh winters [75], and populations in better overall health 

and body condition likely will be more resilient to multiple stressors. Body condition has been 

positively related to population growth in bighorn sheep (Ovis canadensis [81]) and mule deer 

(Odocoileus hemionus [82]). Because gut microbiome composition has been related to feed 

efficiency and various measures of production in livestock [7-9], it is possible that gut 

microbiome composition could serve as a potential bio-indicator in wildlife populations as well. 

Indeed, work in mule deer has shown relationships between specific bacteria taxa and health 

metrics relating to protein and fat storage [83]. 

With the exception of studies evaluating protozoa in the rumen [84] and gut anaerobic 

fungi [85], the pronghorn gut microbiome has not been studied. To our knowledge, our study is 

the first to characterize bacterial gut microbiome communities in pronghorn. Here, we use fecal 

samples to describe the gut microbiome community in pronghorn and provide novel, baseline 

information on the core bacterial gut microbiome that can be used in future studies to compare 

with pronghorn residing in different environments, during different seasons, or after 

experiencing predicted future climatic or anthropogenic changes. In addition to this objective, we 

explored the relationships between gut microbiome composition and environmental (location, 

time of year), life history (age, body mass, body condition), and health (disease status for EHD 

and BTV) metrics. Prior to our study, body condition was assessed and related to the survival of 
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individual pronghorn [75]; we build on this previous work by investigating potential 

relationships between gut microbiome and body condition, with the goal of identifying a 

potential mechanism that may influence pronghorn survival. Based on previous literature 

regarding the relationships between microbiome and body condition [10-15], immunity 

(reviewed in [2, 3]), or environment [83, 86], we predicted pronghorn with differing body 

condition, serum disease status, or location would have different gut microbiome composition. 

Because limited work has been done on the pronghorn gut microbiome, our analyses were 

exploratory and descriptive in nature, with the goal of providing information for more targeted 

future research endeavors.  

METHODS 

Study Area and Capture Methods: 

Our study used legacy samples and data collected from live-captured pronghorn in 2013 and 

2014 from four study areas in south-central Wyoming: Baggs, Bitter Creek, Continental Divide-

Creston Junction (hereafter CDC), and Red Desert (Fig 1). The focus of this earlier study was to 

better understand how environmental and intrinsic factors and anthropogenic stressors affected 

pronghorn survival and seasonal habitat selection during daytime and nighttime by those 

pronghorn populations. The four study areas occurred within the Red Desert, an iconic landscape 

for pronghorn, where populations were declining in the face of environmental and anthropogenic 

changes including increasing energy infrastructure. Thus, the study areas from which we 

obtained legacy samples were selected to meet the objectives for this earlier research, which are 

further described in Reinking et al. 2018 and 2019 [67, 75]. The predominant vegetation 

community within these study areas was Wyoming big sagebrush (A. tridentata wyomingensis) 

with an herbaceous understory of perennial grasses and forbs. Low lying areas with alkaline or 
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saline soils were dominated by black greasewood (S. vermiculatus) and Gardner’s saltbush 

(Atriplex gardneri). In contrast, higher elevation areas were dominated by mountain big 

sagebrush (A. t. vaseyana), mixed shrub communities, and stands of aspen (Populus 

tremuloides). Other wildlife species common in the area included American badgers (Taxidea 

taxus), common raven (Corvus corax), elk (Cervus canadensis), greater sage-grouse, (C. 

urophasianus), mule deer (O. hemionus), sage thrasher (Oreoscoptes montanus), and white-tailed 

jackrabbit (Lepus townsendii). The topography of the area included sand deserts, rolling hills, 

badlands, and buttes. Oil and natural gas extraction, livestock grazing, and big game hunting 

were major land uses. For further information about the study areas, see [67, 75]. 

We captured 167 adult female pronghorn in November 2013 (n = 116), February 2014 (n 

= 13), and November 2014 (n = 38) [67, 75]. We used 159 samples in our analyses (n = 111 from 

November 2013, n = 13 from February 2014, and n = 35 from November 2014). For more 

information about the number of animals captured from each area in each capture period, see 

Table A in S1 Appendix. We captured pronghorn using helicopter net-gunning following the 

procedures of Jacques et al. [87] to reduce stress and capture-related mortality. During capture, 

we weighed animals to the nearest 0.1 kg and estimated age in half-year increments based on 

tooth eruption and wear [88]. A previous study corrected estimated age for this same group of 

animals based on cementum annuli analysis from dead animals [75]. Here, we applied the same 

correction factor to our age estimates to test whether this corrected age metric produced different 

results from estimated age. In addition, we measured the thickness of subcutaneous fat (mm) 

directly cranial to the cranial process of the tuber ischium [89] via ultrasound and assigned a 

leanness score based on the depth of the indentation (in inches) between the sacrosciatic ligament 

and caudal vertebrae (hereafter referred to as “ss-ligament”) [75]. We collected fecal samples 
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directly from animals by rectal palpation and froze samples in a chest freezer at -18°C for later 

use. We took blood samples from the jugular vein using an 18-gauge, 2.54-cm needle, and the 

resulting samples were tested for two common diseases in ungulates: (1) Epizootic Hemorrhagic 

Disease (EHD) and (2) Bluetongue Virus (BTV). Blood samples were analyzed by the Wyoming 

Game and Fish Department Wildlife Health Laboratory/Wyoming State Veterinary Laboratory 

(Laramie, WY) to determine disease antibody status for each individual pronghorn for BTV or 

EHD (M. Miller, University of Wyoming, personal communication). We captured pronghorn a 

single time for this study, so data represents animal health at a single point in time. For more 

details on capture protocols, see [67, 75]. Pronghorn capture, handling, and monitoring 

procedures were approved by the Wyoming Game and Fish Department (Chapter 33-923 Permit) 

and the University of Wyoming Institutional Animal Care and Use Committee (protocol 

20131028JB00037). 

Microbial Community Profiling: 

Pronghorn fecal samples were sequenced for gut microbiome composition using 16S rRNA 

amplicon sequencing [90], which involves amplifying the bacterial 16S ribosomal RNA (rRNA) 

gene to determine which bacteria are present in the sample, and in what quantity. The DNA 

extraction, library preparation, and pooling were conducted by the Knight Lab in the Center for 

Microbiome Innovation at the University of California, San Diego (UCSD), and sequencing was 

conducted at the UCSD Institute for Genomic Medicine Genomics Facility using previously 

published methods [91] as described in [92]. Briefly, the Qiagen MagAttract PowerSoil DNA KF 

Kit was used for DNA extraction, in accordance with manufacturer protocols. The 515FB 

forward primer (5’ –GTGYCAGCMGCCGCGGTAA-3’) and the 806RB reverse primer (5’-

GGACTACNVGGGTWTCTAAT-3’) were used to target the V4 region of the bacterial 16S 
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rRNA gene. Samples were amplified in triplicates with 25µL polymerase chain reaction (PCR) 

reactions and then pooled samples before running on an agarose gel. Amplicons were quantified 

using a Quant-iT PicoGreen dsDNA Assay Kit following manufacturer instructions and cleaned 

using MoBio UltraClean PCR Clean-Up Kit following manufacturer instructions [91,92]. The 

laboratory facility included eight extraction blanks for negative controls that contained no sample 

but were processed through their standard extraction and library preparation protocol. 16S 

libraries were sequenced on one lane of an Illumina MiSeq using 2 x 150 bp paired-end 

sequencing. Sequence data was stored under study number 12842 on the Qiita platform [93]. 

Data Analysis: 

We performed data processing and initial analysis using QIIME2 v. 2021.4 [94]. We de-

multiplexed FASTQ files, yielding 173 samples (including 8 blanks) and a total of 3,888,708 

reads (mean read count ± SD =22,478 ± 8,047 including blanks or 23,239 ± 7,209 excluding 

blanks). We performed de-noising and de-replication steps using the Divisive Amplicon 

Denoising Algorithm (DADA2) [95] module within the QIIME2 pipeline. After visual quality 

score inspection, we trimmed reads before base pair 12 and after base pair 150 to maintain high 

quality (Phred Score >30, for >95% of reads). After filtering, the total read count was 2,035,077 

(mean read count ± SD = 12,114 ± 4,082 excluding blanks). Read counts at various steps of the 

DADA2 pipeline can be found in the supporting information (Table B in S1 Appendix). We 

found 3,389 unique amplicon sequence variant (ASV) sequences from this dataset. We used 

SILVA databases (Silva 138 SSURef NR99 515F/806R region sequences Silva 138 SSURef 

NR99 515F/806R region taxonomy and Silva 128 SEPP reference database) [96] to assign 

taxonomy to the species level, using QIIME2.  
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We conducted downstream analysis using R v. 4.3.0. We imported QIIME2 readable files 

(*.qza) into R using the package ‘qiime2R’ (v. 0.99.6) [97]. We used the ‘phyloseq’ package 

(v.1.44.0) [98] to remove non-bacterial (14 ASVs), mitochondrial (10 ASVs), and chloroplast 

(24 ASVs) ASVs, yielding 3341 ASVs. We used the package ‘decontam’ (v.1.20.0) [99] to 

decontaminate the remaining reads using the blanks as negative controls. We then removed 

negative controls and samples with ambiguous metadata, yielding 159 samples and 3,065 ASVs. 

We generated a rarefaction curve (S1 Fig) to determine a rarefaction cutoff of 4,936 reads for 

alpha diversity- or diversity within a sample- analysis, thereby excluding four samples due to 

low read count from alpha diversity analysis. During rarefaction, an additional 273 ASVs were 

removed. We calculated alpha diversity metrics including Simpson’s diversity index, Shannon’s 

diversity index, and observed richness using the ‘phyloseq’ package. For our analyses, we set the 

statistical significance at alpha = 0.10. Our alpha level was higher than the conventional level of 

0.05 that is often used, however, we adjusted to a higher alpha to better align with our more 

exploratory research objectives [100]. We felt that with these objectives in mind, accepting a 

higher false positive (Type I) error rate would allow us lower false negative (Type II) error [101] 

and thus the ability to find more potential patterns that could be explored in future studies. We 

compared alpha diversity metrics across the discrete pronghorn metrics (capture period, study 

area, and disease status) using Kruskal-Wallis tests, because assumptions of normality were not 

met for most comparisons. We made pairwise comparisons using a pairwise Wilcoxon test with a 

Bonferroni correction. To evaluate whether continuous life history metrics (age, body weight, 

body condition measures) were correlated with measures of alpha diversity, we performed 

Spearman’s rank correlations between alpha diversity metrics and these continuous metadata 

metrics. Because some samples were missing capture data for certain metrics, we ran each 



19 

 

analysis on the maximum number of samples possible of the 155 rarified samples that contained 

complete information for the chosen metric. As later analyses showed the presence of 

interactions, we conducted additional alpha diversity analyses within subsets of our groups. A 

description of these analyses and results can be found in Appendix 2 (S2 Appendix). We also ran 

linear regression models to look at the effect of the combined pronghorn metrics on observed 

richness. Details of this analysis can be found in Appendix 2 (S2 Appendix).  

For analysis of beta diversity—or the differences in the diversity of species between 

ecosystems in a similar area—we transformed the read counts of our non-rarefied data to relative 

abundance. We divided the number of reads for each taxon within a sample by the total number 

of reads for that sample. We also log-transformed our data to test whether trends were any 

stronger when relative abundance was represented on a logarithmic scale to account for 

dominance of a few ASVs. However, patterns that we found mirrored results on the original 

scale (Table H and I in S3 Appendix) and we chose to report our non-log transformed data for 

more intuitive interpretation. For more information on log-transformation and analysis see 

Appendix 3 (S3 Appendix). To visualize gut microbiome differences among pronghorn for each 

metric, we generated ordination plots using Principal Coordinate Analysis (PCoA) using the 

Bray Curtis dissimilarity metric and included all 159 samples. In addition, we used the envfit() 

function in the ‘vegan’ package (v. 2.6.4) [102], to investigate how continuous values of age, 

weight, and ss-ligament were related to explanatory PCoA axes. We performed permutational 

multivariate ANOVA (PERMANOVA) tests with 999 permutations using the adonis2 function 

[103] in the ‘vegan’ package, also using Bray Curtis as a distance metric.  

As our study was somewhat exploratory in nature, we completed a two-phase analysis to 

better understand important patterns. We first performed PERMANOVA tests on pronghorn 
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metadata metrics individually to test for differences (p < 0.100), with continuous variables 

binned to allow for comparisons among groups. In the second phase, for each metric of interest, 

we chose one of the variables representing each pronghorn metric for input into a model, 

avoiding inputting multiple factors that represented the same metadata metric. Our combined 

PERMANOVA investigated the marginal effects of the different metrics and included study 

area; BTV status; EHD status; weight by 5-kg increments; age by young, middle age, and old 

groupings; and ss-ligament. We also performed the combined PERMANOVA with interactions 

between study area and the pronghorn intrinsic measures to investigate if the relationships 

between pronghorn gut microbiome and pronghorn age, disease status, body fat, weight, or age 

varied in different study locations. For more information on initial exploratory analysis, binning, 

and choice of factors for our second phase of analysis see Appendix 3 (S3 Appendix).  

To ease the interpretation of the effects of the continuous pronghorn metrics of age, 

weight, and ss-ligament, we also performed a Redundancy Analysis (RDA). We centered and 

standardized the variables of age, weight, and ss-ligament using the decostand() function in the 

‘vegan’ [102] package. We transformed the relative abundance of the microbial community 

using the Hellinger transformation to avoid issues of double zeros in community abundance data 

increasing the similarity between sites [104]. We performed RDA analysis both with the reduced 

set of continuous metrics of age, weight, and ss-ligament as well as the full set of metrics 

including discrete variables of study area, EHD status, and BTV status. After performing the 

RDA, we calculated the adjusted R² to correct for our number of explanatory variables using the 

RsquareAdj() function in the ‘vegan’ package [102] and determine the amount of variance 

explained.  
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RESULTS 

Pronghorn Life History, Environmental, and Health Metrics 

Our final data set included information from 159 pronghorn. Of these, 30 animals (18.87%) were 

positive for EHD and 21 animals (13.21%) were positive for BTV. We included 45 animals in 

Baggs, 45 in Red Desert, 22 in CDC, and 47 in Bitter Creek study areas. Pronghorn ages ranged 

from 1 to 12 years, while our corrected pronghorn ages ranged from 2.80 to 11.44 years. 

Pronghorn weights ranged from 39.66 to 59.46 kg. The measures for indentation of ss-ligament 

ranged from 0-3.81 cm (0-1.50 inches), with higher values indicating a greater depression above 

the sacrosciatic ligament (i.e., less body fat padding this area). Measurements for maximum 

rump fat thickness ranged from 0 to 7 mm. For more information about pronghorn metric values 

within each study area see Supplemental Table C (Table C in S1 Appendix)  

Microbiome Composition 

Bacterial composition of pronghorn fecal samples included 23 phyla, 35 classes, 83 orders, 143 

families, 267 genera, and 308 species (Table 1). Composition of the bacterial community was 

dominated by the phyla Firmicutes (now Bacillota), followed by Bacteroidota across all study 

areas (Fig 2). Even at finer taxonomic levels (e.g., Family), 15 core bacterial groups dominated 

the community and represented approximately 95% of our assigned reads (Table 1). The 

composition of bacterial phyla, classes, orders, and families was similar across samples from 

different study areas (Figs 2-5). Common families included Bacteroidaceae, Christensenellaceae, 

Lachnospiraceae, Oscillospiraceae, and Ruminococcaceae (Fig 5). We observed this similar 

pattern of dominant bacterial groups when we grouped samples by other metrics (S2-4 Fig), 

albeit with variation among individuals (S5 Fig). 

Alpha diversity 
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We found few statistical differences when assessing alpha diversity relative to pronghorn 

metrics. For our discrete metrics, we found differences (p < 0.100) in all alpha diversity metrics 

between the different capture periods (Table 2) with November 2013 samples having higher 

Shannon and Simpson indices compared to both November 2014 and February 2014 samples, 

and November 2013 and 2014 samples having higher observed richness than February 2014 

samples (Table 3, Fig 6A). The study area did not affect this general pattern observed between 

capture periods (Fig 6B). For animals that were either north or south of Interstate 80 (I-80), we 

found Shannon’s diversity index (mean ± SE: north = 4.334 ± 0.034, south = 4.412 ± 0.032) and 

observed richness measures (north = 186.281 ± 5.653, south = 201.099 ± 5.017) were different 

(Table 2), with animals south of the highway having higher alpha diversity (Table 3, Fig 6C). 

Simpson’s diversity index did not differ between pronghorn north or south of I-80, while no 

diversity indices differed between animals in different study areas or with differing disease 

statuses (Table 2). We did not observe strong correlations with alpha diversity metrics and any of 

our continuous life history metrics of age, weight, and body condition (Table 4). The models 

used to evaluate the combined effects of pronghorn metrics on alpha diversity supported the 

results we found when looking at metrics singularly (S2 Appendix). Pronghorn north and south 

of I-80 showed overall similar relationships between alpha diversity metrics and pronghorn 

metrics with some slight differences (S2 Appendix). 

Beta diversity 

We found that the first two axes of PCoA using the Bray Curtis distance for ordinations 

accounted for 13.6% (7.6% and 6.0% respectively) of the variation among our samples (Fig 7). 

When we visualized with PCoA ordination plots, microbial communities appeared to group 

clearly when partitioned by study area (Fig 7A) in addition to whether a study area was north or 
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south of I-80 (Fig 7A; note shape beta dispersion). None of the continuous life history metrics of 

age, weight, or ss-ligament were related to our PCoA axes 1 and 2 (Fig 7B). While we observed 

some separation between the November 2014 group compared to November 2013 and February 

2014 groups (Fig 7C), it is difficult to attribute this solely to a capture period effect, as the 

November 2014 group was dominated by individuals from the CDC study area, and there was 

only a single capture period at this location (Table A in S1 Appendix).  

Our first phase of PERMANOVA analysis indicated differences based on the study area, 

location north or south of I-80, capture period and season, EHD status, and ss-ligament (Table H 

in S3 Appendix) when run as single metrics. This first stage of analysis also indicated that the 

best explanatory variable for location was study area versus whether the area was north or south 

of I-80, although both were highly significant (p = 0.001; Table H in S3 Appendix). For more 

information on the results of the first phase of PERMANOVA and our choice of metrics for our 

second phase of analysis see Appendix 3 (S3 Appendix). 

In the second phase of analysis, where we combined the study area, ss-ligament, 

categorical age, binned weights, BTV, and EHD metrics together into a PERMANOVA testing 

for marginal effect of each variable, we found significant differences only for study area (p = 

0.001; Table 5) with both EHD (p = 0.823) and ss-ligament (p = 0.253) no longer important 

when the marginal effects of other variables were accounted for (Table 5). When we added 

interactions between study area and each pronghorn intrinsic metric, we found the interaction 

between study area and ss-ligament (p = 0.035) and study area and age (p = 0.077) to be 

important (p < 0.100), while interactions between study area and either BTV (p = 0.691), EHD 

(p = 0.643), or weight (p = 0.800) were not significant (Table 5). This indicated that the effect of 

age or ss-ligament may differ across study areas, so we subset our data by study area to explore 
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this. Further PERMANOVAs within subsets of single study areas showed that within the Red 

Desert study area, there were differences in the microbiome of pronghorn of different ages (p = 

0.029, Table M in S4 Appendix). However, we found no differences related to age within other 

study areas (Tables J, K, and L in S4 Appendix). Ss-ligament was not statistically related to the 

microbiome composition within any subset of a single study area (Tables J, K, L, and M in S4 

Appendix). Results of analyses on subsets of single study areas are detailed in Appendix 4 (S4 

Appendix). 

When we completed RDA modeling including only continuous variables of age, weight, 

and ss-ligament, we did not produce a significant model (p = 0.889). However, when we added 

study area, EHD status, and BTV status, a significant model (p = 0.001) resulted with the 

variables for study area (p = 0.001) and EHD status (p = 0.050) being important. (p < 0.100). 

However, the effects were subtle with only 8.8% (3.1% adjusted) of the microbial community 

composition explained by our included pronghorn life metrics. Overall, the results from our 

RDA analysis support the results from the PERMANOVA, with the study area showing a 

significant effect but only explaining a small portion of the variation in the gut microbiome 

community.  

DISCUSSION 

To our knowledge, this is the first study of the bacterial gut microbiome of pronghorn. Thus, our 

first objective was to describe the gut microbial composition. We found that the core 

microbiome—or the set of microbes that are characteristic of a specific environment or host 

species—exhibited high consistency in pronghorn in the Red Desert. The phyla Firmicutes (now 

Bacillota) and Bacteroidota dominated pronghorn gut microbiomes across all study areas. Even 

at finer taxonomic scales (e.g., order, class, family, and genus), we saw a similar group of 10-15 
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bacterial ASVs constituting the majority (>95%) of the gut microbiome in these animals, with 

the composition similar when animals were grouped by various metrics. These results agree with 

other gut microbiome studies of North American wild and domestic herbivores, which 

demonstrate Firmicutes and Bacteroidota make up a large proportion of the gut microbiome [7, 

8, 83, 105]. Previous studies have shown both of these phyla to be important in breaking down 

complex carbohydrates [106]. Bacteroidota tend to be more important for polysaccharide 

breakdown [107] as evidenced by their evolution of polysaccharide utilization loci [108], while 

various Firmicutes have shown to be integral to cellulose degradation [109]. As previous 

literature on the pronghorn bacterial gut microbiome is lacking, and pronghorn are not listed 

within the existing Animal Microbiome Database [110], our analysis is a foundational descriptor 

of the pronghorn gut microbiome as represented by fecal samples, providing a novel starting 

point for future research endeavors. In relation to our second objective, we found relationships 

between pronghorn gut microbiome composition and both study area and capture period, while 

relationships between gut microbiome composition and life history and health metrics had more 

subtle effects. 

Similarities in gut microbial communities of animals within the same geographic area and 

differences between animals in different geographic areas may be attributed to interactions with 

conspecifics, similar habitats (plants available or environmental conditions), or both. Our finding 

of beta diversity differences between study areas is supported by both our PERMANOVA and 

RDA results and agrees with previous studies in wild mammals. For example, differences have 

been found in the gut microbiomes of mule deer in different seasons and geographic locations 

[83] and brown bears (Ursus arctos) living under different environmental conditions [86]. 

Additionally, studies in equines [111], baboons (Papio cynocephalus) [112], and humans [113] 
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have shown that an animal’s gut and other microbiomes can be affected by social interactions 

(review in [114]). We also observed differences in alpha and beta diversity when our study 

animals were grouped into those individuals occurring north or south of I-80 (Table 2, Fig 7A, 

and Table H in S3 Appendix). Highways with higher traffic levels or non-wildlife-friendly 

fencing can become complete barriers to pronghorn [64], and I-80 has been identified as a 

largely impermeable barrier to pronghorn movement [115]. The inability of pronghorn to easily 

cross I-80 and acquire microbes from novel environments or conspecifics via social interaction 

may contribute to these different gut microbiome communities (i.e., microbiome dispersal 

limitation). Moeller et al. [116] found that the diversification of gut microbiome composition of 

various mammals was affected by the barrier effect that geographical distance presents to 

bacterial dispersal. In our case, I-80 could be acting as a similar barrier to microbial dispersal in 

pronghorn populations. 

Pronghorn gut microbiome composition differed by capture period in many of our tests. 

While our sample representation from different seasons was not consistent due to the uneven 

sampling nature of the legacy study, capture period and thus season showed differences in gut 

microbiome composition throughout many of our analyses and warrants further investigation in 

future studies. Alpha diversity, as measured by Shannon’s index, Simpson’s index, and observed 

richness, was lower during February 2014 than either one or both November capture periods, 

depending on the chosen diversity measure of interest (Table 3, Fig 6A). This pattern was 

consistent across study areas, with observed richness trending lower in February compared to 

November in the Baggs, Bitter Creek, and Red Desert study areas (Fig 6B). Beta diversity also 

differed by capture period in our single factor PERMAONVAS (Table H is S3 Appendix), with 

November 2014 samples appearing distinct from the other two groups in ordination (Fig 7C). 
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However, because all animals in the CDC study area were captured in November 2014 (Table A 

in S1 Appendix), we cannot attribute this effect solely to the capture period. Our finding of 

potential seasonal effects on the gut microbiome is consistent with findings in mule deer in Utah, 

USA, which were shown to have different gut microbiomes in December as compared to March 

[83]. Although these researchers were unable to establish causal links, they suggested potential 

mechanisms that could explain relationships between select microbial taxa and winter 

physiologic changes of mule deer, such as fat or protein catabolism [83]. Pronghorn also 

experience similar changes across seasons including metabolization of fat stores [117], shifts in 

diet [49, 51, 52], or seasonal behavior changes such as changes in group size [48, 118]. Any of 

these seasonal shifts in pronghorn life history have the potential to influence gut microbiome 

composition, a possible explanation for the differences we observed in alpha and beta diversity 

between capture periods. Unfortunately, we were unable to include capture period, and therefore 

the effect of season, in our combined PERMANOVA and RDA models as some pronghorn 

metrics of interest were not recorded during February captures. The effect of season should be 

investigated in future studies of wild animal gut microbiomes to better understand how microbial 

composition changes across seasons in different species. Identifying which microbial taxa are 

involved in seasonal shifts may prove important to understanding the mechanisms for how host 

animals cope with nutrient scarcity in the winter or could inform research into selecting specific 

microbial taxa for use in probiotic applications or as animal health bio-indicators.  

In addition to geography and season, we investigated relationships between gut 

microbiome composition and animal health markers such as body condition and disease status. 

Previous research has demonstrated links between body condition and gut microbiome 

composition including relationships with feed efficiency in livestock [7- 9] and links between gut 
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microbiome composition and fat deposition, body condition, and metabolism in both mice and 

humans [10-15]. Therefore, we predicted we would see differences in the gut microbiome of 

pronghorn with differing levels of body condition. Ss-ligament, a measure of body condition, 

was previously related to pronghorn survival in our study location [75]. Therefore, we chose this 

specific body condition metric in our analyses because a link between ss-ligament and gut 

microbial composition could show potential for a link between gut microbiome and survival in 

pronghorn. When testing metrics with individual PERMANOVAs, differences in gut 

microbiomes of animals with varying ss-ligament measures seemed to be supported (Table H in 

S3 Appendix). However, our combined PERMANOVA model suggests body condition, as 

indexed by ss-ligament, to have a more context-dependent relationship with gut microbiome 

composition, with the effect of ss-ligament not significant on its own in the combined model, but 

having a significant interaction with study area when interactions were added to the combined 

model (Table 5). In addition, measures of alpha diversity were not correlated with values for 

body condition, except for a subtle relationship within a subset of only animals south of I-80 

(Table F in S2 Appendix). Therefore, while some of our analyses provide support for subtle gut 

microbiome differences in animals of varying body condition, our results do not conclusively 

show a clear link between gut microbiome composition and measures for body condition. 

However, the potentially complex trends we saw warrant further investigation into the 

relationship between gut microbiome and body condition. We saw some support for differences 

in animals with differing EHD status in our single metric PERMANOVAs and RDA, but we did 

not see differences in gut microbiome community related to disease status for BTV or EHD in 

our final PERMANOVA model. In addition, within our alpha diversity analyses we only saw 

alpha diversity differing by disease status in a subset of animals north of I-80 (Table D in S2 



29 

 

Appendix). These results suggest that the pronghorn gut microbiome in our study may be 

resilient across these disease exposures. Similar results regarding disease were found in gut 

microbiomes of moose in Minnesota, with pathogen exposure not predictive of gut microbial 

community. As in our study, pathogens in these moose were detected by serological evidence, 

showing evidence of previous exposure rather than current infection [105]. Similar to the moose 

study, we reason that the lack of consistent disease effect on the gut microbiome could be due to 

animals not having a current infection, or that the animal’s gut microbiomes are resilient to 

pathogen exposure.  

While we did find that gut microbial communities differed based on some of our study 

metrics, these metrics only explained a small amount of the variation in the pronghorn gut 

microbiome. This may be due to the consistency in the core bacteria that dominated the 

pronghorn gut microbiome. This consistency in gut microbiome with only subtle differences may 

be seen because we only evaluated a single species of host animal. A study in seven species of 

woodrats (Neotoma spp.) found that while diet, host phylogeny, and geography collectively 

explained 49% of the variation in the wild woodrat gut microbiome composition, host species 

had the greatest effect, explaining 35% of the variation [119]. Another possibility is that 

individual variation, known to explain large amounts of variation in the gut microbiome in other 

species, was not included in our study. A study of horses that collected multiple samples over 

time from the same animals found large variation among individuals, and individual animal ID 

accounted for about 50% of the variation in the samples [111]. Due to concerns about capture-

related mortality during repeat captures [75], we only implemented a single capture for each 

individual, so we were unable to investigate this effect. However, when assessing the gut 

microbial community of individual animals (S5 Fig), we observed that some individuals 
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possessed gut microbiome compositions divergent from the general patterns. It is possible that 

within pronghorn, gut microbial differences are largely unique for individuals, and thus, we saw 

only subtle differences when comparing grouped animals. In order to properly account for this 

effect, we would need a study design that collects repeated samples from the same individual 

pronghorn. Diet has also been shown to have a large influence on gut microbial composition. 

This is evident when comparing animals with diverse diets and gut types [21], and in 

morphologically similar animals. A study of two similar woodrat species (N. bryanti and N. 

lepida) consuming different plants found that gut microbiome composition was associated with 

the common diet plants of each species [120]. Another study of woodrats found that diet richness 

was correlated with gut microbiome richness, and diet explained 16% of the variation in 

microbial composition [119]. We do not have data regarding the diet of pronghorn in our study, 

however, it is possible that because all captures occurred during the dormant season for plants, 

pronghorn may only have had limited forage availability, thus similar diets, leading to 

similarities in gut microbiomes. Therefore, since our study includes hosts of the same species, 

and we could not include the effect of diet or individuality—all factors that have been shown to 

be highly explanatory of gut microbiome composition—it is logical for our results to only show 

subtle effects. 

CONCLUSIONS 

The microbial community can change and adapt within an animals’ lifetime; thus, microbiome 

changes could enable hosts to adapt more quickly to changing conditions [121]. It has been 

proposed that plasticity in the gut microbiome may lead to greater host adaptation capability for 

wildlife in the face of rapidly changing environments [26]. To our knowledge, our study was the 

first to investigate the bacterial composition of the pronghorn gut microbiome; thus, more data is 
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needed from pronghorn occupying a broader geographic area before conclusions can be made as 

to whether the core gut microbiome we observed in winter in the Red Desert of south-central 

Wyoming is similar across the range of pronghorn, or unique to this population. Our study found 

differing gut microbiome composition in various study areas; if future studies confirm pronghorn 

gut microbiomes continue to differentiate with increasing habitat differences or geographic 

distances, pronghorn may be exhibiting locally adapted gut microbiomes. On the other hand, if 

future studies find microbes in diverse populations are more constrained, it may show there is 

little plasticity potential in the gut microbiome composition of pronghorn, potentially due to 

similarity in host diet composition, host genetics, or both. Furthermore, our study shows that 

movement barriers, such as I-80, may limit a population’s ability to exchange microbes with 

other populations or novel environments, potentially decreasing advantages conferred by 

microbiome plasticity. 

In either scenario, understanding differences or similarities in pronghorn gut 

microbiomes in distinct habitats may have important implications as wildlife managers 

increasingly recognize the value of microbial tools for future management. Scientists are 

discussing the need to consider microbiome composition when reintroducing or translocating 

animals [19, 23, 27]. The potential value of probiotic treatments for wildlife species has been 

discussed [19, 28], with some strains of bacteria being evaluated as wildlife gut probiotics [31]. 

One study identified potential taxa that could serve as bio-indicators for mule deer health [83]. If 

effective, tools based on locally adapted or core gut microbes in any of these capacities, such as 

increasing translocation success, serving as a beneficial probiotic to increase herd health, or 

being used as a biomarker for management, will be valuable not only in pronghorn but also in 

more vulnerable species. We believe that understanding the gut microbiome composition in 
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pronghorn across their range will prove useful as we attempt to manage populations in a time of 

growing human disturbance and environmental change and our study provides a baseline 

understanding of the gut microbiome composition in these iconic herbivores. 
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TABLES  

Table 1. Taxonomic depth and breadth of read assignments. 

 Total 

Members 

Identified 

Percent reads 

assigned to 

depth 

Top 10 (% of 

assigned 

reads) 

Top 15 (% of 

assigned 

reads) 

Top 20 (% of 

assigned 

reads) 

Phylum 23 99.999% 99.995% 99.999% 100% (rounded) 

Class 35 99.994% 99.906% 99.980% 99.998% 

Order 83 98.245% 97.781% 99.251% 99.723% 

Family 143 98.060% 87.324% 95.295% 97.431% 

Genus 267 85.948% 75.053% 84.484% 88.366% 

Species 308 54.486% 61.415% 71.381% 78.034% 

The first two columns indicate the number of members identified at each taxonomic level as well 

as the percentage of total sample reads that were assigned to that taxonomic level. The following 

columns show the percentage of read counts composed by the top 10, 15, or 20 members of the 

community at a given taxonomic level, showing the presence of a core group of microbes. Note: 

when taxonomy was assigned not all amplicon sequence variants (ASVs) could be assigned 

down to each taxonomic level, so percentages in the final three columns are representative of the 

reads that could be assigned to that level. 
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Table 2. Statistical comparison of three alpha diversity metrics among discrete pronghorn 

metrics. 

 n Shannon Simpson Observed Richness 

  χ2 p χ2 p χ2 p 

Study Area 155 3.204 0.361 2.150 0.542 4.433 0.218 

BTV 152 0.587 0.444 0.189 0.663 0.085 0.771 

EHD 152 2.059 0.151 0.214 0.643 1.968 0.161 

I-80 155 2.868 0.090 0.611 0.435 3.648 0.056 

Capture period 155 20.698 <0.001 16.391 < 0.001 12.441 0.002 

Comparisons of Shannon’s diversity index, Simpson’s diversity index, and observed richness in 

the microbial community across pronghorn metrics including study area, BTV and EHD status, 

location relative to I-80, and capture period. Observed richness represents amplicon sequence 

variant (ASV) richness. We report maximum sample sizes (n), available for each metric. To 

maintain consistency in comparisons, we conducted a non-parametric Kruskal-Wallis test (χ2) as 

normality assumptions were not met for all metrics. Significant differences are bolded (p < 

0.100). 
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Table 3. Values for alpha diversity metrics for groups of pronghorn  

  n Shannon Simpson Observed Richness 

Capture period 155    

November 2013 110 4.448 ± 0.025 (a) 0.971 ± 0.001 (a) 
201.882 ± 4.492 (a) 

February 2014 11 4.122 ± 0.079 (b) 0.964 ± 0.003 (b) 
154.000 ± 10.308 (b) 

November 2014 34 4.241 ± 0.051 (b) 0.959 ± 0.003 (b) 

185.912 ± 7.499 (a) 

I-80 155    

North 64 4.334± 0.034 (a) 0.968 ± 0.002 (a) 186.281 ± 5.653 (a) 

South 91 4.412 ± 0.032 (b) 0.968 ± 0.002 (a) 201.099 ± 5.017 (b) 

Values for the above alpha diversity metrics within pronghorn metrics that showed significant 

differences in Kruskal-Wallis tests. Values reported for mean (± SE) during each capture period 

and in areas north or south of I-80. Matching letters denote when values for different capture 

periods or locations relative to I-80 are not significantly different (p > 0.1) using a Wilcoxon 

rank sum test with Bonferroni correction.  
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Table 4. Spearman’s rank correlations (rs) between alpha diversity measures and continuous 

pronghorn life history metrics. 

      Alpha Diversity Metric 

Pronghorn Metric n  Observed 

Richness 

Shannon 

Diversity 

Simpson 

Diversity 

Age 152 
rs 

-0.027 0.015 0.045 

  
p 

0.741 0.854 0.578 

Corrected age 152 
rs 

-0.027 0.015 0.045 

  
p 

0.741 0.854 0.578 

Body weight (kg) 150 
rs 

-0.080 -0.135 -0.138 
 

  
p 

0.329 0.010 0.093 

Ss-ligament 144 
rs 

-0.013 0.038 -0.007 

  
p 

0.875 0.654 0.930 

Max fat 144 
rs 

-0.064 -0.131 -0.087 

  
p 

0.447 0.116 0.298 

Alpha diversity metrics of Shannon diversity index, Simpson diversity index, and observed 

richness and their correlations to age, corrected age, body weight, and body condition metrics. 

Note: although correlation of body weight and both Shannon and Simpson diversity index was 

significant at the alpha = 0.100 level the accompanying correlations were not strong. Significant 

correlations are bolded (p < 0.100). We conducted correlations on the 155 pronghorn included 

in the rarified dataset, ignoring missing observations for each metric of interest. Thus, sample 

size (n) reports the number of observations included for each correlation. 
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Table 5. Model fit statistics from PERMANOVA ran with multiple metrics and multiple metrics 

with interactions. 

Model before interactions 

Term F df R² % Variation attributed P 

Study area 2.752 3 0.059 5.9% 0.001 

EHD 0.845 1 0.006 0.6% 0.823 

SS-ligament 1.036 10 0.074 7.4% 0.253 

BTV 1.004 1 0.007 0.7% 0.423 

Age (young, middle, old) 1.121 2 0.016 1.6% 0.173 

Weight (5 kg increments) 0.931 3 0.020 2.0% 0.761 

Model with interactions 

Term F df R² % Variation attributed P 

Study area 3.097 3 0.066 6.6% 0.001 

EHD 1.166 1 0.008 0.8% 0.150 

SS-ligament 1.057 10 0.075 7.5% 0.191 

BTV 1.102 1 0.008 0.8% 0.225 

Age (young, middle, old) 1.173 2 0.017 1.7% 0.097 

Weight (5 kg increments) 0.943 3 0.020 2.0% 0.698 

Study Area x EHD 0.955 3 0.020 2.0% 0.643 

Study Area x SS-ligament 1.088 18 0.138 13.8% 0.035 

Study Area x BTV 0.942 3 0.020 2.0% 0.691 

Study Area x Age (young, 

middle, old) 

1.106 6 0.047 4.7% 0.077 
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Study Area x Weight (5 kg 

increments) 

0.950 9 0.060 6.0% 0.800 

Test statistic (F), degrees of freedom (df), R², and p are reported for each metric. Factors 

significant at the p <0.100 level are bolded. Sample size for combined PERMANOVAs was 134. 

When interactions were not present, the PERMANOVA was run to account for the marginal 

effect of each variable. When the model was run with interactions there were significant 

interactions between study area and ss-ligament and study area and age.  
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FIGURES 

Figure 1. Map of study area locations. 

Location of the Red Desert, Continental Divide-Creston (CDC), Baggs, and Bitter Creek study 

areas with pronghorn numbers in each study area listed. Study area boundaries were delineated 

using a 100% minimum convex polygon including the pronghorn locations recorded within each 

study area.  
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Figure 2. Pronghorn microbiome composition represented by phylum relative abundance. 

Phyla relative abundance is grouped and visualized by study area and location relative to 

Interstate 80 (I-80). The top 3 phyla depicted represent 99.382% of the assigned amplicon 

sequence variants (ASVs) present in our samples. 
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Figure 3. Pronghorn microbiome composition represented by class relative abundance. 

Class relative abundance is grouped and visualized by study area and location relative to 

Interstate 80. The top 5 classes depicted represent 99.355% of the assigned amplicon sequence 

variants (ASVs) present in our samples. 
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Figure 4. Pronghorn microbiome composition represented by order relative abundance. 

Order relative abundance is grouped and visualized by study area and location relative to 

Interstate 80 (I-80). The top 10 orders depicted represent 97.781% of the assigned amplicon 

sequence variants (ASVs) present in our samples (Table 1). 
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Figure 5. Pronghorn microbiome composition represented by family relative abundance. 

Family relative abundance is grouped and visualized by study area and location relative to 

Interstate 80. The top 15 families depicted represent 95.295% of the assigned amplicon sequence 

variants (ASVs) present (Table 1). 
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Figure 6. Visualization of alpha diversity differences amongst pronghorn study metrics. 

 A) Observed richness for pronghorn captured during 3 capture periods (p = 0.002) with animals 

captured in February 2014 having lower observed richness than animals captured during both 

November periods. Differing numbers of * indicate significant differences (p < 0.100). B) The 

same visualization, now showing that trend of lower alpha diversity in February 2014 was 

consistent across study areas. C) Animals south of Interstate 80 (I-80) exhibited higher observed 

richness than animals north of I-80 (p = 0.070), study areas within are depicted by different 

colors. 
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Figure 7. PCoA ordinations using Bray-Curtis Dissimilarity measure. 

Data represent counts transformed to relative abundance without rare taxa removed and are 

grouped by (A) study area with ellipses of 95% CI, (B) study area with vectors representing 

continuous variables of explanatory pronghorn life history metrics of age, ss-ligament, and 

weight, and (C) capture period with ellipses of 95% CI. The first two axes explain 13.6% of the 

variation in the samples. Note in 7A that Baggs and Bitter Creek (south of Interstate 80, plus 

signs) are more similar and Continental Divide-Creston (CDC) and Red Desert (north of 

Interstate 80, circles) are more similar. 7B shows the addition of vectors representing age, 

weight, and ss-ligament, however these were not significantly related to PCoA axis 1 or 2.  
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SUPPORTING INFORMATION 

S1 Table. Pronghorn metadata. This is a large data frame. To access the file, please see 

https://github.com/courtney-buchanan/Pronghorn_microbiome  
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S1 Fig. Rarefaction curve. 

Dotted line shows the chosen rarefaction point of 4936 reads per sample. Samples are color 

coded by study area, so we could be assured samples dropped in the rarefaction step were not all 

from the same location. 
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S2 Fig. Pronghorn microbiome composition represented by family relative abundance and 

grouped by body condition. 

Family relative abundance is grouped and visualized by ss-ligament (measured in inches of 

depression). Top 15 families depicted make up 95.295% of the assigned amplicon sequence 

variants (ASVs) present. Larger values for ss-ligament represent leaner animals. 
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S3 Fig. Pronghorn microbiome composition represented by family relative abundance and 

grouped by capture period. 

Family relative abundance is grouped and visualized by capture period. Top 15 families depicted 

make up 95.295% of the assigned amplicon sequence variants (ASVs) present. 
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S4 Fig. Pronghorn microbiome composition represented by family relative abundance and 

grouped by location relative to Interstate-80. 

Family relative abundance is grouped and visualized by location relative to Interstate 80. Top 15 

families depicted make up 95.295% of the assigned amplicon sequence variants (ASVs) present. 
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S5 Fig. Pronghorn microbiome composition for individual samples represented by family 

relative abundance. 

Top 15 families present in the pronghorn microbiome for each individual animal’s sample. The 

top 15 families depicted make up 95.295% of the assigned amplicon sequence variants (ASVs) 

present (Table 1).  
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S1 Appendix: Other Tables 

Table A. Pronghorn captures by time period and study area. 

  November 2013 February 2014 November 2014 Total 

Baggs 36 4 5 45 

Bitter Creek 39 3 5 47 

CDC 0 0 22 22 

Red Desert 36 6 3 45 

Total 111 13 35 159 

Capture data showing where and when the 159 animals that yielded fecal samples used in this 

study were captured. 
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Table B. Read count remaining after the various steps in the DADA 2 pipeline in QIIME 

process.  

 Initial After filter De-noised Merged Non-Chimeric 

Read count 3,888,708 3,326,145 3,225,577 2,349,642 2,035,077 

Percentage 100% 85.5% 82.9% 60.4% 52.3% 

 Initial read counts are shown as well as read counts after filtering, de-noising, merging, and 

removing chimeras throughout the DADA2 pipeline. 
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Table C. Pronghorn metrics by study area. 

  Baggs Bitter Creek CDC Red Desert Total of all areas 

Number 

pronghorn (n) 

45 47 22 45 159 

Positive for EHD 11 (24.22%) 13 (27.66%) 2 (9.09%) 4 (8.89%) 30 (18.87%) 

Positive for BTV 7(15.56%) 7 (14.89%) 1 (4.55%) 6 (13.33%) 21 (13.21%) 

      Range for all areas 

Age 4.54 years 

(± 1.54) 

5.70 years 

(± 2.68) 

6.05 years 

(± 2.60) 

4.92 years 

(± 2.03) 

1-12 years 

Corrected Age 5.57 years 

(± 1.21) 

6.49 years 

(± 2.11) 

6.76 years 

(± 2.04) 

5.88 years 

(± 1.59) 

2.80 - 11.44 years 

Weight 49.11 kg    

(± 3.87) 

48.98 kg    

(± 3.83) 

50.86 kg 

(± 4.68) 

50.16 kg   

(± 3.62) 

39.66 – 59.46 kg 

SS-ligament 1.78 cm     

(± 0.93) 

2.20 cm     

(± 0.88) 

1.88 cm   

(± 1.05) 

1.77 cm   

(± 1.15) 

0- 3.81 cm 

depression 

Maximum fat 

thickness 

1.37 mm 

(±1.85) 

0.80 mm    

(± 1.23) 

1.14 mm 

(± 1.46) 

1.10 mm  

(± 1.64) 

0-7 mm 

Top portion of the table shows the number of pronghorn captured and number positive for each 

disease in each study area, along with total positives among all captured animals. Lower portion 

of the table shows the average value for each metric (+/- SD) for each study area as well as the 

range of values among all animals captured. 
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S2 Appendix: Additional Alpha Diversity Analyses 

To investigate potential differences the relationships of alpha diversity and pronghorn metrics in 

populations north and south of I-80, we repeated our alpha diversity analysis on subsets of the 

data for animals north and south of I-80.  

As in our pronghorn population as a whole, we found that all three alpha diversity metrics 

differed (p < 0.100) between different capture periods in pronghorn populations both north and 

south of I-80 (Table D). North of I-80, the November 2013 captured animals displayed higher 

observed richness and Shannon’s diversity index than February captured pronghorn, and a higher 

Simpson’s diversity index than November 2014 captured animals (Table E). South of I-80, the 

pattern was similar with the November 2013 captured animals having higher observed richness 

than the February captured animals, a higher Simpson’s index than November 2014 captured 

animals, and a higher Shannon’s index than both the February and November 2014 groups 

(Table E). In addition, we found there was a difference in alpha diversity for animals of differing 

BTV status north of I-80 but not in animals south of I-80 (Table D). North of I-80, we found that 

animals that were negative for BTV had a higher alpha diversity, but only as measured by 

Shannon’s diversity index (Table E). 
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Table D. Kruskal-Wallis tests of three alpha diversity metrics of pronghorn gut 

microbiome among discrete pronghorn metrics for animals north and south of I-80 

North of I-80 

  n Shannon Simpson Observed Richness 

    χ2 p χ2 p χ2 p 

Study Area 64 0.243 0.622 1.392 0.238 0.442 0.506 

BTV 64 3.624 0.057 1.750 0.1859 2.569 0.109 

EHD 64 0.013 0.908 0.026 0.872 0.030 0.863 

Capture period 64 5.992 0.050 5.290 0.071 5.146 0.076 

South of I-80 

    χ2 p χ2 p χ2 p 

Study Area 91 0.006 0.937 0.086 0.769 0.287 0.592 

BTV 88 0.188 0.665 0.230 0.632 1.102 0.294 

EHD 88 0.968 0.325 0.022 0.881 1.062 0.303 

Capture period 91 13.631 0.001 11.164 0.004 7.808 0.020 

Comparisons of Shannon’s diversity index, Simpson’s diversity index, and observed richness in 

the microbial community across pronghorn metrics including study area, BTV and EHD status, 

and capture period for animals north and south of I-80. Observed richness represents amplicon 

sequence variant (ASV) richness. We report maximum sample sizes (n), available for each 

metric. To maintain consistency in comparisons, we conducted non-parametric Kruskal-Wallis 

tests (χ2) as normality assumptions were not met for all metrics. Significant differences are 

bolded (p < 0.100). 
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Table E. Values for alpha diversity metrics for sub-groups of pronghorn 

North of I-80 

  n Shannon Simpson Observed Richness 

Capture period 64       

November 2013 35 4.414 ± 0.034 (a) 0.972 ± 0.001 (a) 191.000 ± 7.141 (a) 

February 2014 5 4.131 ± 0.146 (b) 0.964 ± 0.006 (ab) 145.000 ± 11.196 (b) 

November 2014 24 4.257 ± 0.065 (ab) 0.962 ± 0.004 (b) 187.917 ± 10.113 

(ab) 

BTV 64       

Positive 7 4.313 ± 0.016(a) - - 

Negative 57 4.507 ± 0.037 (b) - - 

South of I-80 

  n Shannon Simpson Observed Richness 

Capture period 91       

November 2013 75 4.464 ± 0.034 (a) 0.971 ± 0.002 (a) 206.960 ± 5.618 (a) 

February 2014 6 4.114 ± 0.094 (b) 0.965 ± 0.003 (ab) 161.167 ± 16.835 (b) 

November 2014 10 4.203 ± 0.081 (b) 0.952 ± 0.007(b) 181.100 ± 8.367 (ab) 

Values for the above alpha diversity metrics within pronghorn metrics for pronghorn north and 

south of I-80. Values are reported for mean (± SE) during each capture period and in animals 

positive and negative for BTV (north only) where they differ. Matching letters denote when 

values for different capture periods or BTV status are not significantly different (p > 0.100) using 

a Wilcoxon rank sum test with Bonferroni correction. 
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We also saw slight differences in the correlations between continuous pronghorn metrics and 

alpha diversity measures when looking at the north and south populations separately. In animals 

north of I-80 we saw no correlations between pronghorn metrics and alpha diversity measures 

(Table F). However, in animals south of I-80 we saw that as the measure for maximum fat had a 

negative relationship with both Shannon and Simpson’s Diversity indices, however these 

correlations were not very strong (-0.222 and -0.204 respectively, Table F). 

Overall, these relationships showed only slight differences between animals residing 

north or south of I-80 when compared to the relationships we saw for the population as a whole. 

This would lead us to believe that pronghorn on both sides of I-80 exhibit relationships between 

alpha diversity and capture period. In addition, our results hint at potential relationships that may 

differ in these two populations between the alpha diversity of the gut microbiome and disease 

status for BTV or body condition, as measured by maximum rump fat. It is possible that the 

composition of the gut microbiome experiences different relationships with animal health factors 

in different populations, a possibility that could be explored further in future, more pointed 

studies.   
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Table F. Spearman’s rank correlations (rs) between alpha diversity measures and 

continuous pronghorn life history metrics in animals north and south of I-80. 

North of I-80 

      Alpha Diversity Metric 

Pronghorn Metric n   Observed 

Richness 

Shannon 

Diversity 

Simpson 

Diversity Age 64 rs 0.080 0.082 0.044 

    p 0.529 0.519 0.732 

Corrected age 64 rs 0.080 0.082 0.044 

    p 0.529 0.519 0.732 

Body weight (kg) 60 rs -0.048 -0.126 -0.131 

    p 0.714 0.338 0.317 

Ss-ligament 59 rs -0.115 -0.122 -0.208 

    p 0.384 0.358 0.113 

Max fat 59 rs 0.071 0.020 0.079 

    p 0.594 0.879 0.551 

South of I-80 

Pronghorn Metric n   Observed 

Richness 

Shannon 

Diversity 

Simpson 

Diversity Age 88 rs -0.075 0.006 0.056 

    p 0.490 0.955 0.601 

Corrected age 88 rs -0.075 0.006 0.056 

    p 0.490 0.955 0.601 

Body weight (kg) 90 rs -0.050 -0.107 -0.097 
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    p 0.641 0.317 0.363 

Ss-ligament 85 rs 0.066 0.128 0.133 

    p 0.546 0.244 0.226 

Max fat 85 rs -0.179 -0.222 -0.204 

    p 0.101 0.041 0.061 

 Alpha diversity metrics of Shannon diversity index, Simpson diversity index, and observed 

richness and their correlations to age, corrected age, body weight, and body condition metrics in 

pronghorn both north and south of I-80. Significant correlations are bolded (p < 0.100). We 

conducted correlations on the pronghorn included in the rarified dataset, ignoring missing 

observations for each metric of interest. Thus, sample size (n) reports the number of observations 

included for each correlation. 

 

To look at the combined effects of our pronghorn variables on alpha diversity, we built a series 

of models to look at the effects of the variables together on alpha diversity- specifically observed 

richness. For categorical variables we created a series of dummy variables to represent the effect 

of each. We used November 2013 capture, EHD or BTV negative, south of I-80, and Baggs 

study area as our reference groups when creating dummy variables. We created multiple models 

because, due to confounded variables, we were unable to look at all variable simultaneously. To 

expand on this: study area and capture period are confounded due to all CDC animals being 

captured in November 2014. In addition, our models included only one of either the I-80 variable 

or study area variable at a time, as these represent similar measures. Due to the lack of 

observations for body condition during the February captures we created a model that left out the 
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ss-ligament measure so that we could include observations for all 3 capture periods in this model. 

The models included the following: 

1) Including variables for age, body weight, ss-ligament, I-80 location, capture group (only the 2 

November captures could be represented due to missing ss-ligament values in the February 

captures), BTV status, and EHD status.  

2) Including variables for age, body weight, I-80 location, capture group (all 3 capture periods 

can be represented here), BTV status, and EHD status.   

3) Including variables for age, body weight, ss-ligament, study area, BTV status, and EHD 

status. 

We ran the three models for observed richness using linear regression as assumptions 

were met. We found that our second model was the only informative model (Table G) as Models 

1 and 3 were not significant (Table G). As with our previous alpha diversity tests, in model 2 we 

saw that capture period had an effect. In this model, the variable for the February capture group 

had an effect on alpha diversity with animals captured in February 2014 compared to the first 

large 2013 November capture showing a decrease in observed richness (Table G). We believe 

capture effect was only observed in the second model, as this was the only one in which we were 

able to include all three capture groups. Overall this confirmed what we saw in Table 2 and 3 

with our alpha diversity tests investigating single metrics individually- February 2014 pronghorn 

had lower observed richness values in those analyses as well. In our regression models we did 

not see an effect for other pronghorn metrics on our observed richness measure of alpha 

diversity. Unlike in our pairwise tests, we did not see an effect of I-80 on observed richness. 

Overall, the results generally confirmed the patterns we saw with our alpha diversity correlations 

and pairwise tests, and we did not explore this avenue further. 
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Table G. Models for Observed Richness 

Observed Richness: Model 1 

Multiple R² Adjusted R² F-statistic p-value 

0.045 -0.009 0.832 0.563 

Coefficients:         

  Estimate Standard Error t-value p-value 

Intercept 195.863 55.936 3.502 <0.001 

SS-ligament -3.173 11.097 -0.286 0.775 

Age -1.514 1.098 -0.794 0.429 

Body Weight 0.417 1.118 0.373 0.709 

I-80 (north) -9.981 9.343 -1.068 0.287 

November 2014 Capture -12.106 10.714 -1.130 0.261 

BTV (positive) -4.073 12.415 -0.328 0.743 

EHD (positive) 8.679 11.418 0.760 0.449 

Observed Richness: Model 2 

Multiple R² Adjusted R² F-statistic p-value 

0.111 0.065 2.419 0.023 

Coefficients:         

  Estimate Standard Error t-value p-value 

Intercept 200.499 50.669 3.957 <0.001 

Age -1.657 1.789 -0.926 0.356 

Body Weight 0.292 1.035 0.283 0.778 
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I-80 (north) -10.450 8.463 -1.235 0.219 

February 2014 Capture -50.323 14.955 -3.365 <0.001 

November 2014 Capture -11.549 10.344 -1.117 0.266 

BTV (positive) -5.528 11.638 -0.475 0.636 

EHD (positive) 9.253 10.453 0.887 0.377 

     

Observed Richness: Model 3 

Multiple R² Adjusted R² F-statistic p-value 

0.036 -0.026 0.576 0.796 

Coefficients:         

  Estimate Standard Error t-value p-value 

Intercept 204.109 56.343 3.623 <0.001 

SS-ligament -1.689 11.337 -0.149 0.882 

Age -1.526 1.969 -0.775 0.440 

Body Weight 0.243 1.119 0.217 0.828 

Bitter Creek Study Area -4.064 11.090 -0.366 0.715 

CDC Study Area -16.063 13.661 -1.176 0.242 

Red Desert Study Area -14.871 11.709 -1.270 0.206 

BTV (positive) -1.228 12.375 -0.099 0.921 

EHD (positive) 6.640 11.401 0.582 0.561 
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S3 Appendix: Single metric PERMANOVAS 

To better understand the biological relevance of microbiome differences in various groups of 

animals in our comparisons, we binned values for continuous metrics to observe where patterns 

occurred. Pronghorn weights ranged from 39.66 to 59.46 kg and we grouped animals by quartile 

(<46.77, 46.77-49.22, 49.26-51.96, and >51.96), by kg (40 = all animals below 41 kg, 41 = 

41.00-41.99 kg, 42 = 42.00-42.99 kg etc.), and by 5-kg increments (<45 kg, 45-49.99 kg, 50-

54.99 kg, and 55-60 kg). We grouped age by year (1 = 1 to 1.99, 2= 2-2.99, etc.), 2-year 

increments (0-2, 2.5-4, 4.5-6, 6.5-8, 8.5-10, >10), quartile within ages (<4, 4 -4.5, 5-6.5, and 7+), 

and into bins based on biologically relevant age stages of pronghorn: young = <4 years (before 

all teeth have erupted), middle = 4-7.5 years, and old = 8 years or older. A previous study 

corrected estimated age for this same group of animals based on cementum annuli analysis from 

dead animals [75]; we applied the same correction factor to test whether this metric was more 

relevant biologically and also grouped by the young/middle/old distinctions described above.  

We first performed PERMANOVA tests on each pronghorn metric individually to test for 

significant differences (p < 0.100). We tested the significance of study area, location relative to a 

major interstate highway bisecting our study areas (I-80), ss-ligament, maximum rump fat 

thickness, all age metrics, disease status for EHD, disease status for BTV, all weight metrics, 

capture period, and capture season (February or November). We analyzed capture timing and 

study area metrics on the full set of 159 samples, while we analyzed a subset of 134 samples for 

pronghorn intrinsic measurements (disease status, age, weight, body condition) as some capture 

data was not recorded for all samples. Many of the pronghorn metrics were represented by 

multiple related variables (e.g., we binned weight and age in multiple ways), so we used these 

single metric PERMANOVAs to determine whether certain binning groups were more 
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biologically relevant to microbial communities (Table H). As none of the age or weight factors 

were significant in single metric PERMANOVAs (Table H), we chose the factor for each metric 

that we believed would have the strongest biological relevance in pronghorn. We chose to use ss-

ligament measurements rather than maximum rump fat thickness, because previous work in 

pronghorn has shown this measurement to have biological relevance for survival [75]. While 

significant in our initial PERMAOVAs of single metrics (Table H), we chose not to include a 

capture period metric in our combined PERMANOVA analysis due to the fact that we captured 

all animals at the CDC study area during the same capture period, confounding this metric with 

the study area (Table A in S1 Appendix). In addition, certain pronghorn measurements were not 

collected during the February captures, meaning we needed to remove all samples from February 

captured pronghorn from combined PERMANOVA analysis to avoid errors with missing values. 

Location of the study area north or south of I-80 also was significant in single metric 

PERMANOVA (Table H), however we chose not to include this metric in combined 

PERMANOVAs as it was also confounded with study area.  

We also log-transformed data to test whether trends were any stronger when relative 

abundance was represented on a logarithmic scale. We transformed relative abundance values (x) 

using the formula log (1 + x) to account for zero values. We conducted log transformations for 

taxa relative abundance to highlight effects of less common taxa, however patterns were not 

different from data held to the original scale (Table I). We thus chose to report data with non-log 

transformed relative abundance for more intuitive interpretation.  
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Table H. Results of single metric PERMANOVA tests. 

  R² p 

Study area 0.060 0.001 

BTV 0.009 0.174 

EHD 0.011 0.019 

Age- young, mid, old 0.016 0.327 

Age- (actual number) 0.155 0.226 

Corrected Age- young, mid, old 0.014 0.757 

Corrected Age (number) 0.155 0.226 

Age- 1 year 0.068 0.410 

Age- 2 years 0.038 0.410 

Age- quartile 0.024 0.199 

Weight-value (continuous) 0.719 0.288 

Weight 1kg 0.136 0.489 

Weight 5kg 0.024 0.254 

Weight quartile 0.023 0.479 

Ss-ligament 0.083 0.045 

Max fat 0.048 0.910 

I-80 0.034 0.001 
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Capture period 0.029 0.001 

Capture season 0.010 0.007 

Single metric PERMANOVAs comparing pronghorn metrics to the microbial community 

composition transformed to relative abundance. Significant (p < 0.100) effects are bolded. Note: 

capture period and study area metrics were conducted on the full set of 159 animals as data were 

available for all samples. Other metrics related to disease, age, weight and body condition were 

run on a subset of 134 animals as this metadata was not collected for all animals. 
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Table I. Results of log transformed single metric PERMANOVA tests. 

Log-transformed relative abundance 

  R² p 

Study area 0.060 0.001 

BTV 0.009 0.164 

EHD 0.011 0.017 

Age- young, mid, old 0.016 0.321 

Age- (actual number) 0.155 0.216 

Corrected Age- young, mid, old 0.014 0.758 

Corrected Age (number) 0.155 0.216 

Age- 1 year 0.068 0.412 

Age- 2 years 0.038 0.404 

Age- quartile 0.024 0.193 

Weight-value (continuous) 0.719 0.289 

Weight 1kg 0.135 0.493 

Weight 5kg 0.024 0.245 

Weight quartile 0.023 0.475 
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Ss-ligament 0.083 0.046 

Max fat 0.048 0.917 

I-80 0.034 0.001 

Capture period 0.029 0.001 

Capture season 0.010 0.007 

 Log transformation was conducted to see if we could identify effects of less common taxa, 

however patterns were not different from the original scale so we chose to report on the original 

scale for more intuitive interpretation. Significant (p < 0.100) effects are bolded. Note: capture 

period and study area metrics were conducted on the full set of 159 animals as data were 

available for all samples. Other metrics related to disease, age, weight and body condition were 

run on a subset of 134 animals as this metadata was not collected for all animals. 
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S4 Appendix: PERMANOVAS in single study areas 

After finding a significant interaction between study area and ss-ligament and study area and age 

we subset the data by study area to look at each area separately. Within each study area, we ran 

both single metric PERMAVOAS on age (young, middle aged, old) and ss-ligament to look at 

each variable separately. We also conducted combined PERMANOVAS to look at the marginal 

effects of BTV, EHD, weight, age, and ss-ligament. Within a single study area, the only factor 

that was significant was that of age (p = 0.029) within the Red Desert study area in single factor 

PERMANOVA (Table M). 

Table J. PERMANOVAS within the Baggs Study Area, n = 36 animals 

Single factor PERMAOVAS 

  

  

  

  

Term F df R² P 

Age (young, middle, old) 1.063 2 0.061 0.295 

SS-ligament 1.079 9 0.272 0.135 

Combined PERMANOVA 

Term F df R² P 

Age (young, middle, old) 1.099 2 0.060 0.224 

BTV 0.977 1 0.027 0.515 

EHD 1.229 1 0.034 0.120 

SS-ligament 1.073 9 0.266 0.163 

Weight (5 kg increments) 1.0055 3 0.083 0.455 
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Table K. PERMANOVAS within the Bitter Creek Study Area, n= 41 animals 

Single factor PERMAOVAS 

  

  

  

  

Term F df R² P 

Age (young, middle, old) 1.011 2 0.051 0.451 

SS-ligament 1.011 7 0.177 0.420 

Combined PERMANOVA 

Term F df R² P 

Age (young, middle, old 1.052 2 0.052 0.307 

BTV 1.0826 1 0.027 0.278 

EHD 0.890 1 0.022 0.698 

SS-ligament 0.984 7 0.171 0.529 

Weight (5 kg increments) 0.984 3 0.073 0.528 
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Table L. PERMANOVAS within the CDC Study Area, n=22 animals 

Single factor PERMAOVAS 

  

  

  

  

Term F df R² P 

Age (young, middle, old) 0.915 2 0.088 0.709 

SS-ligament 1.098 6 0.305 0.168 

Combined PERMANOVA 

Term F df R² P 

Age (young, middle, old) 1.149 2 0.107 0.171 

BTV 0.837 1 0.039 0.770 

EHD 1.124 1 0.053 0.242 

SS-ligament 1.091 6 0.306 0.221 

Weight (5 kg increments) 1.004 3 0.141 0.461 
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Table M. PERMANOVAS within the Red Desert Study Area, n = 35 animals 

Single factor PERMAOVAS 

  

  

  

  

Term F df R² P 

Age (young, middle, old) 1.256 2 0.073 0.029 

SS-ligament 1.103 6 0.191 0.109 

Combined PERMANOVA 

Term F df R² P 

Age (young, middle, old) 1.143 2 0.066 0.128 

BTV 1.112 1 0.032 0.249 

EHD 0.922 1 0.027 0.642 

SS-ligament 1.090 6 0.190 0.143 

Weight (5 kg increments) 0.832 3 0.072 0.967 
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CHAPTER 3. Free-roaming horse diet and body condition differences across seasons and 

ecologically diverse herd management areas 

Citation: Buchanan, C.E., Galla, S.J., Studyvin J., Lautenbach, J.D., Scasta, J.D., Randolph 

G.D., Forbey, J.S., Beck, J.L., In press. Free-roaming horse diet and body condition differences 

across seasons and ecologically diverse herd management areas. Rangeland Ecology and 

Management. 

ABSTRACT 

Increasing populations of free-roaming horses (Equus caballus) residing on federal lands pose 

management challenges across the American West, affecting rangeland health and co-occurring 

wildlife and livestock species. To better understand how free-roaming horses interact with 

rangeland ecosystems through herbivory, we used amplicon sequencing (P6 loop of chloroplast 

trnL) of horse fecal material to quantify plant composition of diets across a gradient of 

herbaceous availability in 16 Herd Management Areas (HMAs) managed by the Bureau of Land 

Management. These HMAs encompassed several ecosystems including the Colorado Plateau, 

Great Basin, Mojave Desert, and Wyoming Basin. We collected 1409 visual body condition 

scores (on a 1-to-9 scale) and 465 individual fecal collections in summer 2020 and winter 

2020/2021 across HMAs. Because horses are considered grazers, we explored whether the 

dietary proportion of graminoids (i.e., grasses and grass-like plants) changed seasonally between 

and among HMAs. The proportion of graminoids in fecal material differed by HMA and ranged 

from 31.17 to 83.50% in summer and 11.00 to 82.60% in winter. Summer diets trended toward 

higher graminoid composition in most HMAs and many winter diets shifted to include non-

graminoid plants in the Asteraceae and Chenopodiaceae families. Despite varying dietary 

graminoid composition, herd average body condition scores indicated most free-roaming horses 
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were in good condition. Across HMAs, herd average body condition scores in summer averaged 

5.01 (minimum 4.59 and maximum 5.24) and averaged 4.98 in winter (minimum 4.72 and 

maximum 5.22). Understanding which plant groups form seasonal diets of free-roaming horses 

across different environments is important for managers balancing potential forage competition 

among free-roaming horses, wildlife, and livestock. Our results indicate that while free-roaming 

horses are considered grazers, they are also capable of subsisting and maintaining good body 

condition while consuming a variety of plants, with graminoids not always forming the majority 

of the diet. 

KEY WORDS:  

Equus caballus; diet composition; trnL; DNA metabarcoding; body condition 

INTRODUCTION 

Free-roaming horses (Equus caballus) are an introduced species to North American rangelands. 

These horses are not descended from prehistoric North American equids, which became extinct 

sometime between 10,000 and 12,500 years ago (Meltzer and Mead 1985; Grayson 1989; 

Guthrie 2003; Guthrie 2006). Instead, today’s free-roaming horses in North America are 

descended from horses that evolved in Eurasia that were domesticated and later introduced by 

early European settlers and explorers starting in the 1500s and 1600s (Haines 1938a, 1938b; 

McKnight 1959). Once introduced, it took about 200 years for horses to be found across much of 

the western United States (Haines 1938b). The expansion of free-roaming horses across western 

North America was accelerated by the practice of ranchers turning out horses to nearby 

rangelands for later round up and use, Native American tribes trading horses, and by 

homesteaders, cavalry, and miners turning out their domestic horses to roam free when they were 

no longer needed (McKnight 1959). Over the years, free-roaming horses came to inhabit a 



91 

 

variety of ecosystems. Today, free-roaming horses are found in a range of environments across 

the Colorado Plateau, Great Basin, Mojave Desert, and Wyoming Basin including sagebrush 

(Artemisia L. spp.) steppe, pinyon-juniper (twoneedle pinyon [Pinus edulis Engelm] and 

singleleaf pinyon [Pinus monophylla Torr. & Frém.] -Juniperus L. spp.), salt desert, and 

timbered mountainous areas (BLM, undated). After passage of the Wild Free-Roaming Horses 

and Burros Act of 1971, areas that free-roaming horses and burros (E. asinus) resided in became 

designated as Herd Management Areas (HMAs) and Herd Areas on U. S. Department of Interior 

Bureau of Land Management (BLM) lands and Wild Horse and Burro Territories on U. S. Forest 

Service lands. Today, HMAs are managed for free-roaming horse use in addition to other multi-

use goals while HAs are not specifically managed for free-roaming horse use. The 1971 Act 

prevented roundups by private citizens and began a new chapter in the history of free-roaming 

horse management. Free-roaming horse herds can increase approximately 20% annually (Garrott 

et al. 1991), with annual growth rates of this magnitude leading to populations doubling in four 

years and tripling in six (National Research Council, 2013). Fiscal Year 2025 estimated 53,797 

horses and 19,333 burros roaming on BLM lands, whereas the range-wide appropriate 

management level (AML) is only a combined 25,556 horses and burros, representing an excess 

of >45,000 free-roaming equids in HMAs (BLM, 2025). As free-roaming horse numbers have 

increased, so has the need for greater understanding of the role these large herbivores serve in the 

ecosystems they inhabit. An increased understanding will assist practitioners to better manage 

the multiple use mandate of the BLM. 

Continued population growth of free-roaming equids may cause rangeland degradation 

and competition with native wildlife and livestock. Free-roaming horses are associated with 

decreased vegetation diversity, species richness, shrub density, shrub and grass abundance, grass 
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height, percent cover of grass and shrubs, soil aggregate stability, greater soil penetration 

resistance, and increased bare ground (Beever and Brussard 2000; Beever and Herrick 2006; 

Beever et al. 2008; Davies et al. 2014; Hennig et al. 2021a). One concern of surging free-

roaming horse populations is competition between horses and wildlife for resources such as 

water (Ostermann-Kelm et al. 2008; Perry et al. 2015; Hall et al. 2016; Gooch et al. 2017; 

Hennig et al. 2021b). Free-roaming horses have been shown to select similar seasonal habitat 

areas and resources as pronghorn (Antilocapra americana; Hennig et al. 2023, 2024), indicating 

the potential for shared resource competition. Free-roaming horses have affected species 

community composition of small mammals and reptiles: in a study occurring in the Great Basin, 

free-roaming horse occupied areas had less community completeness of small mammals and 

horse-removed sites had greater reptile species richness as well as greater abundance of most 

reptile species (Beever and Brussard 2004). Areas with grazing by free-roaming horses had 

decreased numbers of small animal burrows as compared to horse grazing exclosures (Beever 

and Brussard 2000). There is potential for free-roaming horses to impact greater sage-grouse 

(Centrocercus urophasianus) both directly and indirectly by altering habitat characteristics 

(Beever and Aldridge 2011; Hennig et al. 2021a) and disturbing lekking grouse (Muñoz et al. 

2021). Higher free-roaming horse populations are predicted to have detrimental effects on sage-

grouse populations as horse numbers increase where these species co-occur (Coates et al. 2021; 

Beck et al. 2024). In addition to interactions with wildlife, free-roaming horses have been 

reported to have high diet overlap with cattle (Bos taurus; Scasta et al. 2016) leading to the 

potential for competition with livestock. While our study focuses on North America, high 

activity of free-roaming horses has decreased environmental quality and had negative effects on 

the ecosystems in areas they inhabit worldwide (Eldridge et al. 2020).  
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The ability of free-roaming horses to thrive on what is often considered low quality 

forage can, at least in part, be attributed to the physiology of their digestive system. Horses are 

hindgut fermenters, with fermentation occurring in the cecum. Soluble protein and carbohydrates 

are absorbed in the small intestine before fermentation occurs (Janis 1976). Products of cellulose 

fermentation in the cecum are then absorbed in the enlarged colon (Janis 1976). Equids are not as 

efficient at breaking down plant cell walls as the foregut fermentation system present in 

ruminants (Hanley 1982) and digest their food less completely than ruminants (Duncan et al. 

1990). However, by not digesting food as completely, equids are able to exhibit shorter forage 

retention time, enabling higher intake rates and nutrient extraction (Duncan et al. 1990), while 

also having the advantage of absorption of nutrients in the small intestine occurring before 

microbial actions. A study in France found that horses consumed 63% more forage than cattle 

grazing in a similar area, and as such were able to extract more total nutrients per day from 

grazing than cattle (Menard et al. 2002). It is suggested that in this way, hindgut fermenters can 

subsist on poorer quality forage than ruminants, which are limited by rumen fill and longer 

retention time (Janis 1976; Hanley 1982; Duncan et al. 1990). Free-roaming horses are 

traditionally thought to graze selectively on grasses and grass-like plants (hereafter 

“graminoids”). A meta-analysis of diet studies indicated that free-roaming horses across the 

western United States and Canada consume graminoids as a large proportion (mean ≥77%) of 

their diet across seasons (Scasta et al. 2016). However, in some environments, or during certain 

seasons, free-roaming horses have also been reported to eat large (>25%) proportions of woody 

browse (Krysl et al. 1984; Stephenson et al. 1985; Smith et al. 1998) or forbs (Hansen 1976, 

King and Schoenecker 2019). 
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Many of the previous diet studies of free-roaming horses in North America were 

conducted over 25 years ago, with only a few more recent diet studies in free-roaming horses 

(Hosten et al. 2007; King and Schoenecker 2019) and one in free-roaming burros (Esmaeili et al. 

2023). Many of these previous diet studies in free-roaming horses used microhistology 

techniques, including the 12 studies summarized in the meta-analysis by Scasta et al. (2016). 

While this method has proven useful in quantifying horse diets (Morrison 2008) and has long 

been considered the “gold standard” for diet studies (Garnick et al. 2018), it does have some 

drawbacks. It has been demonstrated that the microhistology technique over-estimates graminoid 

composition and under-estimates the forb and some shrub component of diets because these 

plants are differentially more digestible than graminoids (Vavra and Holechek 1980; Holechek et 

al. 1982; Garnick et al. 2018). Consequently, researchers often conduct digestibility trials to 

obtain correction factors to account for differential digestibility (Pulliam and Nelson 1979; 

Smitman 1980). DNA metabarcoding is an emerging technology that uses DNA remaining in 

fecal material to characterize diet (Valentini et al. 2009), and may be less biased than 

microhistology against easily digestible forbs (King and Schoenecker 2019). Indeed, in recent 

studies, DNA barcoding has reported higher amounts of forbs or browse in American bison 

(Bison bison) diets (Bergmann et al. 2015; Craine et al. 2015; Leonard et al. 2017; Jorns et al. 

2020; Hecker et al. 2021) and a study in free-roaming horses revealed higher forb content using 

DNA metabarcoding analysis as compared to microhistology within the study (King and 

Schoenecker 2019) and in comparison to previous microhistology studies (Scasta et al. 2016). 

Contrary to these findings of high forb consumption in species traditionally considered strict 

grazers, a study employing DNA metabarcoding found that two species of zebras (plains [Equus 

quagga] and Grévy's [E. grevyi]) exhibited diets composed of over 95% of grass, as expected in 
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a grazing species (Kartzinel et al. 2015). This same study of African megafauna found that the 

grass composition in diets based on DNA relative read abundance was positively correlated with 

results from stable-isotope analysis, and using relative read abundance was a reliable proxy for 

relative consumption of grass versus other plant families (Kartzinel et al. 2015). However, some 

critiques of the genomic technique have indicated discrepancies due to differential digestibility 

of plants still exists. A study using cattle fed known rations found that graminoids were both 

under- and over-estimated depending on what other plant functional groups they were paired 

with in diet formulations (Scasta et al. 2019). The genomic approach also has limitations when 

assessing resolutions deeper than family or genus level (Garnick et al. 2018). However, 

taxonomic resolution can be improved with local plant knowledge and as more robust reference 

databases are developed (Scasta et al. 2019).  

Our study used DNA metabarcoding to investigate free-roaming horse diets across 16 

BLM HMAs, largely covering the geographic extent in which free-roaming horses reside in the 

western United States. Many of the previous free-roaming horse diet studies only evaluated 

single, localized study areas (for example, see Hansen 1976; Salter and Hudson 1979; Hanley 

and Hanley 1982; Stephenson et al. 1985; McInnis and Vavra 1987; Sullivan 1988; Smith et al. 

1998; Hosten et al. 2007; King and Schoenecker 2019). While these studies are informative, 

results from studies in different areas or seasons may not always be directly comparable due to 

differences in collection techniques or lab protocols. Our study is novel in that we visited 

multiple HMAs in summer and then repeated visits to these same areas in the winter. Because we 

used consistent field and lab methods with all fecal collections in our study, this makes our 

results more directly comparable across HMAs, environments, and seasons and provides a 

comprehensive estimate of range-wide diet composition of free-roaming horses. In addition, our 
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study provides current insight to the diets of free-roaming horses, as diets may have adjusted 

with changing rangelands and climates over the past 25+ years. We developed research 

objectives to guide our investigation of free-roaming horse diets within HMAs in seven western 

states (Fig. 1). First, we described the diet composition of free-roaming horses in each study 

HMA in summer and winter (Fig A1). Based on previous diet literature, we expected graminoids 

to dominate the diet composition of free-roaming horses (Scasta et al. 2016). Second, we 

evaluated the graminoid portion of the free-roaming horse diet across season and location. We 

quantified seasonal changes in the diet composition of graminoids within individual HMAs but 

also at the broader range-wide scale of all HMAs in our study. Third, we investigated whether 

the amount of graminoids in the diet was related to the amount of herbaceous cover or biomass 

available at the HMA scale. We predicted that free-roaming horses would have a greater 

composition of graminoids in their diet in areas with greater proportions of remote sensed 

herbaceous cover or amounts of biomass. Fourth, we investigated if the average amount of 

graminoids in free-roaming horse diets in an HMA was related to the overall average body 

condition of horses in an HMA, and whether seasonal differences in graminoid consumption 

were associated with seasonal differences in body condition at the HMA and range-wide scales. 

METHODS 

Study Areas 

We selected study areas among all 177 Bureau of Land Management (BLM) Herd Management 

Areas (HMAs) to represent the geographical and ecosystem diversity across the western United 

States (Table 1, Fig. 1). We initially evaluated HMAs for selection based on information 

available on the BLM’s Wild Horse and Burro Herd Management Areas Website (BLM, 

undated, https://www.blm.gov/programs/wild-horse-and-burro/herd-management/herd- 
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management-areas) and through discussions with BLM personnel. We considered ease of access 

by off-road vehicles or on foot in our selection of HMAs. We further consulted with BLM 

personnel to identify HMAs where free-roaming horses could be safely and reliably accessed 

during both summer and winter. We calculated herbaceous cover values for each HMA based on 

values from The Multi-Resolution Land Characteristics Consortium 2016 National Land Cover 

Database (NLCD) Shrubland Fractional Component cover data (Dewitz, 2019). We focused our 

stratification on herbaceous cover because the literature indicated free-roaming horses consume 

predominantly graminoids (Scasta et al. 2016) and we selected HMAs to ensure we represented 

the gradient of herbaceous availability across the range. We identified the United States 

Environmental Protection Agency (EPA) level III ecoregion (EPA 2024) that each HMA was in 

by overlaying shape files of HMAs with shapefiles of the ecoregions. For HMAs that included 

multiple ecoregions within their border, we assigned them to the ecoregion in which the majority 

of the HMA was located. This process yielded 16 HMAs across our herbaceous gradient and 

located within six different EPA Level III ecoregions. We used the 2016 NLCD data to design 

the study because 2016 was the most current year available when we were designing the study. 

However, because vegetation communities can change over time, we re-calculated herbaceous 

cover post-hoc for HMAs based on 2020 herbaceous cover values from the Rangeland Analysis 

Platform (RAP) (Robinson et al. 2019; Allred et al. 2021; Jones et al. 2021) so that cover 

information would have a more accurate temporal relationship with free-roaming horses during 

our study. We then stratified our HMAs into low (<20%), medium (20-35%), and high (>35%) 

herbaceous cover to maintain an even spread of five HMAs per cover category. Due to inclement 

weather conditions and impassable roads, we were unable to access the Sand Basins HMA in 
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Idaho in winter 2020/2021. Consequently, we only report summer data from this HMA and 

removed it from seasonal comparisons and correlations.  

Field Methods 

Fecal Sampling 

At each HMA, we collected free-roaming horse fecal material from 15 distinct piles in summer 

2020 (May–July) and winter 2020/2021 (late November to January) at each HMA. Due to the 

nature of free-roaming horses to move long distances daily in search of food and water 

(Hampson et al. 2010; Hennig et al. 2018), they may not have been foraging in the same area 

where fecal material was obtained. In each HMA, locations of frequent or probable free-roaming 

horse use (usually water sources) from which to begin searching for horses were identified from 

information shared by managers or maps. From these locations, we drove on accessible roads 

until free-roaming horses or fresh fecal material were visible. When possible, we collected fecal 

material from at least three spatially distinct areas in each HMA to achieve a representative 

diversity of free-roaming horses across a geographical gradient within an HMA. However, in 

some HMAs, collections from multiple areas were not possible due to uneven use by free-

roaming horses across seasons or concentration of free-roaming horses in a few spots (e.g., one 

study area only had a single perennial water source). Multiple collection areas were also limited 

by large groups where most free-roaming horses were found in close proximity to one another at 

a single time point, lack of access to parts of the HMA, or inability to find fresh signs of use by 

free-roaming horses within selected sampling areas. 

From each fresh fecal pile, we collected at least three fecal boluses, which we assumed to 

represent a single individual free-roaming horse. We obtained fecal material from the freshest 

piles, immediately after observed defecations if possible, and we assigned each fecal collection a 
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freshness index, as described in the supplementary methods in Appendix A. Although we did not 

observe each defecation, we only collected fecal boluses with moist interiors to ensure 

representativeness of the season and dates we were sampling. Horse fecal material has been 

reported to maintain good rates of DNA amplification for up to two months (King et al. 2018). 

To collect each fecal bolus we turned a sealable plastic freezer bag inside out without touching 

the bag interior. If we needed to further place material into the bag properly, we wore latex 

gloves to prevent contamination of fecal material. We collected the fecal material from the 

interior of piles to minimize potential environmental contamination and then returned plastic 

bags to proper orientation and sealed them without touching the interior of the bag. We stored 

individual bagged material on dry ice in the field and transferred frozen fecal material within two 

weeks to a -20°C freezer. Freezing was our preferred method to store fecal material because 

freezing has effectively preserved fecal DNA in other species (Vlčková et al. 2012; Czernik et al. 

2013).  

Body condition 

In the field, we visualized and recorded body condition scores (BCS) for free-roaming horses 

based on the Henneke system. The Henneke method rates the animal’s accumulation of 

subcutaneous adipose tissue on a scale from 1–9, with 1 being extremely emaciated and 9 being 

extremely fat (Henneke 1983). Measurements are observed at the lumbar spinous processes, ribs, 

tailhead, area behind the shoulder, neck and withers (Henneke et al. 1983) and the method calls 

for both visual observations and palpation. This method of body condition scoring has been 

correlated to ultrasonic measures of adipose tissue (Gentry et al. 2004). Because we could not 

palpate these horses, we applied this system on a visual-only basis while evaluating the same 

regions stated in the system. This method of visual body scoring has been previously applied in 
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other studies of free-roaming horses (Schoenecker et al. 2024). We observed free-roaming horses 

with a spotting scope (16-48x magnification), binoculars (8 x 42 magnification), or by eye when 

horses were close enough to perform observational measurements. In most HMAs (13/16), to 

achieve a larger sample size of BCS, we scored every observable free-roaming horse we found 

that was unobscured (not standing behind another animal, rocks, or vegetation) and within 400 m 

to distinguish features. We observed free-roaming horse groups for long periods when possible, 

to get multiple views and angles for a more accurate score of each animal. When large herds 

were present (>100 horses) we systematically scored every fifth horse in the herd to control 

sampling bias of only selecting some horses from the herd. We made observations of horse BCS 

to determine the herd average BCS within each HMA, thus we recorded BCS from more horses 

than we collected fecal samples from. In total, we collected 90 out of 465 fecal samples from 

free-roaming horses of known BCS. While a similar body condition scoring method using scores 

of 1-5 was repeatable between different observers (Carrol and Huntington 1988), our study had 

the added consistency of a single researcher making all BCS observations. 

Lab Methods 

 Fecal Processing 

We stored our fecal material in a -20°C freezer and later sub-sampled the fecal material from 

each discrete pile into individual 2 ml test tubes to be submitted for DNA extraction. As this 

fecal material was also being used for a gut microbiome study, we conducted sub-setting work 

under a hood and took additional steps to prevent contamination from the environment and from 

one horse to another. While working in the lab we kept fecal material on ice while not being 

directly handled to prevent thawing and returned material to the freezer when we finished each 

group of 10-15 individuals. We used metal corers driven into the bolus with a rubber mallet to 
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take an internal core from each frozen fecal bolus. We took cores from multiple boluses within 

each individual fecal collection to better represent each animal. Whenever possible we only used 

the inner portion of each core to avoid any external environmental contamination present on the 

surface of fecal boluses when collected. To minimize contamination further we used a new set of 

gloves and clean corer for each individual horse’s fecal matter and we wiped surfaces with 

ethanol and RNase-AWAY TM (Fisher Scientific) to remove any residual bacteria and DNA or 

RNA fragments. We autoclaved metal corers, subsample tubes, and other tools that could 

withstand autoclaving before each use to further ensure we minimized contamination. After 

adding 230–250 mg of fecal material to each tube under the hood, we stored sub-samples in a -

20°C freezer. 

DNA Extractions, Library Preparation, and Sequencing 

We submitted fecal material to the Genome Technologies Lab at the University of Wyoming for 

DNA extraction and library preparation, in which samples are amplified for the region of interest 

and prepared for high-throughput sequencing. A QIAGEN DNeasyPowerSoil Kit was used for 

the extraction of fecal materials. Manufacturer's protocols were used for the extraction process, 

with tungsten carbide beads used for mechanical sample lysis. Samples were normalized to 

10ng/µL prior to amplification and library preparation. 

The P6 loop of the trnL locus was amplified using the -g (GGGCAATCCTGAGCCAA) 

and -h (CCATTGAGTCTCTGCACCTATC) primers described by Taberlet et al. (2007). Library 

preparation was conducted using custom designed one-step primers, including Illumina adaptors 

and unique oligo barcodes so that the indexes and barcodes were within the read. Two libraries 

were prepared for each individual fecal collection, to assess consistency in library preparation 

and sequencing. PCR conditions for library preparation included a 10 minute denaturation 
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(95°C) followed by 35 cycles of denaturation (95°C, 30s), annealing (55°C, 30s), and extension 

(72°C, 30s). This was followed by a final extension period (72°C, 9 minutes) and a hold at 4°C. 

PCR cleanup was conducted using the Axygen™ AxyPrep MAG PCR Clean-Up Kit following 

the manufacturer's protocol. 

The University of Colorado conducted sequencing. Libraries were pooled with those of a 

16S bacterial region of the same fecal collection (data not reported here) at a ratio of four to one 

(16S: trnL), to account for differences in amplicon length. Libraries were sequenced at 2x250 on 

a NovaSeq6000, with a 10% PhiX addition. For further protocol details, please see Appendix A.  

Bioinformatics 

We used the program STAND (Weinstein et al. 2021) to create a custom trnL database for fecal 

metabarcoding. We generated this database from plant chloroplast sequences and compiled it 

from all existing NCBI GenBank entries on 6 January 2023 using the search query 

"biomol_genomic[PROP] AND is_nuccore[filter] AND chloroplast[filter]" within the 

download_data.py function. Using the build_databases.py function, we trimmed and compiled 

the trnL p6 loop of all sequences into a FASTA file, with taxonomic classification for species 

belonging to "Viridiplantae."  

We trimmed amplicon sequencing variants (ASVs) using DADA2 v. 1.22 and Cutadapt 

v. 2.6 for trnL -g and -h primers. Using DADA2, we filtered reads with parameters set for a 

minimum length of 10 base pairs, truncated reads when the quality score was less than two, and 

all reads with more than two errors were discarded. We dereplicated and merged reads using 

DADA2. Sequences were classified against the trnL database using the classify_sequences.py 

script within the STAND pipeline (Weinstein et al. 2021). Briefly, we aligned trimmed and 

filtered sample trnL sequences against our database using BLASTN 2.15. We did not assign 
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taxonomy if there was an E-value above 1, a percent identity less than 90, or an alignment length 

above 10% of the ASV length. 

We read the results of the STAND pipeline and our metadata into Program R (Version 

4.3.0; R Core Team, 2023) for further downstream analysis. We used the R package ‘phyloseq’ 

(McMurdie and Holmes 2013) to combine the taxonomy assignment table, fecal collection 

metadata, and the ASV table for analyses. The lab protocols used produced two sets of reads for 

each fecal collection, so we merged the reads for these two sets to create a single set of read 

counts for each horse. We subset reads to only those ASVs assigned to the plant kingdom 

“Viridiplantae”, yielding 3201 unique ASVs. As our study was more focused on general diet 

trends and not as concerned with rare species present only in small amounts within diets we 

further filtered reads to exclude any ASV that was not present with at least 1% abundance in at 

least one horse. This also helped to remove potential erroneous reads present in low numbers due 

to DNA amplification and sequencing errors. This left us with 284 unique ASVs present in the 

diets of our free-roaming horses, which were assigned varying levels of taxonomic depth. 

To inform which taxonomic level to analyze the data at, we checked the depth of 

taxonomic assignment of each ASV and noted that most ASVs (282 of 284, 99.30%) were 

assigned to at least a family level, representing 99.97% of our total reads (Table 2). We found 

fewer ASVs were assigned to a genus level (80.28% of ASVs and 69.32% of reads) and only 58 

(20.42%) ASVs and 11.24% of total reads were assigned to a species level (Table 2). 

Because DNA metabarcoding is still a developing technology for diet analysis of free-

ranging animals, not all plants potentially present in wild herbivore diets have been sequenced 

and improved reference libraries have been called for (Scasta et al. 2019). Consequently, if a 

plant found in fecal DNA is not yet present in the database, a plant may be matched to a 
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taxonomically close relative that has been sequenced but may not occur in the region of study. 

Authors using this technology have suggested pairing DNA results with knowledge of the plant 

community or other sources of information about plant availability (Scasta et al. 2019). 

Therefore, from the remaining 284 ASVs, we crosschecked the deepest taxonomic assignment of 

each ASV (family, genus, or species) using the USDA plant database (USDA, NRCS), Rocky 

Mountain Herbarium (Rocky Mountain Herbarium, 2022), and iNaturalist (iNaturalist 2024). We 

conducted this step to gain a better understanding of the potential accuracy of taxonomic 

assignments of each ASV based on the location that the assigned plant family, species, or genus 

is known to occur. We describe this process further in Appendix A.  

Based on our analyses of depth of taxonomic assignment and findings of our plant 

crosschecks, we chose to pool all ASVs at the family level for further analysis of diet 

composition. This assisted us to gain an overall understanding of the composition of each diet 

that was detailed enough to understand what the animals were eating, but not taxonomically 

specific enough to exclude important information. For example, if we had chosen to analyze at 

the genus level we would have excluded over 30% of our reads due to the lack of consistent 

taxonomic depth (Table 2). Using the family level allowed us enough taxonomic depth to 

explore our research questions, which mainly centered on the proportion of graminoids present in 

free-roaming horse diets. Furthermore, our decision to analyze at this taxonomic depth was 

supported by previous findings that relative read abundance was a suitable proxy of grass 

composition in the diet relative to other plant families (Kartzinel et al. 2015), and that this 

technology had some uncertainties at the genus and species level (Scasta et al. 2019). Two recent 

studies using DNA metabarcoding have achieved the goals of diet elucidation without deep 

taxonomic assignment by grouping results at the family level (Esmaeili et al. 2023) or even 
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morphological group level (Julian et al. 2024). While our crosschecks did reveal some reads 

were assigned to plants not previously documented in the western United States, this likely 

means a genetically similar but exotic relative was assigned as the closest taxonomic match 

because the true plant consumed has not been sequenced and added to the database yet. 

Alternatively, undocumented small populations of these exotic species may occur in the 

sagebrush steppe. Rather than excluding these reads entirely from analysis, we included them by 

assigning reads to the family level. With the current scope of genetic databases, we are confident 

that taxonomic assignments are accurate to the family level even if the species assignments are 

potentially questionable.  

Because each fecal collection was only a small temporal sample of what an individual 

free-roaming horse was consuming for a given day, we decided to pool within each HMA and 

season to better represent the average diet throughout each HMA in each season. During our 

short collection period in each HMA, (one to three days) there was sometimes large variation in 

what each of the free-roaming horses within an HMA were consuming (Figs. A2–A3). The 

average rate of passage through the digestive system for horses eating a forage-based diet varies 

based on many factors but previous studies report it to generally fall between 24–48 hours 

(Pearson and Merritt 1991; Pearson et al. 2006; Clauss et al. 2014; Miyaji et al. 2014). Because 

our study design only allowed for a single collection time point in each HMA and season, we felt 

that averaging the 15 horse diets in an HMA together to get a “herd” average evened out the 

daily foraging variability of a single horse and gave a more accurate representation of what the 

average horse would consume over the course of a season in a specific HMA. To further account 

for our short sampling window, we also pooled the HMA average diet compositions to create a 

range-wide average diet profile for both summer and winter at the plant family level (Figure 2). 
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Statistical Methods 

To address our second through fourth research objectives, which centered on graminoid 

consumption, we combined reads of our three grass-like families of interest: Cyperaceae 

(sedges), Juncaceae (rushes), and Poaceae (grasses). We used these values to calculate the 

average proportion of plants in the grass and grasslike families (hereafter “graminoids”) for each 

HMA and season. To evaluate average diet composition of graminoids at the range-wide scale, 

we completed bootstrapped and traditional non-bootstrapped t-tests using each HMA’s herd 

average dietary graminoid composition for our experimental unit, with our analysis paired by 

HMA. We then compared the seasonal graminoid diet composition for each HMA separately 

using the 30 individual fecal collections from each HMA (15 summer and 15 winter). Because 

our sampling design did not positively identify a specific horse associated with each fecal 

collection, we could not guarantee the independence between animals in summer and winter. 

Therefore, to improve the confidence in our results we used a weight of evidence approach and 

conducted multiple t-tests within each HMA to assess whether a change in the assumption of 

independence affected our findings. These included an independent bootstrapped t-test and 

bootstrapped t-tests paired for both minimum and maximum variation. By completing this 

analysis with the minimum and maximum variation, we found the upper and lower limits of p-

values possible from our observations within each HMA. Therefore, even if we could not be 

100% confident that fecal samples were not collected from the same horses in both seasons, we 

obtained a range of possible p-values, despite the independence assumptions. By comparing the 

results of these multiple tests, we were able to determine whether we had strong evidence for or 

against a seasonal difference within each HMA. These methods are detailed further in Appendix 

A. We also performed the traditional non-bootstrapped versions of these tests to assess whether 
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the assumption of normality affected our results. We analyzed data in Program R using both 

‘t.test’ from the ‘stats’ package (version 4.3.0; R Core Team 2023) for the traditional non-

bootstrapped t-test and the ‘boot.t.test’ function from the ‘Mkinfer’ package (bootstrapped t-test; 

Efron and Tibshirani 1993) using the default setting of 9999 replicates for the bootstrapped t-test.  

To investigate whether cover category or ecoregion of an HMA influenced whether there 

were differences in summer and winter graminoid composition we performed a two-factor 

ANOVA using herbaceous cover category (Low [0-20%], Medium [20-35%], and High [>35%]) 

and ecoregion (Central Basin and Range [CB], Colorado Plateau [CP], Mojave Basin and Range 

[MB], Northern Basin and Range [NB], Snake River Plain [SR], Wyoming Basin [WB]) as 

factors and the difference between summer and winter HMA average graminoid composition as 

our response variable. We were unable to fit the model with an interaction, because there was not 

an HMA from every ecoregion present within each cover class.  

To explore the relationship between the composition of graminoids present in free-

roaming horse diets and the herbaceous forage available to horses, we performed analyses using 

both the HMA average herbaceous availability as well as developing a herd average based on 

potential daily movement of free-roaming horses. First, we obtained 2020 Rangeland Analysis 

Platform (RAP) herbaceous cover and biomass spatial information. The RAP cover data 

provided estimates of cover of annual forbs and grasses, bare ground, perennial forbs and 

grasses, shrubs, and trees at 30-m resolution while the biomass information provided an estimate 

of annual forbs and grasses, perennial forbs and grasses, and total herbaceous biomass (a 

combination of the annual and perennial estimates; Robinson et al. 2019; Allred et al. 2021; 

Jones et al. 2021). To obtain the average amount of total (annual and perennial) herbaceous 

cover and biomass for each HMA, we extracted these values for each HMA boundary using the 
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terra package (Hijmans et al. 2024) in R. We also took the GPS point of each fecal collection 

location, created a 13.5-km diameter buffer around the point, and calculated the average 

herbaceous cover and biomass within that buffer also using the terra package. This buffer size 

represented the average daily movement of a free-roaming horse of 9 km (Hennig et al. 2018) 

multiplied by 1.5 for the average passage rate of 36 hours. The literature indicated average mean 

retention rates between 24 and 48 hours (Pearson and Merritt 1991; Pearson et al. 2006; Clauss 

et al. 2014; Miyaji et al. 2014). Thus, we represent a measure of the potential available forage to 

an individual free-roaming horse within the time frame that they would have consumed forage 

leading to the fecal matter we collected. We calculated this value for each individual fecal 

collection and averaged the 15 values within an HMA/season together to compute an average 

herbaceous cover and biomass value for each HMA based on free-roaming horse fecal collection 

locations and potential horse movement rather than the HMA boundary. We then conducted 

Spearman's rank correlation tests using ‘cor.test’ function in the ‘stats’ package (R Core Team 

2023) with total herbaceous cover and herbaceous biomass values of both the HMA boundary 

average and the HMA average created from each animal’s potential “foraging zone” correlated 

against the average graminoid composition of diets in each HMA and season. Due to questions 

of the normality assumption, we performed Spearman’s rank correlations for these comparisons, 

however we also explored logit transformations of proportions, which we describe further in 

Appendix A. 

We used our BCS observations within each HMA to conduct the independent 

bootstrapped t-test described above to test whether there was a difference between summer and 

winter BCS within each HMA. Due to uneven sample sizes in winter and summer BCS 

observations, we did not repeat these tests with the paired method we used for graminoid 
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composition in the diet. We also calculated an average BCS for each HMA or “herd”. We 

conducted a paired bootstrapped two-sample t-test using the HMA average BCS as an 

experimental unit to test whether there was a seasonal change in body condition at the range-

wide scale. We also used these HMA BCS averages to conduct a Spearman’s rank correlation 

(see methods above) between herd average BCS and herd average graminoid consumption within 

each season. Finally, we conducted a Spearman’s rank correlation to evaluate whether average 

herd graminoid composition in the summer was related to herd average BCS in the winter.  

Throughout our analyses, we used an alpha value of 0.05 for all statistical analyses and 

deemed tests moderately significant when p-values were between 0.10 and 0.05. Although an 

alpha value of 0.10 is higher than often used, accepting a higher false positive (Type I) error rate 

allows lower false negative (Type II) error (Zar 2010). We also report p-values throughout to 

allow the reader transparency to draw conclusions based on our weight of evidence approach.  

RESULTS 

Grass (Poaceae) and grasslike (Cyperaceae and Juncaceae) plant families made up the largest 

component of diets of free-roaming horses in most HMAs in both seasons (Figs. 2, A1). The use 

of graminoid plants by free-roaming horses was so ubiquitous in our study that only two 

individual free-roaming horse diets did not contain graminoids (see Appendix B for more 

details). Excluding Sands Basin HMA, the average graminoid composition in the diets of free-

roaming horses was 54.7% (SD = 18.2) across all HMAs and seasons. However, the amount of 

graminoids present varied across HMAs and seasons, with summer averaging 59.4% (SD = 18.0, 

range 31.1%–83.5%) and winter averaging 49.9% (SD = 17.7, range 11.0%–82.6%; Figs. 2, A1, 

Table 3). Several other plant families were large components of diets with the plant families of 

Asteraceae [composites], Brassicaceae [mustards], Chenopodiaceae [goosefoot family], 
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Fabaceae [legumes], and Polygonaceae [buckwheats] each making up over 25% of the herd 

average diet composition in at least one HMA and season (Fig. A1, Table A1). In particular, the 

Asteraceae and Chenopodiaceae families occurred in diets in most HMAs (Table 4, Fig. A1). 

These families were both more prevalent in winter than summer diets with range-wide average 

diet compositions of 5.70% (SD = 5.83) and 4.07% (SD = 8.39) in the summer and 15.05% (SD 

= 15.79) and 14.53% (SD = 15.23) in the winter for Asteraceae and Chenopodiaceae respectively 

(Table 4, Fig. 2). Both paired traditional and paired bootstrapped t-tests indicated that seasonal 

differences existed for the range-wide average diet composition of Asteraceae (bootstrap p = 

0.010, traditional t = -2.447, df = 14, p = 0.028) and Chenopodiaceae (bootstrap p = 0.014, 

traditional t = -2.312, df = 14, p = 0.037). The families of Brassicaceae, Fabaceae, and 

Polygonaceae were locally important in certain HMAs, detailed in Appendix B, but were not as 

common across HMAs.  

We found higher graminoid composition in the summer as compared to the winter at the 

range-wide scale and that many HMAs tended toward higher graminoid composition in the 

summer, though differences in individual HMAs were not always statistically significant (Table 

3). At the range-wide scale, using each HMA average as the experimental unit, a paired 

bootstrapped t-test showed moderate support for higher summer graminoid composition (p = 

0.050, Table 3) and the traditional, non-bootstrapped paired t-test also displayed evidence of this 

difference (p = 0.036, t = 2.317, df = 14, Table A2). Our weight of evidence approach using 

independent and paired bootstrapped t-tests within each HMA indicated in three HMAs (Frisco, 

UT; Palomino Buttes, OR; and Saylor Creek, ID) there was strong evidence for higher summer 

graminoid consumption. A further two HMAs displayed moderate support for higher graminoid 

composition in the summer (Little Book Cliffs, CO; Stinkingwater, OR), while one HMA 
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(Onaqui, UT) had moderate support for higher graminoid composition in the winter. Four HMAs 

(Adobe Town, WY; Pine Nut Mountains, NV; South Steens, OR; Twin Peaks, CA and NV) 

demonstrated a consistent lack of difference in summer and winter graminoid composition across 

our various tests. All HMAs with a consistent lack of seasonal difference displayed less than a 5 

percentage point difference between summer and winter graminoid composition, thus we used 

this as the cutoff point where we interpreted graminoid composition as the same between 

seasons. Using this cutoff, nine of the 15 (60.00%) HMAs tended toward higher graminoid 

composition in the summer, while two (13.33%) tended toward higher winter graminoid 

composition. Additional interpretation of these results are reported in Appendix B. The overall 

results from our two-factor ANOVA test (F7,7 = 1.936, p = 0.202) indicated that neither cover 

category (low, medium, or high herbaceous cover) nor ecoregion (Central Basin and Range 

[CB], Colorado Plateau [CP], Mojave Basin and Range [MB], Northern Basin and Range [NB], 

Snake River Plain [SR], Wyoming Basin [WB]) was a significant predictor of difference in 

graminoid composition between summer and winter. 

Using the total herbaceous cover and biomass values derived from the HMA boundary, 

we did not find a relationship between HMA cover or biomass and HMA average graminoid diet 

composition in either season. In the summer, there was no significant correlation between 

average dietary graminoid composition and either total herbaceous cover (rs = -0.379, p = 0.165; 

Fig. 3A) or total herbaceous biomass (rs = -0.439, p = 0.103; Fig. 3B). In the winter, there was no 

significant correlation between average dietary graminoid composition and either total 

herbaceous cover (rs = -0.279, p = 0.314, Fig. 3E) or total herbaceous biomass (rs = -0.371, p = 

0.174; Fig. 3F). However, there was a negative trend for all Spearman’s rank correlations 

calculated in both seasons, with summer exhibiting stronger trends (Fig. 3A, B, E, F). When we 
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used the 15 individual foraging buffers to calculate an average cover and biomass value for each 

HMA, our results were slightly different. As with using the HMA boundary derived values, we 

observed a negative trend in the relationship between both herbaceous cover and herbaceous 

biomass and HMA average graminoid composition (Fig. 3 C, D, G, H). These trends were not 

significant in the winter months for either total herbaceous cover (rs = -0.268, p = 0.333, Fig. 3G) 

or biomass (rs = -0.286, p = 0.301 Fig. 3H). However, in the summer months, the trend was 

moderately significant for a negative relationship between average dietary graminoid 

composition and both total herbaceous cover (rs = -0.475, p = 0.076 Fig. 3C) and biomass (rs = -

0.479, p = 0.073 Fig. 3D).  

We conducted 707 BCS observations in the summer (22–95 animals per HMA; mean 

45.53 [SD = 22.06] horses [excluding Sands Basin]) and 702 observations in the winter (19–76 

animals per HMA; mean 46.80 [SD =18.04] horses). Observations of individual free-roaming 

horses ranged from a BCS of 3 to 7 during both seasons. Herd average BCS were close to 5 in all 

HMAs, with an average BCS during the summer of 5.01 (SD = 0.16, range: 4.59–5.24) and an 

average BCS in winter of 4.98 (SD = 0.14, range: 4.72–5.22). Most free-roaming horses were in 

good body condition, with 1,323 of the 1,409 observations (93.90%) scored as ≥ 5 (Fig. 4). 

Overall, summer and winter body conditions were similar at the HMA and range-wide 

level (Table 5). Only two HMAs in Oregon (Palomino Buttes and South Steens) had herd 

average body condition scores that differed (p < 0.05) between summer and winter and one 

HMA that straddles California and Nevada (Twin Peaks) displayed a moderate difference (p = 

0.080; Table 5). We did not detect a difference in BCS between seasons at the range-wide scale 

when using the seasonal HMA herd averages as the experimental unit (p = 0.205; Table 5).  
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We found a negative relationship between the herd average dietary graminoid 

composition and herd average BCS in the summer months (rs = -0.554, p = 0.035) with herds 

that had higher consumption of graminoids tending to have lower BCS scores (Fig. 5A). In the 

winter, we did not find a relationship between the herd average graminoid composition and herd 

average BCS (rs = -0.118, p = 0.676; Fig. 5B). Finally, we did not find a relationship between the 

previous summer herd average graminoid composition and the subsequent winter herd average 

body condition (rs = -0.068, p = 0.812; Fig. 5C). 

DISCUSSION 

Overall, as expected graminoids were the largest component of free-roaming horse diets in most 

study areas. However, the proportion of graminoids present in diet composition was lower than 

in many other studies of free-roaming horse diets. While a previous meta-analysis of 

microhistological diet studies that included free-roaming horses from 12 studies across western 

North America found graminoid composition of 88% of summer and 77% of winter diets (Scasta 

et al. 2016), our results indicated graminoid composition of diets averaged around 60% in the 

summer and 50% in the winter. We even found that graminoid composition was below 50% in 

both seasons in four of the HMAs we studied (McCullough Peaks, WY, Palomino Buttes, OR, 

Pine Nut Mountains, NV, Twin Peaks, CA/NV), and below 50% in the winter in four additional 

HMAs (Little Book Cliffs, CO, Red Rock, NV, Saylor Creek, ID, and Stinkingwater, OR). Our 

lower graminoid composition compared to previous studies may be attributed to the DNA 

metabarcoding technique used as compared to studies previously using microhistology. 

Microhistology may overestimate diet components such as grasses that are less digestible 

(Holechek et al. 1982). Indeed, a recent study of free-roaming horse diets found lower graminoid 

diet composition when using DNA metabarcoding (68.8% graminoids) as compared to 
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microhistological techniques (78.5% graminoids; King and Schoenecker 2019). Lower amounts 

of graminoids were also found in bison diets when using a similar DNA method as compared to 

other techniques (Craine et al. 2015). Even when using microhistology, diet components other 

than graminoids have sometimes been revealed to make up large parts (>25%) of horse diets in 

some or all seasons (Hansen 1976; Krysl et al. 1984; Stephenson et al. 1985; Smith et al. 1998). 

Two studies using microhistology that also found free-roaming horses eating less than 50% 

graminoids in winter seasons (Hansen 1976; Stephenson et al. 1985).  

While free-roaming horses tended to have a higher graminoid diet composition in the 

summer compared to the winter at the range-wide scale and in many HMAs, dietary composition 

differed across the range with HMA herd averages ranging from a high of 83.50% graminoid 

composition in the summer to a low of 11.00% in the winter. A recent study of free-roaming 

burros managed on BLM HMAs also using DNA metabarcoding found varying amounts of 

graminoids in the diets of burros in two different HMA locations and ecosystems (Esmaeili et al. 

2023), lending merit to the idea that location differences could explain the diversity of dietary 

graminoid composition across HMAs in our study. There was no distinct pattern of seasonal 

graminoid composition related to a specific ecoregion. The five HMAs demonstrating support 

for higher summer graminoid consumption occurred in four different ecoregions. Within an 

ecoregion, there were often different patterns of graminoid composition between HMAs. For 

example, within the Central Basin and Range ecoregion, free-roaming horses from Frisco (UT) 

consumed more graminoids in the summer, Pine Nut Mountain (NV) horses had no seasonal 

difference, and Onaqui (UT) horses had moderate evidence toward higher winter graminoid 

composition. The same was true when we evaluated high (>35%), medium (20-35%), and low 

(0-20%) herbaceous cover categories used to stratify HMAs. HMAs that demonstrated support 
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for a higher summer graminoid composition occurred across all three cover categories and 

HMAs with a lack of seasonal difference occurred in both high and low cover categories. Thus, 

while there was an overall general pattern toward higher summer graminoid composition across 

the range, dietary strategy may be more tied to individual HMAs rather than ecoregions or 

overall herbaceous cover availability. This was supported by our ANOVA model findings as 

well, where we found that differences in summer and winter graminoid composition were not 

explained by cover category or ecoregion.  

The decrease in graminoid composition in winter diets in many HMAs was countered by 

an increase in plants from the Asteraceae and Chenopodiaceae families. This was evident when 

comparing the average seasonal diet at the range-wide scale (Fig. 2), but this tendency was also 

perceptible at the HMA scale with most HMA average diet compositions exhibiting higher 

amounts of one or both of these families in winter (Table 4, Fig. A1). Other plant families 

including Brassicaceae, Fabaceae, and Polygonaceae made up large portions (>25%) of HMA 

average diet composition in specific HMAs. However, these families were not found as 

consistently in free-roaming horse diets across the range, meaning their use as forage plants may 

only be locally important in specific HMAs or seasons. Other studies have revealed that free-

roaming horses can consume plants different from what would be expected for a strict grazer. 

For example, Smith et al. (1998) reported free-roaming horse diets in New Mexico consisting of 

28% honey mesquite (Prosopis glandulosa Torr.) during the warm/wet season of July to 

November. During an earlier study in a similar area of New Mexico, Hansen (1976) found that 

winter free-roaming horse diets consisted of 42% Russian thistle (Salsola kali in publication now 

Salsola tragus L.) while summer and fall diets contained 28 and 22% of mesquite, respectively. 

Free-roaming horses in another area of New Mexico consumed winter diets with 43% shrub 
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composition including both the Asteraceae and Chenopodiaceae families with winterfat (Eurotia 

lanata [Pursh] Moq. in publication, now Krascheninnikovia lanata [Pursh] A. Meeuse & Smit) 

being the most used species (19%) followed by fringed sagewort (Artemisia frigida, 8%; 

Stephenson et al. 1985). Horses in the Red Desert of Wyoming consumed shrubs in the 

Asteraceae and Chenopodiaceae families during both summer (28% of diets) and winter (39% of 

diets) including big sagebrush (Artemisia tridentata), fourwing saltbush (Atriplex canescens 

[Pursh] Nutt.), horsebrush (Tetradymia canescens D.C.), and winterfat by (Krysl et al. 1984).  

Because we only visited each HMA during a short sampling window (generally one to 

three days), some dietary differences between HMAs in the summer may have been due to plant 

phenological differences. When possible, we mitigated phenology by visiting more southern 

HMAs earlier in the summer when plants were actively growing and then later sampling HMAs 

farther north where plant growth occurs later in the season. In the winter months, our sampling 

period occurred during the dormant season, so time of sampling should not have affected forage 

selection by free-roaming horses due to plant phenology. There is potential that snow cover may 

have affected availability of forage, as snow cover was only present during our collection period 

in half of our HMAs (Adobe Town, WY, Conger, UT, Frisco, UT, Green Mountain, WY, 

Onaqui, UT, Palomino Buttes, OR, South Steens, OR, and Stinkingwater, OR). However, free-

roaming horses are adept at pawing through snow up to 60 cm to reach forage as well as 

“plowing” shallow snow with their muzzles (Salter and Hudson 1979). In addition, we 

experienced a mild and low snowfall start to winter 2020/2021 resulting in snow cover that was 

often not uniformly covering all topographical aspects of the HMAs and where present was 

never deeper than several centimeters. With the ability to paw through the snow to access forage, 

and the shallow snowpack, it is unlikely that the snow cover variation across HMAs affected 
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which forage types were available to free-roaming horses. Due to our short sampling window, 

our information may not fully represent what free-roaming horses consume in a given HMA over 

the course of a season. We did our best to address this by visiting multiple locations within an 

HMA when possible to collect fecal material representative of where free-roaming horses may 

have foraged across the geographical extent of HMAs. However, to properly inform management 

decisions, future studies in specific HMAs should verify seasonal herd average dietary 

composition by collecting during multiple sampling windows within each season to obtain a 

more representative diet composition.  

There is the possibility that our findings may be biased towards plants that exhibit 

multiple copies of the gene region targeted, plants with shorter sequences, or other sequence 

biases due to our DNA metabarcoding technique (Garnick et al. 2018). With the limitations of 

this technique, readers should be aware that while we report the percentage contribution of 

certain plant families to diet composition, our results might not necessarily directly represent the 

absolute amount of certain plant families within the free-roaming horse diet. Rather, if using this 

type of data for management purposes, conclusions should be drawn based on the relative 

amounts compared within and between HMAs and seasons. Indeed, another study employing 

DNA metabarcoding in yearling cattle interpreted diet composition results as a comparison 

between two grazing groups rather than interpreting it as the absolute diet contribution (Jorns et 

al. 2023). However, previous studies have indicated that the relative read abundance of grasses 

using this technique could provide reliable quantitative information about grass consumption 

(Kartzinel et al. 2015).  

We evaluated the relationship between the proportion of graminoids in the diet and the 

amount of herbaceous cover and biomass present at the HMA scale. While neither average cover 
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nor biomass for each HMA boundary was significantly correlated with HMA average graminoid 

diet composition, we did see a negative trend in this relationship. Interestingly, when we adjusted 

our HMA average to be the average of the 15 “foraging buffers” within each HMA, we saw 

moderate support for a negative relationship of graminoid composition with both herbaceous 

cover and biomass in the summer. We initially predicted that free-roaming horses occurring in 

HMAs with higher herbaceous cover or biomass would also have higher graminoid diet 

composition, so the trends in the opposite direction were surprising. A possible explanation is 

that free-roaming horses in areas of high herbaceous cover and biomass had more availability of 

forbs and were consuming these plants instead of graminoids. However, the fact that our data 

resolution drops off at the family taxonomic level prevents us from confirming this because 

many plant families, such as Asteraceae, include both forbs and shrubs. In addition, spatial data 

predicts herbaceous cover of forbs and graminoids; if we were able to look specifically at just 

graminoid cover, we may see a stronger relationship between graminoid availability and 

consumption. The potential movement of a free-roaming horse during a day creates a large 

buffer for each animal, and while our HMA average based on foraging buffers is likely more 

realistic than using the HMA boundary, a buffer based on potential movement may still not be 

representative of the true area free-roaming horses were using. Even when potential available 

herbaceous cover was similar between individual free-roaming horses within an HMA, 

graminoid composition varied widely in the diets of free-roaming horses (Fig. A4). These results 

indicate that diets can vary among individuals in a similar environment. To explain this variation, 

future diet studies that could pair GPS locations of free-roaming horse use throughout the period 

leading up to fecal collection with diet composition from fecal material could provide an even 

more realistic view of whether the cover and biomass available in used areas relates to diet 
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composition. In addition, future researchers could investigate age, sex, or reproductive stages 

such as pregnancy or lactation as drivers of dietary variation.  

Despite variable diet strategies, free-roaming horses in all HMAs on average were in 

good body condition in summer and winter. Across all our body condition score (BCS) 

observations (1,409) we found that only 14 (0.1%) observed free-roaming horses had a body 

condition score of 3 or below, and most scored at an ideal body condition of 5. Our scores were 

consistent with another study that reported BCS of free-roaming horses using the same Henneke 

scale in the western USA. In that study, most horses had BCS of 4 or 5 and an average BCS of 

4.7 (Schoenecker et al. 2024). When testing differences between herd average summer and 

winter BCS, we only observed support for seasonal difference in BCS in two HMAs (Palomino 

Buttes, OR and South Steens, OR), and moderate support in one HMA (Twin Peaks, CA/NV) 

with winter scores being lower than in summer in each HMA. Interestingly, all three of these 

HMAs were in the Northern Basin and Range ecoregion. While we detected a statistical 

difference in BCS in these HMAs, we question whether this amounts to a biological difference. 

Even in the HMA where we saw the largest decrease in BCS between summer and winter (South 

Steens, OR), this only amounted to a 0.25 difference between summer and winter averages. 

Results indicate that in most HMAs, free-roaming horses maintained condition throughout 

seasons. However, as our observations were conducted during the earlier part of winter (late 

November to January) this observation may be biased high compared to recording this 

information later in winter. Accumulation of fat stores during the summer and subsequent use of 

these stores throughout winter is a strategy used by many ungulates (Arnold et al. 2020) 

including other free-roaming equids in seasonally cold climates, such as the Przewalski’s horse 

(E. f. przewalskii; Kuntz et al. 2006). It is possible that we observed few seasonal differences in 
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body condition because we sampled in early winter during a year with a relatively mild 

snowpack, before much of this seasonal fat loss would occur. It would be more informative in 

future studies to observe body condition in late winter or early spring to document the effects of 

a full winter season on body condition. 

We found that free-roaming horses maintained good body condition across varied 

landscapes. Within the HMAs where we recorded body condition, we found free-roaming horses 

maintained good body condition across different seasons, ecoregions, and herbaceous cover and 

biomass availability. HMA average body condition scores remained near 5 despite differences in 

HMA average dietary composition of graminoids and other plant families. In the summer 

months, HMAs that averaged higher graminoid composition in their diets also tended to have 

lower body condition. As grasses are considered selected forage for horses, we found this result 

to be counter-intuitive. A recent study of domestic sheep (Ovis aries) winter diets found that 

monocot (graminoid) dominated diets were nutrient limiting and did not meet requirements for 

important production stages while dicot-dominated (shrub and forb) diets contained more 

important macro and micro minerals (Julian et al. 2024). We could be detecting a similar 

outcome in free-roaming horses during the summer months, with herds that consume graminoid-

dominated diets not meeting certain macro and micronutrient requirements, resulting in lower 

body condition. It is also possible that our analysis using the coarse taxa level of graminoids does 

not capture the varying nutrient quality of different graminoid species in different HMAs. 

Indeed, protein content among rangeland and pasture grasses was shown to be higher in C3 (cool 

season) grasses as compared to C4 (warm season) grasses during the growing season (Barbehenn 

et al. 2004) and many graminoids common across western rangelands also had varying nutrient 

composition in winter, with crude protein values ranging between 2.5% and 8.4% (Julian et al. 
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2024). Free-roaming horse herds with lower graminoid (monocot) composition diets by default 

consume a higher proportion of dicots, which we hypothesize could indicate their diets contained 

more nutrients leading to the higher body condition we observed. In a review of diet selection, 

Provenza et al. (2003) contend that rangeland herbivores with access to a variety of forage 

alternatives performed better than when consuming a single forage type, due to a multitude of 

factors including forage nutrient availability, potentially toxic secondary metabolites, individual 

animal physiology differences, palatability, and availability of medicinal herbs. A study in bison 

found that although food items varied, the macronutrients provided by varying diets stayed 

similar throughout different diets, allowing bison to meet their needs using different plants 

(Hecker et al. 2021). Free-roaming horses could simply be using different forage plants to meet a 

similar macronutrient balance across seasons and HMAs, or could be intentionally selecting 

different forages to meet different nutritional needs. Exploring this would require future studies 

to determine the nutrient values of many native forage plants and pair this with diet composition 

data. Although horses are considered grazers, our study provides evidence that they can maintain 

healthy body condition and potentially achieve higher condition while consuming a variety of 

plants. This adaptability of horses to use different forage plants could offer one reason why 

populations of free-roaming horses are increasing across federal lands in the western United 

States.  

IMPLICATIONS 

Across the HMAs we sampled, free-roaming horses used a diverse array of plant families, with 

graminoids not always forming the majority of the diet. These patterns are complex and differ by 

HMA rather than grouping by ecoregion or overall herbaceous cover availability. Free-roaming 

horse herds in individual HMAs may have developed specific diet selection strategies over time, 
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or this could simply reflect plant availability in the specific areas or seasons we conducted our 

study. Either way, these animals appear highly adaptable and have demonstrated remarkable 

ability to maintain body condition throughout different ecoregions, seasons, herbaceous 

availability, and while consuming varied diets. Because low body condition scores are often 

what trigger management intervention, such as emergency gathers, it is important to note that 

free-roaming horses seem well adapted to thrive in a diverse array of ecosystems across their 

range. Our findings indicate that free-roaming horses can employ varying diet strategies in 

different HMAs and seasons, which should be considered when managers make decisions 

regarding overlapping distributions of free-roaming horses and other herbivores that may 

compete for available forage. A meta-analysis of diet studies across western North America 

indicated high overlap in graminoid consumption for cattle and free-roaming horses (Scasta et al. 

2016). Grazing permits for cattle on federal lands are often granted in the summer months in the 

western United States. Forage competition with cattle may increase if these permits occur in 

areas where free-roaming horses exhibit high graminoid consumption in the summer. In HMAs 

where these herbivores overlap, more rangeland planning may be needed to account for 

increased demand and potential conflict in graminoid forage use. We also observed that free-

roaming horse diets in winter often contained large proportions of plants in the Asteraceae and 

Chenopodiaceae families. Both families include plants that provide winter forage for wildlife 

including greater sage-grouse (Connelly et al. 2000), mule deer (Odocoileus hemionus; Sullivan 

1988; Singer and Norland 1994), pronghorn (Bayless 1969; Stephenson et al. 1985; McInnis and 

Vavra 1987; Singer and Norland 1994), and elk (Cervus canadensis; Stephenson et al. 1985). 

Additional reliance on these plants by free-roaming horses in the winter may create competition 

with wildlife species. While studies in individual locations and a meta-analysis of western North 
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America have indicated low potential for direct dietary competition with free-roaming horses and 

wild ungulates that consume woody species such as mule deer (Hubbard and Hansen 1976; 

Hansen 1977; Hosten et al 2007; Scasta et al. 2016) and pronghorn (Olsen and Hansen 1977; 

McInnis and Vavra 1987; Smith et al. 1998; Scasta et al. 2016) our findings indicate there may 

be more potential for dietary overlap and competition during winter. Understanding what free-

roaming horses are eating and at what time of the year in specific HMAs can help with locally 

specific rangeland management planning to help mitigate free-roaming horse conflict and 

balance multiple uses.  
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TABLES 
 

Table 1 

Characteristics of selected Bureau of Land Management–Herd Management Areas (HMAs) in 

the western United States used to collect diet and body condition scores from free-roaming 

horses in summer 2020 and winter 2020/2021. Data on HMA area, appropriate management 

level (AML), and population estimates were sourced from the 2020 BLM Herd Area and HMA 

statistics (BLM 2020). Percent AML was calculated by dividing the 2020 estimated population 

by the high end of AML. 

HMA State RAP1 

cover 

category 

RAP1 

herbaceous 

cover % 

AML 

(low) 

AML 

(high) 

2020 

Population 

% 

AML 

Km2 EPA III 

ecoregion2 

Little Book 

Cliffs 

CO Low 12.67 90 150 151 101% 146 CP 

Pine Nut 

Mountains 

NV Low 19.93 118 179 232 130% 422 CB 

Red Rock NV Low 19.61 16 27 50 185% 655 MB 

Frisco UT Low 18.55 30 60 208 347% 244 CB 

Adobe Town WY Low 17.28 610 800 1,114 139% 1,938 WB 

Palomino 

Buttes 

OR Med 33.36 32 64 277 433% 300 NB 

Conger UT Med 20.63 40 80 247 309% 692 CB 

North Hills3 UT Med 20.72 42 63 104 165% 343 CB 

Green 

Mountain 

WY Med 33.99 170 300 328 109% 472 WB 

McCullough 

Peaks 

WY Med 25.77 70 140 167 119% 487 WB 

Twin Peaks CA/NV High 38.32 448 758 3,877 511% 3,068 NB 

Sand Basin ID High 67.14 33 64 36 56% 47 NB 

Saylor Creek ID High 50.55 40 50 137 274% 412 SR 
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South Steens OR High 37.82 159 304 979 322% 544 NB 

Stinkingwater OR High 48.17 40 80 372 465% 373 NB 

Onaqui UT High 36.73 121 210 412 196% 972 CB 

1 Herbaceous cover and cover category based on Rangeland Analysis Platform (RAP) spatial 

information were calculated by methods described above from summer 2020 cover data. 

2 Abbreviations for United States Environmental Protection Agency (EPA) ecoregions are as 

follows: Central Basin and Range (CB), Colorado Plateau (CP), Mojave Basin and Range (MB), 

Northern Basin and Range (NB), Snake River Plain (SR), Wyoming Basin (WB). 

3 North Hills HMA is managed in conjunction with the USFS North Hills Wild Horse Territory 

(WHT) as a Joint Management Area (JMA) so totals were combined. AML for the Forest Service 

WHT of 18–27 (USFS 2014) was added to the BLM AML of 24–36 horses. Acreage for the total 

JMA was retrieved from the Gather Plan for the latest roundup that occurred (U.S DOI BLM and 

USDA USFS 2018). The 2020 population was estimated as follows: According to the BLM gather 

report, before the gather of the JMA in December 2019 the estimated population was 317. 213 

were removed and zero returned to the range (BLM 2019) which left an estimated 104 free-

roaming horses on the range going into 2020. 
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Table 2 

Taxonomic depth of read assignments of plant DNA metabarcoding of fecal material collected 

from free-roaming horses across 16 Herd Management Areas (HMAs) in summer 2020 and 

winter 2020/2021. 

 Number of distinct taxa 

identified 
Number of ASVs1 

assigned to 

taxonomic depth (of 

284 total) 

Percentage of reads 

assigned to 

taxonomic depth 

Phylum 1 284 (100%) 100% 

Class (Subphylum) 1 284 (100%) 100% 

Order 31 283 (99.65%) 99.98% 

Family 50 282 (99.30%) 99.97% 

Genus 120 228 (80.28%) 69.32% 

Species 46 58 (20.42%) 11.24% 

1 Amplicon Sequence Variants 
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Table 3 

Average graminoid composition for each Herd Management Area (HMA) and season. 

Underlined percentages indicate whether summer or winter diets had a higher graminoid 

composition when the difference between seasons was at least 5 percentage points. Seasonal 

differences (percentage points) are listed as negative when winter value was higher than summer. 

Bolded p-values indicate differences at the alpha = 0.05 level while bold italicized p-values 

indicate differences at the alpha = 0.10 level. Abbreviations for United States Environmental 

Protection Agency (EPA) ecoregions are as follows: Central Basin and Range (CB), Colorado 

Plateau (CP), Mojave Basin and Range (MB), Northern Basin and Range (NB), Snake River 

Plain (SR), and Wyoming Basin (WB). 

HMA Herbaceous 

cover 

category 

EPA Level 

III 

ecoregion 

Graminoid 

composition 

Summer (%) 

Graminoid 

composition 

Winter (%) 

Seasonal 

difference 

percentage 

points 

Independent 

bootstrap 

Bootstrap 

minimum 

variation 

Bootstrap 

maximum 

variation 

Clear Support for Seasonal Difference 

Frisco Low CB 83.50% 53.43% 30.07% <0.001 <0.001 0.016 

Palomino 

Buttes 

Medium NB 35.45% 11.00% 24.45% 0.006 <0.001 0.019 

Saylor Creek High SR 68.87% 36.89% 31.98% <0.001 <0.001 0.030 

No Support for Seasonal Difference 

Adobe Town Low WB 76.75% 74.90% 1.85% 0.851 0.654 0.875 

Pine Nut 

Mountains 

Low CB 33.99% 38.44% -4.45% 0.617 0.132 0.721 

Twin Peaks High NB 39.66% 39.82% -0.16% 0.976 0.972 0.981 

South Steens High NB 53.29% 57.22% -3.93% 0.621 0.101 0.691 

Mixed Support for Seasonal Difference – Leaning Toward Difference 

Little Book 

Cliffs 

Low CP 74.92% 46.96% 27.96% 0.027 <0.001 0.121 

Onaqui High CB 58.20% 82.60% -24.4% 0.009 <0.001 0.084 

Stinkingwater High NB 56.14% 39.49% 16.65% 0.075 0.001 0.216 
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Mixed Support for Seasonal Difference- Leaning Against Difference 

Red Rock Low MB 53.96% 45.82% 8.14% 0.415 0.006 0.563 

Conger Medium CB 76.06% 61.20% 14.86% 0.193 0.019 0.293 

Green 

Mountain 

Medium WB 69.42% 53.96% 15.46% 0.142 <0.001 0.320 

McCullough 

Peaks 

Medium WB 31.07% 38.43% -7.36% 0.530 0.028 0.6173 

North Hills Medium CB 80.33% 67.94% 12.39% 0.194 <0.001 0.309 

Range-wide (HMA as experimental unit) 

   59.44% 49.87% 9.57% Paired: 0.050 
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Table 4 

Range-wide and Herd Management Area (HMA) mean composition of Asteraceae and 

Chenopodiaceae families in both summer and winter (± SD). HMA averages are based on n = 15 

observations in each season and range-wide averages are based on n = 15 HMAs in the summer 

and the winter with Sands Basin excluded from the summer average. HMAs are organized in 

alphabetical order within each herbaceous cover category. Abbreviations for United States 

Environmental Protection Agency (EPA) ecoregions are as follows: Central Basin and Range 

(CB), Colorado Plateau (CP), Mojave Basin and Range (MB), Northern Basin and Range (NB), 

Snake River Plain (SR), and Wyoming Basin (WB). 

HMA Herbaceous 

Cover 

Category 

EPA 

ecoregion 

III 

Summer 

Asteraceae 

 

Winter 

Asteraceae 

Summer 

Chenopodiaceae 

Winter 

Chenopodiaceae 

Adobe Town Low WB 0.53 (± 1.13) % 0.27 (± 0.78) % 1.65 (± 2.02) % 8.25 (± 18.80) % 

Frisco Low CB 0.53 (± 1.54) % 0.19 (± 0.72) % 1.15 (± 3.35) % 23.71 (± 22.09) % 

Little Book 

Cliffs 
Low CP 0.73 (± 1.85) % 17.11 (± 18.77) % 0.00 (± 0.00) % 3.08 (± 9.98) % 

Pine Nut 

Mountains 
Low CB 1.39 (± 4.65) % 10.97 (± 9.20) % 3.28 (± 7.44) % 6.12 (± 6.19) % 

Red Rock Low MB 8.08 (± 10.19) % 21.54 (± 12.96) % 6.49 (± 13.68) % 17.71 (± 15.18) % 

Conger Medium CB 0.48 (±1.39) % 0.97 (± 2.22) % 5.64 (± 9.94) % 34.41 (± 40.70) % 

Green Mountain Medium WB 0.68 (± 2.35) % 34.72 (± 27.08) % 0.16 (± 0.63) % 0.33 (± 1.29) % 

McCullough 

Peaks 
Medium WB 2.45 (± 7.23) % 11.32 (± 10.04) % 0.54 (± 1.26) % 22.10 (± 24.10) % 

North Hills Medium CB 1.18 (± 3.25) % 4.13 (± 8.28) % 1.49 (± 2.39) % 19.73 (± 20.57) % 

Palomino Buttes Medium NB 15.98 (± 31.99) % 9.82 (± 13.28) % 1.21 (± 2.94) % 0.00 (± 0.00) % 

Onaqui High CB 5.32 (± 6.81) % 2.49 (± 3.12) % 1.08 (± 3.10) % 13.33 (± 21.60) % 

Sands Basin High NB 11.07 (± 10.28) % - 1.48 (± 3.86) % - 
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Saylor Creek High SR 13.78 (± 9.48) % 1.46 (± 2.14) % 1.20 (± 2.32) % 55.36 (± 30.64) % 

South Steens High NB 14.05 (± 10.94) % 26.92 (± 17.22) % 3.59 (± 5.73) % 3.50 (± 12.41) % 

Stinkingwater High NB 12.44 (± 8.62) % 54.42 (± 33.52) % 0.00 (± 0.00) % 0.00 (± 0.00) % 

Twin Peaks High NB 7.86 (± 10.67) % 29.45 (± 29.37) % 33.55 (± 28.38) % 10.35 (±13.78) % 

Range Average   5.70 (± 5.83) % 15.05 (± 15.79) % 4.07% (± 8.39) % 14.53% (± 15.23) % 
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Table 5 

Herd average body condition scores (BCS) for free-roaming horses in summer and winter at each 

Herd Management Area (HMA) including the number of observations and p-values from 

bootstrapped t-tests. Bolded p-values indicate differences at the alpha = 0.05 level while bold 

italicized p-values indicate differences at the alpha = 0.10 level. Abbreviations for United States 

Environmental Protection Agency (EPA) ecoregions are Central Basin and Range (CB), 

Colorado Plateau (CP), Mojave Basin and Range (MB), Northern Basin and Range (NB), Snake 

River Plain (SR), and Wyoming Basin (WB). 

HMA Herbaceous 

Cover 

Category 

EPA 

ecoregion 

III 

Summer 

BCS 

Number of 

observations 

Winter 

BCS 

Number of 

observations 

Bootstrapped 

t-test p-value 

Adobe Town Low WB 5.06 48 5.17 47 0.137 

Frisco Low CB 4.93 27 4.84 19 0.475 

Little Book Cliffs Low CP 4.96 27 5.03 58 0.251 

Pine Nut 

Mountains 
Low CB 4.93 45 4.79 29 0.176 

Red Rock Low MB 4.86 29 4.92 26 0.698 

Conger Medium CB 4.95 38 4.97 34 0.734 

Green Mountain Medium WB 5.07 28 5.12 59 0.625 

McCullough 

Peaks 
Medium WB 5.24 75 5.22 46 0.838 

North Hills Medium CB 4.59 22 4.72 32 0.461 

Palomino Buttes Medium NB 5.15 48 4.93 40 0.003 

Onaqui High CB 5.04 95 4.96 73 0.264 

Sands Basin High NB 5.08 24 - - - 

Saylor Creek High SR 5.03 35 5.02 49 0.932 
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South Steens High NB 5.13 83 4.88 74 <0.001 

Stinkingwater High NB 5.19 47 5.10 40 0.273 

Twin Peaks High NB 5.08 36 5.00 76 0.080 

Range Scale 

(HMA as 

experimental unit) 

  5.01 707 4.98 702 Paired: 

0.205 
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FIGURES  

 

Figure 1. Bureau of Land Management–Herd Management Areas (HMAs) where sampling was 

conducted in summer 2020 and winter 2020/2021. Shading represents average herbaceous cover 

of HMAs based on 2020 RAP cover stratification of low (0-20%), medium (20-35%), and high 

(>35%) herbaceous cover. HMAs are labeled in black and are coded as follows: AT = Adobe 

Town, CN = Conger, FR = Frisco, GM = Green Mountain, LBC = Little Book Cliffs, MP = 

McCullough Peaks, NH = North Hills, ON = Onaqui Mountain, PB = Palomino Buttes, PN = 

Pine Nut Mountains, RR = Red Rock, SB = Sands Basin, SC = Saylor Creek, SS = South Steens, 

SW = Stinkingwater, and TP = Twin Peaks. 
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Figure 2. Average diet composition of free-roaming horses in each season grouped by family 

across the western USA. Plant families that did not represent at least 1% of the average diet at 

the range wide scale within at least one season were removed to simplify the visual and results in 

bars not reaching 100%. The three graminoid families are all depicted in shades of green- 

Poaceae (lime green), Cyperaceae (dark green), and Juncaceae (light green).  



150 

 



151 

 

Figure 3. Scatterplots on the upper half of the figure (A, B, E, F) depict cover and biomass 

values using the Herd Management Area (HMA) average found by overlying the HMA boundary 

with Rangeland Analysis Platform (RAP) data. Scatterplots depict the correlation of HMA 

herbaceous cover (A, E) or biomass (B, F) with the HMA boundary average composition of 

graminoids in diets across all HMAs in both summer (A, B) and winter (E, F). Note that none of 

these was a significant correlation; however all had a negative trend. The lower four scatterplots 

(C,D,G,H) depict average cover and biomass for each HMA calculated by taking a buffer around 

each fecal collection point to represent the horse’s potential foraging area and then averaging the 

cover or biomass across the 15 horses in each HMA. Graphs are displayed for both cover (C, G) 

and biomass (D, H) in the summer (C, D) and winter (G, H). Spearman’s rho and p-values for 

each correlation are included in the bottom of each scatterplot. Colors and shapes are added to 

depict the United States Environmental Protection Agency (EPA) ecoregion III of each study 

area.  
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Figure 4. Distribution of Body Condition Scores (BCS) for free-roaming horses by season across 

all Herd Management Areas (HMAs). Summer 2020 is depicted in orange and winter 2020/2021 

is depicted in blue. 
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Figure 5. Correlation of the Herd Management Area (HMA) average composition of dietary 

graminoids vs. HMA average body condition score (BCS) in A) summer 2020, B) winter 

2020/2021, and C) winter 2020/2021 body condition scores compared to summer 2020 

graminoid diet composition. Spearman’s rho and p-values for each correlation are included in the 

bottom left of each scatterplot. Colors and shapes were added to depict the United States 

Environmental Protection Agency (EPA) III ecoregion of each study area.  
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APPENDIX A – SUPPLEMENTARY METHODS  

Fecal freshness indices 

Although we did not directly observe each defecation before collection, we only collected fecal 

material that appeared fresh enough to represent the periods that we were sampling. Fresh 

samples were not crucial to identifying plant diet composition, because previous research has 

indicated that horse fecal material maintains good rates of DNA amplification for up to two 

months (King et al. 2018). However, the fecal samples we collected were also being used for a 

parallel study of microbiome, so we needed to have fresh fecal samples for that study, because 

microbial communities only remain stable for a short window after defecation. We conducted 

observations of domestic horse fecal material appearance after defecation and developed a 

minimum criterion for freshness of fecal samples for collection, which is the equivalent of a fecal 

sample assigned as a 5 below. When it was necessary to handle fecal material to assign a score 

accurately, we tested fecal freshness on a fecal bolus on the outside of the fecal pile before 

collecting un-contaminated fecal material from the interior of the fecal pile. Our freshness 

indices were as follows: 

1) We observed the individual horse defecate and collected a sample immediately after 

horse had moved far enough to allow us to collect the fecal material safely.  

2) The outer surface of the fecal material was still moist, and the outer and inner portion of 

the fecal bolus were similar color. Horses were in the immediate vicinity and likely 

defecated the sample, but we did not directly observe the defecation. The fecal material 

appeared similar to a sample rated as a 1, however the actual defecation was not 

observed.  
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3) The outer surface of the fecal bolus was slightly darker than the inner, but the bolus was 

still slightly moist on the outside. It was easy to penetrate the fecal sample’s outer surface 

with the tip of a pencil. 

4) The outer surface of the fecal material had dried, however it was still soft or had a thin, 

softer crust developing but was still easy to penetrate the outer surface of the fecal 

material with the tip of a pencil. The inner portion of the fecal material was still moist.  

5) The outer surface of the fecal material was dry and dark colored. The outer part of the 

material had become firm and formed a slight crust, but we were still able to penetrate it 

without much difficulty with the tip of a pencil. The inside of the fecal material was still 

moist.  

Additional laboratory methods  

For further detail of protocols used by the genome technologies lab at the University of 

Wyoming, please see: 

https://microcollaborative.atlassian.net/wiki/spaces/MICLAB/pages/1357119625/TRNL+herbivo

rous+diet+study+TRNL1 

https://microcollaborative.atlassian.net/wiki/spaces/MICLAB/pages/1796931617/TRNL+16S+Li

brary+Prep 

Crosschecks of taxonomic assignments 

Due to the large geographic scale of our study, we crosschecked plant occurrence at a state level. 

We first cross-checked the deepest assigned taxonomy (family, genus, or species) of each ASV 

with the USDA plant database (USDA, NRCS) to confirm whether that family, genus, or species 

was known to occur in each of the seven states where we conducted our research (CA, CO, ID, 

NV, OR, UT, WY). If a plant was not shown to occur in all seven states in the USDA plant 

https://microcollaborative.atlassian.net/wiki/spaces/MICLAB/pages/1357119625/TRNL+herbivorous+diet+study+TRNL1
https://microcollaborative.atlassian.net/wiki/spaces/MICLAB/pages/1357119625/TRNL+herbivorous+diet+study+TRNL1
https://microcollaborative.atlassian.net/wiki/spaces/MICLAB/pages/1357119625/TRNL+herbivorous+diet+study+TRNL1
https://microcollaborative.atlassian.net/wiki/spaces/MICLAB/pages/1357119625/TRNL+herbivorous+diet+study+TRNL1
https://microcollaborative.atlassian.net/wiki/spaces/MICLAB/pages/1796931617/TRNL+16S+Library+Prep
https://microcollaborative.atlassian.net/wiki/spaces/MICLAB/pages/1796931617/TRNL+16S+Library+Prep
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database, we explored whether that plant was found in those missing states in herbarium 

specimens databased in the Rocky Mountain Herbarium (Rocky Mountain Herbarium 2022), or 

in observations in iNaturalist (iNaturalist, 2024). Finally, if our three sources indicated a plant 

was known to occur in some but not all our seven states, we crosschecked which free-roaming 

horse diets contained this plant, and whether the horse resided in a state where the plant was not 

known to occur.  

We found that the assigned taxonomy for 24 of our 284 ASVs (8.45%) matched with 

plants that were not documented by all three of our sources in any of our seven study states, and 

often not in the United States. However, these ASVs made up only 2.93% of total reads. We 

found an additional 12 ASVs (4.23% of ASVs and 4.94% of reads) that were associated with 

plants that occurred in at least one of the states included in the HMAs we sampled, but were 

found in free-roaming horse diets from a state in which none of our three sources documented 

that plant occurring. An additional nine ASVs (3.17% of ASVs and 5.12% of reads) were 

detected in free-roaming horse diets in states that matched reported plant occurrence in 

iNaturalist, but not the USDA plant database or Rocky Mountain Herbarium.  

While these crosschecks revealed that 7.87% of our reads were assigned to plants that 

should theoretically not have been available to the free-roaming horse consuming it, this likely 

occurred because the actual dietary plant was not included in our reference database yet, and a 

taxonomically similar relative was assigned as the closest match. Alternatively, there is the 

possibility that small populations of these plants, often exotic species, do occur in the sagebrush 

steppe, but in low enough levels that they have not been documented. Therefore, rather than 

excluding these reads from analysis, we were able to include them by assigning reads to the 

family level.  
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Weight of evidence approach with various t-tests 

Our first t-test analysis was conducted assuming independence, or that 15 random fecal 

collections were derived from 15 different random free-roaming horses in the summer and winter 

season within each HMA. For this test, we used a two-sample independent t-test to compare the 

summer and winter graminoid composition of each HMA. To evaluate the effect of the 

assumption of independence, we paired the 15 summer and 15 winter graminoid composition 

values in each HMA for maximum and minimum variation in the difference between summer 

and winter graminoid composition. To pair for minimum variation, we sorted both summer and 

winter values in ascending order, paired observations, and calculated the difference between the 

paired summer and winter values. To find the maximum variation, we sorted summer values in 

ascending order while sorting winter values in descending order before pairing and calculating 

the difference. By completing this analysis with the minimum and maximum variation, we found 

the upper and lower limits of p-values possible from our observations within each HMA. 

Therefore, even if we could not be fully confident that fecal samples did not originate from the 

some of the same horses in both seasons, we obtained a range of possible p-values, despite the 

independence assumption. 

Logit transformations 

We chose to perform Spearman’s rank correlations throughout our analysis due to the smaller 

sample size of 15 HMAs per season and questions of normality of the data in its original form. 

However, to investigate these relationships further we also explored logit transformations of 

dietary graminoid composition and herbaceous cover and performed simple linear regressions for 

the same comparisons. Applying logit transformations and simple linear regression did not 
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improve model fit in comparisons of graminoid composition with herbaceous cover and biomass 

or herd average body condition, thus we only report the Spearman’s Rank correlation results.  

APPENDIX B – SUPPLEMENTARY RESULTS 

Additional dietary graminoid composition information  

Our various versions of the bootstrapped t-test indicated that three HMAs (Frisco, UT; Palomino 

Buttes OR; Saylor Creek, ID) displayed a higher graminoid composition in summer compared to 

winter, as tests all indicated a seasonal difference (p < 0.05) despite whether samples were 

considered independent or were paired for minimum or maximum variation (Table 3). We found 

moderate evidence for two additional HMAs (Little Book Cliffs, CO; Stinkingwater, OR) having 

higher graminoid composition in the summer than winter. In Little Book Cliffs, the independent 

test and minimum variation paired test both indicated a seasonal difference (p < 0.05) while the 

paired test for maximum variation did not provide evidence for a seasonal difference (p = 0.121). 

For Stinkingwater, the independent test indicated moderate support for a seasonal difference (p = 

0.075), the minimum variation test indicated support for difference (p < 0.05), while the 

maximum variation test did not provide evidence for a seasonal difference (p = 0.216). We also 

found moderate evidence for one HMA (Onaqui, UT) having lower graminoid composition in 

the summer than winter with the independent test and minimum variation paired test both 

indicating a seasonal difference (p < 0.05) while the paired test for maximum variation indicated 

moderate support for a difference (p = 0.084). Four HMAs (Adobe Town, WY; Pine Nut 

Mountains, NV; South Steens, OR; Twin Peaks, CA and NV) had a consistent lack of difference 

in summer and winter graminoid composition across the three tests (p > 0.05), with these HMAs 

displaying less than 5-percentage points difference in graminoid composition between seasons. 

An additional five HMAs (Conger, UT; Green Mountain, WY; McCullough Peaks, WY; North 
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Hills, UT; Red Rock, NV) only had evidence for a difference between summer and winter 

graminoid composition with the bootstrap t-test paired for minimum variation, not providing 

very strong support for a difference in seasonal graminoid composition. The patterns were 

similar when we conducted the traditional non-bootstrapped t-tests, with the same three HMAs 

displaying clear seasonal differences and the same three HMAs displaying moderate support for 

difference between summer and winter graminoid composition, indicating the assumption of 

normality did not affect results (Table A2). 

Dietary composition of additional plant families information  

HMA average diet compositions indicated that other plant families might be locally important 

forage for free-roaming horses in certain HMAs and seasons. Polygonaceae composed 78.05% of 

HMA average winter diets and 20.12% of summer diets in Palomino Buttes (OR, Table A1, Fig 

A1) and was present in the diets of all 15 horses sampled in the winter and five of the 15 horses 

in the summer (Table A3). Polygonaceae also composed 22.69% of winter and 40.79% of 

summer diets in the Pine Nut Mountains (NV, Table A1, Fig A1) and was present in the diets of 

12 and 11 horses sampled in the winter and summer respectively (Table A3). In McCullough 

Peaks (WY) average free-roaming horse diets consisted of 37.19% Fabaceae plants in the 

summer (Table A1, Fig A1) with 13 of the 15 horses sampled consuming this plant family (Table 

A3). However Fabaceae was barely present (0.40%, Table A1) in the HMA average winter diet 

composition, with only three horses sampled having this family present in their diet composition, 

all in amounts under 5% (Table A3). Brassicaceae plants were an important component of free 

roaming horse diets in Sands Basin (ID), comprising 34.93% of the herd average diet in the 

summer (Table A1, Fig A1) and present in the diets of nine of the 15 horses sampled. While it is 

possible that we happened to visit HMAs during a short time window when plant phenology 
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caused horses to use these plant families with abnormally high regularity, we would need 

additional collection windows during each season to confirm this. With our current information 

available, we feel it is important to note that it is possible for horses to consume these families as 

important diet components.  

The diet composition of two horses did not include any graminoids. These included a 

summer fecal sample from Sand Basin HMA in Idaho and a winter fecal sample from Twin 

Peaks HMA in CA/NV. A diet analysis from fecal material only represents a single time point, 

so while this is interesting, this does not necessarily reflect each horses’ diet as a whole over 

time. The plant families present in the Sand Basin sample included Brassicaceae (95.41%) and 

Nyctaginaceae (4.59%). The plant families present in the Twin Peaks sample included 

Asteraceae (83.27%) and Chenopodiaceae (16.73%). 

The diet composition for individual free-roaming horses (15 summer and 15 winter) 

within two different HMAs is depicted in Figures A2 and A3. This illustrates that while there 

was always some variation in individual diet composition, in some seasons and HMAs such as 

Little Book Cliffs in the winter (Fig. A2), there was more individual variation in both the amount 

of graminoids and families present in the diet composition. Meanwhile diet composition in some 

HMAs was more consistent in both graminoid composition and plant families present among the 

individual horses, such as Adobe Town in the summer (Fig. A3). Figures A2 and A3 depict the 

plant families that make up at least 1% of at least one diet for each HMA, with composition then 

normalized to 100%. While there were 50 plant families across the dataset that made up at least 

1% of at least one horse’s diet composition, not all were present in each HMA. Colors 

representing family composition are consistent between Supplemental Figures A1, A2, and A3 
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and within Figure 2 in the main paper (e.g., Poaceae is always depicted in lime green, Asteraceae 

is always gold colored, etc.).  

Supplemental Tables 

Table A1 

Herd Management Area (HMA) average diet composition in summer and winter of the 50 plant 

families that occurred with at least 1% abundance in at least one horse diet. HMA averages are 

based on n = 15 observations in each season. HMAs are organized in alphabetical order and 

abbreviated as follows: AT = Adobe Town, CN = Conger, FR = Frisco, GM = Green Mountain, 

LBC = Little Book Cliffs, MP = McCullough Peaks, NH = North Hills, ON = Onaqui Mountain, 

PB = Palomino Buttes, PN = Pine Nut Mountains, RR = Red Rock, SB = Sands Basin, SC = 

Saylor Creek, SS = South Steens, SW = Stinkingwater, and TP = Twin Peaks. Note this is a large 

table, to access the file, please see https://github.com/courtney-buchanan/Horse_diet 
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Table A2 

Results for the parametric versions of t-tests to evaluate whether the assumption of normality 

affected results of seasonal graminoid differences. Bolded p-values indicate differences at the 

alpha = 0.05 level while bold italicized p-values indicate differences at the alpha = 0.10 level. 

 

HMA Herbaceous 

cover 

category 

EPA 

Ecoregion III 

Two sample 

t-test p value 

(independent) 

Two sample 

t-test p value 

(paired min 

variation) 

Two sample 

t-test p value 

(paired max 

variation) 

Clear Support for Seasonal Difference 

Frisco Low CB <0.001 <0.001 0.008 

Palomino 

Buttes 

Medium NB 0.008 <0.001 0.031 

Saylor Creek High SR <0.001 <0.001 0.009 

No Support for Seasonal Difference 

Adobe Town Low WB 0.857 0.732 0.885 

Twin Peaks High NB 0.990 0.952 0.993 

South Steens High NB 0.611 0.129 0.712 

Mixed Support for Seasonal Difference- Leaning Toward Difference 

Little Book 

Cliffs 

Low CP 0.024 <0.001 0.100 

Onaqui High CB 0.009 <0.001 0.053 

Stinkingwater High NB 0.077 <0.001 0.200 

Mixed Support for Seasonal Difference- Leaning Against Difference 

Pine Nut 

Mountains 

Low CB 0.624 0.080 0.721 

Red Rock Low MB 0.416 <0.001 0.566 

Conger Medium CB 0.193 0.031 0.313 

Green 

Mountain 

Medium WB 0.141 <0.001 0.297 

McCullough 

Peaks 

Medium WB 0.529 0.062 0.638 

North Hills Medium CB 0.191 0.002 0.305 

Range wide (HMA as experimental unit) 

   Paired: 0.036 
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Table A3 

Diet composition of the 50 plant families that occurred with at least 1% abundance in at least one 

horse diet, reported by each fecal sample collection. Fecal collections are named according to 

HMA and are abbreviated as follows: AT = Adobe Town, CN = Conger, FR = Frisco, GM = 

Green Mountain, LBC = Little Book Cliffs, MP = McCullough Peaks, NH = North Hills, ON = 

Onaqui Mountain, PB = Palomino Buttes, PN = Pine Nut Mountains, RR = Red Rock, SB = 

Sands Basin, SC = Saylor Creek, SS = South Steens, SW = Stinkingwater, and TP = Twin Peaks. 

Names beginning with a “W” indicate winter collections. Note this is a large table, to access the 

file, please see https://github.com/courtney-buchanan/Horse_diet 
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Supplemental Figures 
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Figure A1. Average diet composition by HMA and season for 16 BLM HMAs managed for 

free-roaming horses, summer 2020 (upper panel) and winter 2020/2021 (lower panel). Stacked 

bar charts represent the average composition of the diet of each HMA in each season grouped by 

family. Plant families that did not represent at least 2% of the average diet of at least one herd 

were removed to simplify the visual; therefore, bars do not reach 100%. Sands Basin, ID (SB) 

was only visited during the summer months and only appears in the upper panel. The three 

graminoid families are all depicted in shades of green- Poaceae (lime green), Cyperaceae (dark 

green), and Juncaceae (light green).  
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Figure A2: Diet composition for free-roaming horses in the Little Book Cliffs HMA in Colorado 

depicting individual horse diet composition in summer 2020 and winter 2020/2021. The stacked 

bar chart reports the composition of the diet of each horse grouped by family, and the black 

vertical line separates summer and winter. The three graminoid families are all depicted in 

shades of green- Poaceae (lime green), Cyperaceae (dark green), and Juncaceae (light green).  
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Figure A3: Diet composition for free-roaming horses in the Adobe Town HMA in Wyoming 

depicting individual horse diet composition in summer 2020 and winter 2020/2021. The stacked 

bar chart reports the composition of the diet of each horse grouped by family, and the black 

vertical line separates summer and winter. The three graminoid families are all depicted in 

shades of green- Poaceae (lime green), Cyperaceae (dark green), and Juncaceae (light green).  
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Figure A4. Scatterplot for individual free-roaming horse movement buffered (13.5- km 

diameter) proportion of available herbaceous cover and proportion graminoids present in the 

diet. Circles represent summer fecal collections while triangles represent winter collections. 

Points are color coded by HMA. Note that even within a single HMA horses exhibited varying 

amounts of dietary graminoid composition when similar proportions of herbaceous cover were 

available.  
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CHAPTER 4. Drivers of bacterial gut microbiome composition in free-roaming horses 

across western North America 

Formatted for submission to Rangeland Ecology and Management 

ABSTRACT 

Gut microbial communities may serve important functional roles for wild herbivores. Indeed, in 

recent years, increasing research into gut microbiome composition in wild and free-roaming 

species indicates that flexible microbial pools could allow greater plasticity for animals to adapt 

to changing conditions. However, the factors that affect and drive bacterial gut microbiome 

composition remain poorly characterized in wild and free-roaming species. We investigated the 

bacterial gut microbiome of free-roaming horses in the western United States to determine 

whether the bacterial community varied with season, environment, or diet. We collected fecal 

samples in summer 2020 and winter 2020/2021 from 16 Bureau of Land Management Herd 

Management Areas (HMAs) across differing environments including the Colorado Plateau, 

Great Basin, Mojave Desert, and Wyoming Basin. We found that season, environment, and diet 

were all significant drivers of variation in gut microbial community composition. Seasonality 

explained about 3% of microbial community variation at the range-wide scale; however, 

seasonality explained 7–18% of variation within a single HMA. We identified 158 bacterial 

families present in free-roaming horse microbiomes during the winter, while only observing 128 

of these families during the summer. Environment, as measured by HMA or ecoregion was more 

explanatory than season, with HMA explaining 9% and ecoregion explaining about 4% of 

microbial community variation at the range-wide scale. Both season and environment explained 

greater variation when we averaged individual horse microbiomes within each HMA to create a 

“herd average” microbiome composition. Mantel tests indicated that diets that were more 
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dissimilar were associated with increasingly dissimilar microbial communities. Of the ten 

bacterial families that contributed the most to microbial community dissimilarity, nine were 

correlated with at least one plant family present in the diets of free-roaming horses. We found 

that the graminoid families of Cyperaceae, Poaceae, and Juncaceae and the forb and shrub 

families of Asteraceae and Chenopodiaceae most commonly displayed relationships with these 

microbial families. Free-roaming horses in the western United States maintain body condition 

and high rates of reproduction on what are often considered poor quality rangelands. It is 

possible that one contributor to their success may be that flexible gut microbiomes assist these 

animals in adapting to a wide range of environmental conditions. Studies such as ours that 

highlight the potential benefits of microbial plasticity to free-roaming animals elucidate the 

promise for research into microbial tools such as probiotics or microbial augmentations in 

wildlife management, which could prove useful to threatened species worldwide.  

INTRODUCTION  

Free-roaming herbivores interact with other herbivores, predators, parasites, plant species, and 

microorganisms, all of which can affect their survival and fitness. While many of these 

interactions have been the interest of scientists for generations, one area that has been recently 

gaining attention is the relationship between animals and the microbial communities that make 

up their “gut microbiomes”—the microbial organisms residing in animals’ digestive tracts. The 

benefits of microbial symbionts to break down forage in mammalian herbivores including many 

domestic livestock species have long been noted (Janis 1976; Hanley 1982; Van Soest 1982). 

However, more recent studies have shown additional benefits to microbial communities such as 

links between gut microbiome composition and feed efficiency in livestock (McCann et al. 2014; 

Myer et al. 2015; Shabat et al. 2016; Li et al. 2019a), and the ability for some mammalian 
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herbivores such as desert woodrats (Neotoma lepida) to degrade plant secondary metabolites 

(Kohl et al. 2014).  

While many studies have investigated relationships between gut microbes and their hosts 

in domestic livestock or laboratory animals, fewer have explored the complexity of microbial 

communities of wild or free-roaming animals in natural habitats (Amato 2013). There is 

foundational knowledge regarding gut microbiomes of diverse animals, including those from zoo 

settings (Ley et al. 2008; Muegge et al. 2011; McKenzie et al. 2017); however, wild animals 

have been shown to have differing microbiomes from their conspecifics located in captive 

environments (McKenzie et al. 2017; Metcalf et al. 2017; Chong et al. 2019; Li et al. 2019b; 

Salgado-Flores et al. 2019; Yao et al. 2019). In recent years more microbiome studies of wild or 

free-roaming herbivore species have been conducted (Bergmann et al. 2015; Antwis et al. 2018; 

Kartzinel et al. 2019; Li et al. 2019; Salgado-Flores et al. 2019; Yao et al. 2019; Fountain-Jones 

et al. 2020; Eddington et al. 2021; Weinstein et al. 2021; Nielsen et al. 2023; Buchanan et al. 

2024), adding further insights into the role microbiome plays in herbivore biology and ecology. 

Gut microbial communities have the potential to be influential in wildlife management 

(Trevelline et al. 2019). Some authors have highlighted the potential for microbial tools such as 

probiotics treatments in wildlife species to prevent infectious diseases or improve animal health 

(McKenzie et al. 2018; Trevelline et al. 2019). Other scientists have reported specific bacterial 

strains for use in preventing infectious diseases such as bovine tuberculosis (Stedman et al. 

2020), white nose-syndrome (Cheng et al. 2017), or chytridiomycosis (Bletz et al. 2013). Some 

researchers have suggested that microbial plasticity may offer an adaptive advantage to host 

animals (Alberdi et al. 2016; Bahrndorff et al. 2016; Trevelline et al. 2019). Others have also 

noted the potential importance of microbial communities to translocation success, and proposed 
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modifications to translocation efforts such as providing probiotic inoculum to animals destined 

for reintroduction (McKenzie et al. 2018), allowing longer adjustment time to increase the 

microbiome “wildness” (Yao et al. 2019), or performing microbial community monitoring post-

translocation (Chong et al. 2019). Understanding how the composition of gut microbial 

communities change across landscape scales—as well as factors that drive and shape microbial 

composition in free-roaming herbivores—will be important if management tools such as 

microbial transfers or probiotics in endangered, elusive, or sensitive wildlife species continue to 

be explored.  

Countless factors can affect composition of the gut microbiome community. Social 

networks have been shown to influence microbial composition in wild baboons (Papio spp., 

Tung et al. 2015), humans (Homo sapiens) and their dogs (Canis lupus familiaris, Song et al. 

2013), and in semi-feral equids (Antwis et al. 2018). Studies have shown an effect of season in 

free-ranging brown bears (Ursus arctos, Sommer et al. 2016), mule deer (Odocoileus hemionus, 

Eddington et al. 2021), American bison (Bison, Bergmann et al. 2015), pastured horses (Equus 

caballus; Kobayashi et al. 2006; Salem et al. 2018; Zaitseva et al. 2023), and stabled horses 

(Theelen et al. 2021). While some of these microbial changes could be caused by changing 

seasonal diet or metabolism in some species, an experiment in laboratory mice exposed to cold 

temperatures revealed a microbiome shift in cold exposed mice (Chevalier et al. 2015), which 

provides support for the impact of ambient seasonal temperature on microbial communities. 

Environment has been shown to be influential, with variation in microbial communities observed 

in animals of different herds or locations in Przewalski’s horses (E. ferus przewalskii, Li et al. 

2019b), mule deer (Eddington et al. 2021), pronghorn (Antilocapra americana, Buchanan et al. 

2024), and brown bears (Trujillo et al. 2022). Finally, diet has been identified as an important 
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driver of microbial composition. There is substantial literature indicating that dietary differences 

explain variation in microbial community composition. This includes studies at broad scales 

evaluating feeding niches such as omnivores, carnivores, and herbivores (Ley et al. 2008; 

Muegge et al. 2011; McKenzie et al. 2017) or when comparing different herbivore species 

(Henderson et al. 2015; Kartzinel et al. 2019). There are also interspecific examples within the 

same genera such as woodrats (Weinstein et al. 2021; Nielsen et al. 2023), or within a single 

species such as American bison (Bergman et al. 2015), brown bears (Trujillo et al. 2022), various 

African megafauna (Kartzinel et al. 2019), Przewalski’s horses (Li et al. 2019b), and domestic 

horses (Willing et al. 2009; Hansen et al. 2015; Fernandes et al. 2021). 

Free-roaming horses have become a management challenge across the western United 

States. They are a non-native species, descended from horses introduced to North America by 

European explorers and settlers starting in the 1500s and 1600s (Haines 1938a; 1938b; 

McKnight 1959). Free-roaming horses spread with the continued colonization across the western 

United States and through trade with Native American tribes (McKnight 1959). Today, free-

roaming horses are present in many western ecosystems including the Colorado Plateau, Great 

Basin, Mojave Desert, and Wyoming Basin. Populations in most western states are currently 

above their set appropriate management levels (BLM 2025); this trend is poised to continue, as 

free-roaming horse populations can increase at rates of 20% per year (Garrott et al. 1991). Large 

numbers of free-roaming horses can have negative effects on the ecosystems they inhabit 

(Beever and Brussard 2000; Beever and Herrick 2006; Beever et al. 2008; Davies et al. 2014; 

Davies and Boyd 2019; Hennig et al. 2021a). Another concern as horse numbers increase is 

potential for impacts on native wildlife species through direct effects such as competition at 

watering locations (Ostermann-Kelm et al. 2008; Perry et al. 2015; Hall et al. 2016; Gooch et al. 
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2017; Hennig et al. 2021b) or disturbing lekking sage grouse (Muñoz et al. 2021) or through 

indirect effects such as altering habitat (Beever and Aldridge 2011; Hennig et al. 2021a). Despite 

inhabiting sometimes harsh conditions, a previous study found that free-roaming horses across 

the range appeared to be in relatively good condition in summer and winter (Buchanan et al. in 

press). One reason horses are believed to succeed while grazing poor quality forage is their 

digestive system, which allows horses to leverage low quality, abundant forage by quickly 

passing ingesta through their digestive tract (Janis 1976; Hanley 1982). Hindgut fermenters, such 

as horses, digest food less completely compared to ruminants, allowing horses to maintain a 

quicker ingesta passage rate compared to many other herbivores (Duncan et al. 1990). In 

ruminants, forage intake is limited because of the necessity for ingesta to be broken into small 

particles to pass from the rumen to the remainder of the digestive tract (Hanley 1982). 

Conversely, horses do not have this particle size limitation and can more quickly pass ingesta 

through their digestive tract, enabling a “quantity over quality” strategy able to take advantage of 

abundant low-quality forage (Janis 1976, Hanley 1982). As an example, in a previous study 

horses consumed 63% more (on a per body weight basis) than cattle, allowing them to consume 

more digestible nutrients per day although the cattle digested food more completely (Menard et 

al. 2002). However, it is still unknown how these animals are able to adapt to differing available 

forage, ecosystems, and conditions across the western United States, especially because modern 

horses did not evolve in North America.  

Here, we investigate the relationship between free-roaming horses and their gut 

microbiomes to understand whether gut microbial composition may be a potential adaptive trait 

that allows these animals to succeed. Our overall objective was to investigate whether microbial 

variation is present in free-roaming horses in different seasons or environments. If apparent, 
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variable microbial community composition could be an adaptive trait that allows horses to 

succeed, despite often inhabiting areas considered poor quality foraging habitats for large 

grazing animals. We first investigated whether microbiome composition varied by season. We 

hypothesized that because microbiome composition differed between season in other North 

American species (Bergmann et al. 2015; Sommer et al. 2016; Eddington et al. 2021) and in 

pastured or free-roaming horses in other parts of the world (Kobayashi et al. 2006; Salem et al. 

2018; Zaitseva et al. 2023), we would measure a seasonal difference in free-roaming horse 

microbiomes at both the range-wide scale and when focusing on individual HMAs. Second, we 

investigated whether the equine microbiome varied in different ecosystems by comparing the 

microbial composition in different HMAs and ecoregions. Conspecifics occupying different 

habitats may have access to different regional microbes and could acquire distinct microbial 

communities (Amato et al. 2013). Indeed, literature from other North American herbivores 

(Eddington et al. 2019, Buchanan et al. 2024) and Przewalski’s horses (Li et al. 2019b) has 

demonstrated variation in microbial composition between study areas. Thus, we hypothesized 

differences in microbial composition would be detected in different HMAs and ecoregions. 

Finally, we evaluated whether microbiome composition in free-roaming horses varied with diet 

composition. Relationships between diet and microbial composition have been noted in many 

herbivores (Bergman et al. 2015; Henderson et al. 2015; Kartzinel et al. 2019) including in the 

Przewalski’s horse (Li et al. 2019b), an endangered equid species that has been successfully 

reintroduced into native habitat in China and Mongolia. Studies in domestic horses have also 

documented microbial changes with dietary changes (Willing et al. 2009, Hansen et al. 2015; 

Fernandes et al. 2021). Therefore, we hypothesized we would find a link between diet and 
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microbiome composition and that free-roaming horses in our study with more similar diets 

would have more similar microbial communities as well.  

METHODS 

Study Areas 

We chose study areas to represent the ecological and geographic range of free-roaming horses 

across Bureau of Land Management (BLM) Herd Management Areas (HMAs). We used 

information from the BLM’s Wild Horse and Burro Herd Management Areas Website (BLM, 

undated, https://www.blm.gov/programs/wild-horse-and-burro/herd-management/herd-

management-areas) to initially select HMAs and refined choices based on discussions with BLM 

personnel. We selected 16 HMAs where local knowledge indicated that we could safely access 

horses in summer and winter seasons on foot or with four-wheel drive vehicles. Additionally, we 

chose HMAs to cover a representative gradient of herbaceous availability. Once HMAs were 

selected, we identified the United States Environmental Protection Agency (EPA) level III 

ecoregion (EPA 2024) of each of our selected HMAs by overlaying HMA and ecoregion shape 

files. Our study HMAs included six distinct EPA III Ecoregions including the Central Basin and 

Range, Colorado Plateau, Mojave Basin and Range, Northern Basin and Range, Snake River 

Plain, and Wyoming Basin. We were unable to access one HMA (Sands Basin, ID) in the winter 

due to unfavorable weather and impassible roads. For more information on selected HMAs, see 

the study area description, Table 1, and Figure 1 in Buchanan et al. (in press). 

Field Methods 

Within each HMA, we collected free-roaming horse fecal material from 15 separate fecal piles 

during summer 2020 (May–July) and winter 2020/2021 (late November to January). We relied 

on local knowledge from BLM personnel or wild horse groups to identify locations frequented 
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by free-roaming horses and additionally used maps to identify probable watering locations to 

begin searching for free-roaming horses. Starting at these locations, we then drove along roads 

until we detected horses or fresh fecal material (for description of our definitions of freshness of 

fecal material please see Appendix A of Buchanan et al. in press). Whenever possible, we 

collected fecal material from at least three geographically separate areas of an HMA to represent 

free-roaming horse use across the geographic gradient of the HMA. This was not possible in all 

HMAs or seasons due to lack of safe access to portions of the HMA, failure to find fresh signs of 

horse use within sections of an HMA, or uneven distribution of free-roaming horses throughout 

an HMA. In some HMAs, most horses were observed near one another during a single temporal 

point, while other HMAs only had a single perennial water source, making it impossible to find 

fresh fecal material in other areas of these HMAs during our sampling window.  

To ensure fecal material had not been exposed to environmental factors for prolonged 

periods of time, we obtained fecal material from fresh piles with moist interiors, and when 

possible, collected fecal samples immediately after observed defecations. A previous study in 

domestic horses indicated that microbial communities remained stable for 6 hours and started to 

change by 12 hours post defecation (Theelen et al. 2021). Based on the criteria we had for 

collecting fecal material, we feel that collections likely fell within this stable period, however, 

we still assigned each fecal collection a freshness index to investigate the effect of fecal 

freshness on microbial communities (for more information about fecal freshness indices see 

Appendix A in Buchanan et al. in press). Our main concern in requiring fresh samples was for 

microbial community preservation, because plant DNA in horse fecal material was reported to 

remain stable for up to two months when exposed to the environment (King et al. 2018). We 

collected at least three fecal boluses from each pile to achieve a representative sample of an 
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individual free-roaming horse and gathered fecal matter from the interior of piles to minimize 

environmental contamination. For each fecal collection, we turned a sealable plastic freezer bag 

inside out without touching the bag interior and collected the sample into the bag. We wore latex 

gloves to prevent contamination of fecal material if we needed to place material into the bag. 

After collecting fecal material, we returned the plastic bags to proper orientation, sealed them, 

and stored fecal material on dry ice while in the field. We transferred frozen fecal material to a -

20°C freezer within two weeks. We chose to freeze fecal material for preservation until 

laboratory analyses because freezing has been shown to effectively preserve fecal DNA in other 

species (Vlčková et al. 2012; Czernik et al. 2013).  

Sample Preparation 

We kept fecal material stored in a -20°C freezer and sub-sampled fecal material for DNA 

extraction and sequencing after all field collections were made. We carried out all sub-setting 

procedures under a hood to prevent contamination from the laboratory or technicians. During this 

process, we removed small groups of fecal samples from the freezer and kept them on ice to 

prevent thawing. We used a rubber mallet to drive a metal corer to obtain an interior sample for 

three fecal boluses from each animal. We then used autoclaved tools to deposit the interior of 

each core into a 2-ml test tube. We avoided placing portions of the surface of a fecal bolus into 

the test tube to minimize environmental microbial contamination. To prevent any further 

contamination, we used a clean autoclaved corer and new set of gloves for each individual 

horse’s fecal matter, and we wiped surfaces with ethanol and RNase AWAY to remove any 

residual bacteria and DNA or RNA fragments. We added 230-250 mg of fecal material to each 

tube and stored sub-samples in a -20°C freezer awaiting laboratory analysis. 

DNA Extractions, Library Preparation, and Sequencing 
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We submitted fecal material to the Genome Technologies Lab at the University of Wyoming for 

DNA extraction and library preparation to characterize both the plant and microbial communities 

found in free-roaming horse fecal material. A single DNA extraction was made for both 

microbial and plant assays using a QIAGEN DNeasyPowerSoil Kit following manufacturer's 

protocols. Prior to amplification and library preparation, samples were normalized to 10ng/µL. 

Library preparation was conducted using custom designed one-step primers, including 

Illumina adaptors and unique oligo barcodes so indexes and barcodes were within the reads. For 

both plant and microbial assessments, two libraries were prepared for each individual fecal 

collection to assess consistency in library preparation and sequencing. For plants, the P6 loop of 

the trnL locus was amplified using the -g (GGGCAATCCTGAGCCAA) and -h 

(CCATTGAGTCTCTGCACCTATC) primers described by Taberlet et al. (2007). PCR 

conditions for library preparation included a 10-minute denaturation (95°C) followed by 35 

cycles of denaturation (95°C, 30s), annealing (55°C, 30s), and extension (72°C, 30s). This was 

followed by a final extension period (72°C, 9 minutes) and a hold at 4°C. For microbial analysis, 

the variable 4 (V4) region of the 16S rRNA intron was amplified using the 515f 

(GTGYCAGCMGCCGCGGTAA) and the 806r (GGACTACHVGGGTWTCTAAT) primers 

described in Walters et al. (2016). The 16S PCR cycling conditions encompassed a 3-minute 

denaturation at 95°C followed by 35 cycles of denaturation (98°C, 30s), annealing (62°C, 30s), 

and extension (72°C, 30s). There was a final extension period of 5 minutes at 72°C followed by a 

hold at 4°C. PCR cleanup was conducted using the Axygen™ AxyPrep MAG PCR Clean-Up Kit 

following the manufacturer's protocol.  

Sequencing was conducted by the University of Colorado. Libraries were pooled at a ratio of 

four to one (16S: trnL), to account for amplicon length differences. Libraries were sequenced at 
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2x250 on a NovaSeq6000, with a 10% PhiX addition. Please see Appendix A in Buchanan et al. 

(in press) for further information about protocols.  

Bio-informatics 

We used the QIIME2 (Bolyen et al. 2019) pipeline for initial bioinformatics of microbial 

communities. Our demultiplexing steps yielded an initial 548,176,831 reads with a mean read 

count of 515,204 per sample. We used the DADA2 program (Callahan et al. 2016) within 

QIIME2 to complete filtering and de-noising. After examining quality scores, we truncated 

forward and reverse reads at 240 base pairs to allow overlap for merging. We report read counts 

at various steps of the DADA2 pipeline in the Appendix (Table A1). We identified 325,501 

unique amplicon sequence variants (ASV), with each ASV representing a unique genetic 

sequence recognized in samples during the sequencing process. We assigned taxonomy to the 

species level using Silva databases (Silva 138 SSURef NR99 515F/806R region sequences Silva 

138 SSURef NR99 515F/806R region taxonomy and Silva 128 SEPP reference database; Quast 

et al. 2013).  

We conducted downstream analysis in Program R (Version 4.3.0; R Core Team, 2023) 

and read QIIME2 outputs into R using the package ‘qiime2R’ (Bisanz 2018). We used the R 

package ‘phyloseq’ (McMurdie and Holmes 2013) to combine taxonomy, collection metadata, 

and the ASV table for analyses. Our initial laboratory protocols produced two sets of reads for 

each horse, so after checking for consistency of patterns across the duplicate samples we merged 

the reads to create a single set of reads for each horse. We initially began with 325,501 distinct 

ASVs. We subset these to include only reads assigned to the kingdom bacteria to remove archaea 

or any ASVs with an unassigned Kingdom, resulting in 313,253 ASVs remaining. We then 

removed mitochondrial (1444 ASVs) and chloroplast (1071 ASVs) reads yielding 310,738 
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unique ASVs. We then transformed read counts to relative abundance by dividing the number of 

reads for each taxon within each horse by the total reads for that horse. Because our goals were 

more focused on assessing patterns driving microbial communities rather than identifying rare 

taxa, we filtered to exclude reads that had a relative abundance of less than 0.001%. After 

filtering, 16,896 ASVs remained. By eliminating rarer low abundance ASVs, we were also able 

to exclude ASVs that represented potential erroneous reads or sequencing errors. For information 

about the bio-informatics and data processing steps for the plant community composition please 

see Buchanan et al. (in press).  

Statistical Analysis  

We assessed the taxonomic depth of coverage by determining the percentage of reads assigned to 

each taxonomic level (Table A2), and visualized community composition using stacked bar 

charts (Figure A1, A2). We also quantified the number of different bacterial families present in 

different seasons, ecoregions, and HMAs. To visualize the effects of season, ecoregion, or HMA 

on free-roaming horse microbiome composition, we created ordination plots using Principal 

Coordinate Analysis (PCoA) and Bray–Curtis dissimilarity measures.  

To assess differences in microbial communities among HMAs, ecoregions, and seasons 

we conducted permutational multivariate ANOVA (PERMANOVA) tests with 999 permutations 

using the adonis2 function (McArdle and Anderson 2001; Anderson 2001) in the ‘vegan’ 

package. We also used Bray–Curtis as a distance metric when performing PERMANOVA tests. 

We investigated season, ecoregion, and HMA as potential drivers of microbial community 

composition at various scales relevant to free-roaming horse management using a series of 

PERMANOVA tests. 
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To investigate the amount of variance explained by the factors of season, ecoregion, and 

HMA at the range-wide scale we first performed PERMANOVA tests using each single factor 

on the full set of 465 fecal collections: 15 fecal collections per each of 15 HMAs for each season 

(summer and winter), plus the 15 from Sands Basin HMA in Idaho, which was only visited in 

summer 2020. We used the pairwise.adonis function (Arbizu 2020) with Bonferroni correction to 

assess which ecoregions or HMAs were different from one another. Next, to investigate the 

marginal effect of these factors when considered in combination, we created combined 

PERMANOVA models that included either season and HMA or season and ecoregion. We also 

completed another set of models that included the interactions of these factors. Because HMA 

and ecoregion were confounded with one another, we did not include both ecoregion and HMA 

in models together. To investigate the more localized effect of season within a single HMA, we 

subset to one HMA at a time (15 summer and 15 winter fecal collections) and performed a 

PERMANOVA test for season using only each 30-horse HMA subset. Finally, because 

individual animal identity has been shown to explain high amounts of variation in the microbial 

community, up to 50% in one study (Antwis et al. 2018), we created a “herd average” microbial 

composition for each HMA and season to investigate the effects of ecoregion and season at the 

“herd average” scale once individual animal variation was removed. Finally, we used SIMPER 

analysis (Clarke 1993) in the vegan package (Oksanen et al. 2022) to explore which microbial 

families contributed the most to the overall dissimilarity in microbial communities between free-

roaming horses and specifically to seasonal differentiation in microbial communities at the 

range-wide scale.  

Initial data analysis indicated free-roaming horse diet composition included seasonal 

patterns that mirrored the seasonal variation we observed in the microbial community (Table A3, 
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Figure A3). To assess this potential relationship between free-roaming horse diet and 

microbiome, we first performed a Mantel test using the mantel function in the vegan package 

(Oksanen et al. 2022) to evaluate the covariance among the microbial community and diet 

composition of each horse. We created a distance matrix from the relative abundance ASV tables 

for both the microbial community and diet composition among all 465 horses using Bray Curtis 

as our distance metric. To assess the effect of taxonomic depth on potential diet-microbe 

relationships, we completed Mantel tests at the ASV and family levels. At the ASV level, we 

created distance matrices that included all 16,896 bacterial ASVs and 284 plant ASVs after we 

filtered rare taxa. For the family-level Mantel tests, we reduced taxonomic depth to a simplified 

community composition that included the 158 bacterial and 50 plant families and created 

distance matrices from these simplified community profiles. For more information about the data 

processing steps leading to the plant composition ASV table, please see Buchanan et al. (in 

press). To further understand links between diet and gut microbial composition, we investigated 

the relationship between family level diet composition and the ten bacterial families that 

SIMPER analysis indicated had the largest contributions to differences in bacterial communities. 

We used rcorr in the Hmisc package (Harrell 2023) to conduct correlations using the default 

setting of Pearson’s correlations between these select bacterial families and the 50 plant families 

identified in free-roaming horse diets, using the full set of 465 horses. We adjusted p-values for 

multiple comparisons with the false discovery rate method (Benjamini and Hochberg 1995) 

using the p.adjust function.  

RESULTS 

Our filtered microbiome dataset included 21 phyla, 47 classes, 100 orders, 158 families, 287 

genera, and 382 species. Most reads were assigned to a depth of family level (96.67% of reads) 
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while fewer were assigned to the genus (80.87%) or species (52.30%) levels (Table A2). We 

summarized the bacterial community within each HMA and season combination in stacked bar 

charts by both phyla and family (Figure A1 and A2). The family chart represents only those 

families (30 in total) that occurred with at least 1% relative abundance in each HMA (Figure 

A2). We found all 158 identified families in winter, while only 128 were present in summer. The 

number of families present in free-roaming horse microbiomes from different ecoregions 

averaged 123.50 and varied from a high of 148 families in the Wyoming Basin ecoregion to a 

low of 107 families in the Mojave Basin and Range ecoregion. However, we must note that the 

Mojave ecoregion only contained one HMA and thus it is not surprising for there to be less 

diversity of microbial families present than in ecoregions containing multiple HMAs. The 

average number of families present in a single HMA averaged 112.87 (excluding Sands Basin) 

with a high of 138 in Green Mountain (WY) and a low of 99 in Adobe Town (WY, Table A4).  

When assessing drivers of microbial community composition at the range-wide scale 

using all 465 horse fecal collections, season, ecoregion, and HMA were all significant as a single 

predictor (p = 0.001) but only explained 3.5%, 4.4%, and 9.5% of microbial variation, 

respectively (Table 1). After averaging the 15 free-roaming horses in each HMA and season to 

get a “herd average” microbiome for each HMA and season, we found that both season (p = 

0.001) and ecoregion (p = 0.044) were significant predictors of microbiome composition and 

explained 15.3% and 20.3% of the microbial variation, respectively (Table 1). HMA was no 

longer a significant predictor (p = 0.887, Table 1), likely because there were only two data points 

(one per season) for each HMA when analyzing data at this scale. Ordinations clearly indicated 

separation between seasons (Figure 1) but visual patterns were less clear between ecoregions 

(Figure 2) or HMAs.  
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Overall, our multifactor PERMANOVA models supported the trends detected with single 

factor PERMANOVAS. When we combined season and ecoregion in PERMANOVAs at the 

range-wide scale using all individual horses, both factors were significant (p = 0.001) when 

considering their marginal effects and their interaction was also significant (Table 2). The same 

was true when considering the marginal effects of season and HMA as well as their interaction 

(Table 2). When accounting for the marginal effect of season and HMA, HMA (R2 = 0.093) was 

more explanatory of microbial community variation than season (R2 = 0.033), however when the 

model was run including an interaction, their interaction (R2 = 0.070) also accounted for some of 

the variation. When the marginal effect of season (R2 = 0.036) and ecoregion (R2 = 0.045) were 

accounted for, both factors explained similar amounts of variation. A similar amount of variation 

was explained by their interaction (R2 = 0.031).  

When evaluating these drivers at finer scales, these factors were able to explain more of 

the variation in microbial communities. When investigating the effect of season at the HMA 

scale using only the 30 horses in each HMA subset at a time, differences in summer and winter 

microbial composition were evident in all HMAs (p = 0.001, Table 3). Different HMAs had R2 

values ranging from 0.070 to 0.181, meaning season explained between 7.0 to 18.1% of the 

variation in the microbial community within a single HMA (Table 3) which is two to five times 

more explanatory power than when evaluating season at the range-wide scale. When we 

conducted multifactor models on the “herd average” microbial compositions, season and 

ecoregion were both significant (p = 0.001 and 0.002 respectively) and explained 15.8 and 20.8% 

of the variation, respectively, when evaluating each of these factors individually (Table 2). When 

we included their interaction, both factors were still significant (p = 0.001), explained 15.3 and 

20.8% of the variation, and the interaction was significant (p = 0.033), explaining a further 
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16.2% of the variation (Table 2). We did not include HMA in these models, as it was not 

significant on its own as a factor at the “herd average” scale.  

SIMPER analysis indicated that ten bacterial families explained the majority (0.595) of 

the average overall dissimilarity in microbial composition (Table A5). Of the ten families that 

contributed the most to differences between microbial communities, seven 

(Acidaminococcaceae, Anaerovoracaceae, Lachnospiraceae, Oscillospiraceae, Rikenellaceae, 

Saccharimonadaceae, and Spirochaetaceae) had significantly different abundances between 

summer and winter samples. Bacteria in the families Anaerovoracaceae, Lachnospiraceae, and 

Saccharimonadaceae were more prevalent in summer gut microbiomes while 

Acidaminococcaceae, Oscillospiraceae, Rikenellaceae, and Spirochaetaceae were more 

associated with winter microbiomes (Table A6; Figure A4). An additional 58 families also 

differed significantly (p < 0.05; 48 families) or were moderately significant (p = 0.5 to 0.10; 10 

families) between the two seasons, but did not have as strong a contribution to overall seasonal 

differences (Table A6).  

Our exploratory data analysis and visualizations (Table A3, Figure A3) revealed seasonal 

patterns in free-roaming horse diet composition that were similar to the microbial community, 

supporting a relationship between diet and microbial community composition. Mantel tests 

indicated that there was a positive correlation between the distance matrices of microbial and 

plant (diet) communities at the ASV level. As the diet communities of free-roaming horses 

became more dissimilar, so did the microbial communities. While the correlation was significant 

(p = 0.001), it was not strong (r = 0.101). However, it is still important to note this important 

relationship among diet and microbiome exists—essentially the two communities co-varied and 

horses with more similar diet composition also tended to have more similar microbiomes. When 
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we reduced both the plant community and microbial community to the family level, the 

correlation was marginally significant (p = 0.093) and less explanatory (r = 0.037). Interestingly, 

when we reduced the microbial community to a family level but considered the plant community 

at an ASV level, results were significant (p = 0.001); however, the correlation was still not as 

strong (r = 0.074) as when both communities were considered at the ASV level. Therefore, it is 

likely that functional relationships between diet and microbial communities were strongest at 

deeper taxonomic levels such as species level interactions, especially when considering the 

plants free-roaming horses were consuming.  

Although relationships between microbial and plant taxa more strongly co-varied at the 

ASV level, we chose to evaluate specific taxa relationships at the Family level, due to the large 

numbers of bacterial ASVs as well as uncertainty of taxa assignment at deeper taxonomic levels 

in the diet data (see Buchanan et al. in press for more explanation of this). We found that nine 

(Acidaminococcaceae, Anaerovoracaceae, Lachnospiraceae, Oscillospiraceae, P-251-05, 

Prevotellaceae, Rikenellaceae, Saccharimonadaceae, and Spirochaetaceae) of the ten bacterial 

families that contributed most to microbial community differences were significantly correlated 

with at least one plant family in the diets of free-roaming horses (Table A7). The microbial 

families that exhibited relationships with the most plant families were Lachnospiraceae and 

Rikenellaceae (Table A7). Plant families that were significantly correlated with one or more of 

the ten selected bacterial families included Asteraceae, Berberidaceae, Brassicaceae, 

Cucurbitaceae, Chenopodiaceae, Cupressaceae, Cyperaceae, Ephedraceae, Fabaceae, Juncaceae, 

Juncaginaceae, Nyctaginaceae, Poaceae, Polygonaceae, Potamogetonaceae, Solanaceae, 

Tamaricaceae, and Zygophyllaceae. When evaluating the relationships between plant families 

and these selected bacterial families, we found that when bacterial families exhibited a 
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relationship with both graminoid (grass and grass-like plants [Cyperaceae, Juncaceae, and 

Poaceae families]) and forb or shrub families the relationships tended to exhibit opposite patterns 

in direction of correlation with graminoid families as compared to forb or shrub families. 

Bacterial families that exhibited negative relationships with graminoid families included 

Acidaminococcaceae, Oscillospiraceae, Prevotellaceae, and Rikenellaceae, while those 

exhibiting positive relationships included Anaerovoracaceae, Lachnospiraceae, and 

Saccharimonadaceae (Table A7). For more detailed results and interpretations of these 

correlations, see the Appendix and Table A7.  

DISCUSSION 

In support of our hypotheses, we found that season, HMA, ecoregion, and diet were all 

significant drivers of free-roaming horse gut microbiomes. These factors had a significant effect 

on microbial composition whether considered alone or in combination, and across HMA and 

range-wide scales. These results indicate that, although not always explanatory of a large amount 

of variation, these factors are important drivers of free-roaming horse microbial composition. 

The literature also provides evidence of the gut microbiome of horses and other equids being 

affected by season (Kobayashi et al. 2006; Salem et al. 2018; Theelen et al. 2021; Zaitseva et al. 

2023), environment (Li et al. 2019b), or diet (Willing et al. 2009; Hansen et al. 2015; Li et al. 

2019b; Kartzinel et al. 2019; Fernandes et al. 2021). One reason that we potentially did not 

explain large amounts of variation, especially in the models including all individual horses, is the 

large amount of individual variation in microbial composition that has been reported in other 

free-roaming equids (Antwis et al. 2018).  

The effect of season was apparent at all scales but was more evident within a single HMA 

than at the range-wide scale, explaining 7 to 18% of the microbial variation within individual 
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HMAs but only around 3% of the microbial variation at the range-wide scale. Similarly, season 

explained a small but significant portion of variation in a study of domestic horses in the 

Netherlands that found it to account for 2.8% of the beta diversity variation in microbial 

communities (Theelen et al. 2021). Likewise, for mule deer in Utah, microbial communities were 

significantly different between December and March, but this only explained a small portion (R2 

= 0.02) of the variation in microbial communities (Eddington et al. 2022). We may have 

observed that more variation in the microbial community was explained by season at the HMA 

scale because environmental variation was minimized to the conditions of a single HMA. Certain 

microbial taxa may respond differently to seasonal fluctuations within variable conditions of 

different HMAs depending on the environmental conditions. Indeed, this was the case with 

seasonal dietary changes in free-roaming horses, the seasonal effect on dietary graminoid 

composition varied by HMA (Buchanan et al. in press).  

Environment explained about three times more microbial community variation as 

compared to season at the range-wide scale. However, a significant interaction between these 

factors indicates that the effects of season and HMA are not mutually exclusive. The same was 

true when analyzing the marginal effect of ecoregion and season. Environment or location has 

been shown to be a driver of microbial composition in other species. Eddington et al. (2021) 

found an interaction of season and herd location in mule deer. Buchanan et al. (2024) revealed 

that study area explained about 6% of the variation in pronghorn gut microbiome and Trujillo et 

al. (2022) found that beta diversity among brown bears in Alaska was driven by location among 

three different parks, while season did not account for differences in beta diversity. In another 

equid species, Przewalski’s horses, there were significant differences in microbial composition 

between two different nature reserves in China (Li et al. 2019b).  
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We could not model the marginal effect of HMA and ecoregion together, as these metrics 

were confounded, but when analyzed using separate PERMANOVA tests, HMA was more 

explanatory than ecoregion. There are multiple potential reasons for this. First, horses within an 

HMA are more likely to be closely related to one another than to horses within other HMAs. 

Evolutionary history can be a strong driver of microbial composition in wildlife, as shown 

among closely related species such as woodrats (Weinstein et al. 2021) or in sympatric species 

such as African megafauna (Kartzinel et al. 2019). Genetics can also drive microbial 

composition within a single species; for example, Li and colleagues found that some features of 

cattle rumen microbiomes were heritable (Li et al. 2019a) and Linnenbrink et al. found that in 

wild house mice (Mus musculus) the genetic clusters mice belonged to influenced microbial 

communities (Linnenbrink et al. 2013). Specifically in horses, variation in microbial composition 

between different breeds has been reported (Zhao et al. 2015; Wen et al. 2022). Because free-

roaming horse herds have roots in different founding stock ranging from the original horses 

brought to North American by Spanish conquistadors to horses turned out or escaping various 

human endeavors such as ranching, mining, draft, or saddle mounts (McKnight 1959), free-

roaming horses in different HMAs often exhibit different breed types. Though we did not 

investigate any associations between genetic relatedness of horses and their microbiomes, this is 

something that could be investigated in future studies. In addition, social structure can affect 

microbial transmission in horses, with horses that interact more closely having more similar 

microbiomes (Antwis et al. 2018). Because animals within the same HMA are more likely to 

interact, this could further explain why HMA was able to explain more of the microbial variation 

than ecoregion. The environmental conditions within an HMA are also likely to be more similar 

than those across an entire ecoregion, potentially leading to more similar microbial communities 
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within an HMA. Finally, there are also dispersal limitations to microbes: spatial location among 

groups of mammals has been shown to account for variation in microbial communities 

independent of dietary or phylogenetic differences (Moeller et al 2017). Geography was also the 

strongest predictor of microbial variation in wild mice populations in France and Germany 

(Linnenbrink et al. 2013) and spatial proximity of individual moose (Alces alces) in Minnesota 

was important in shaping their gut microbial communities (Fountain-Jones et al. 2020). 

Therefore, horses within an HMA being located in closer spatial proximity to one another 

compared to all horses within an ecoregion is another possible explanation for the stronger effect 

of HMA.  

In our study, free-roaming horse diet co-varied with microbial community, suggesting a 

relationship between dietary composition and the gut microbial community. This was not 

surprising, as many aforementioned studies have indicated this link exists (but see Theelen et al. 

2021, where researchers found no effect of diet on microbiome in horses). While significant, the 

relationship of diet and microbiome in our study only explained about 10% of the variation in the 

horse gut microbial community. This is similar to studies in other free-roaming species. For 

example, in closely related woodrat species, diet was a significant predictor of the microbial 

community explaining 16% of microbial variation (Weinstein et al. 2021). In African 

megafauna, correlations between microbial and diet dissimilarities were significant in 14 of 17 

species studied with correlation values (r) ranging from 0.133 to 0.583 (Kartzinel et al. 2019). In 

this study, two equid species, donkeys (E. asinus) and Plain’s zebras (E. burchellii), exhibited 

significant dietary and microbial correlations while in another equid, Grévy’s zebra (E. grevyi), 

the relationship between dietary and microbial dissimilarity was not significant (Kartzinel et al. 

2019). However, in studies of wild or free-ranging animals the effect of season, diet, and location 
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are often difficult to tease apart. In a study of pasture-raised horses in New Zealand, diet, season, 

and month all had significant effects on microbial communities, and authors suggest the temporal 

effects of season could be driven by changes in nutrient composition of pastures (Fernandes et al. 

2021). While we found that diet composition co-varied with microbial composition, it is likely 

that the effects of season, location, and diet are all related.  

Furthermore, we found that many of the specific bacterial families that contributed most 

to community dissimilarity in the free-roaming horse microbiome were correlated with particular 

plant families. This association is not surprising, as it is well known that many herbivores form 

relationships with bacteria to assist with degrading plant materials. Specifically, we identified 

Lachnospiraceae and Rikenellaceae as the microbial families associated with the greatest number 

of plant families. Lachnospiraceae are involved with fermenting plant complex polysaccharides 

and can break down fiber into short chain fatty acids (Zaplana et al. 2024). Members of the 

Rikenellaceae family have been identified as having a role in digestion of crude fiber (Huang et 

al. 2021) and the abundance of this bacterial family in the digestive tract has been shown to be 

affected by diet differences in cattle (Zened et al. 2013). These two families, in addition to 

others, may exhibit relationships with diet composition in free-roaming horses for multiple 

reasons. It is possible that these microbes proliferate in the gut due to a functional response to 

specific nutritional components of dietary constituents of select plant taxa. It is also possible that 

these bacteria are naturally present on the surface microbiomes of select plants, thus as the 

animal consumes these plants the relative abundance of these microbes passively increases. 

Moreover, recent research has indicated that the composition of an animal’s gut microbiome may 

serve as a driver for diet selection (Trevelline and Kohl 2022). Better understanding of the cause 

and effect of these relationships would be a topic for future investigation with more specific 
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experimental trials, because with our observational design we were only able to identify 

correlation and not causation.  

One limitation of our study is the lack of positive identification of all free-roaming horses 

that fecal material was collected from, leading to the possibility that the same animal was 

sampled in the summer and winter. However, to complete our study at this large scale, we made 

the assumption that our opportunistically collected samples represent a random independent 

sample of the free-roaming horse population in each HMA. We feel our sampling design of 

covering multiple areas within each HMA, coupled with the fact most HMAs had populations 

numbering in the hundreds and sometimes thousands of horses during our sampling periods 

(BLM 2020) reduced the chance that double sampling occurred. While we were able to suggest a 

method to address this mathematically during data analysis in a previous study that investigated 

the dietary proportion of graminoids and other forage plants from the same fecal collections 

(Buchanan et al. in press), addressing this limitation in high multidimensional space becomes 

challenging without reducing the dimensionality of the data. We decided that the loss of 

information from reducing dimensionality was a higher cost than accepting this limitation to our 

collection methods. Future studies could address this limitation by positively identifying every 

free-roaming horse as fecal material is collected to ensure there is no overlap in animals sampled. 

However, in some HMAs horses lack distinctive coloring or markings, making collections from 

individual animals infeasible without management interventions. Researchers could positively 

identify horses through tracking collared animals or applying an identifying feature such as a 

conspicuous brand or colored ear tag. While identification methods like this are commonly used 

in many wildlife species, free-roaming horses are a chimera of sorts that are simultaneously 

viewed as livestock, pets, or wildlife by different communities and interest groups (Hennig et al. 
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2023), making management decisions troublesome due to social and political factors (Scasta et 

al. 2018; Davies and Boyd 2019; Hennig et al. 2023). Indeed, collaring free-roaming horses in 

the United States is a contentious topic, and due to animal welfare concerns has only been 

completed in limited instances in recent decades (Hennig et al. 2020; Schoenecker et al. 2020; 

Schoenecker et al. 2024). Applying collars or other identifiers to horses would necessitate a 

gather, increasing costs, and requiring another activity that often receives public pushback 

(Scasta et al. 2018). Another option would be ensuring animal identities are unique through 

additional genetic tests of fecal material, although this would increase costs significantly. 

Opportunistic fecal sampling is not unique to our study. Other microbiome studies in free-

roaming animals have described using opportunistic collections of fecal material for microbial 

study (Kartzinel et al. 2019, Perofsky et al. 2019). Overall, we contend that our assumption that 

samples represent a random independent sample of each HMA was realistic given the scope of 

our study; however, we point this limitation out in hopes that future researchers can address 

similar sampling issues.  

In long-lived animals such as horses, the capacity of animal genetics to quickly adapt to 

changing conditions is limited. It has been suggested that microbial plasticity may allow for 

adaptation to changing conditions or climates because microbes have rapid generational times. 

Therefore, the genetic profile of an animal’s microbial community can change within their 

lifetime, offering additional adaptive capacity. Various authors have previously proposed the 

idea of the microbiome as an adaptive trait to the host animal (Amato 2013; Alberdi et al. 2016; 

Bahrndorff et al. 2016; Trevelline et al. 2019). Indeed, by following individuals through the 

reintroduction process or in comparing captive raised animals to their post-reintroduction 

counterparts, researchers have shown that pandas (Ailuropoda melanoleuca ,Yao et al. 2019), 
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Przewalski’s horses (Li et al. 2019b), and Tasmanian devils (Sarcophilus harrisii, Chong et al. 

2019) all exhibited altered, more “wild-type” microbiomes after translocation as compared to 

captivity. For wild brown bears, microbial communities varied with changing diets throughout 

different seasons and habitats, likely helping bears adjust to changing resources throughout the 

year (Trujillo et al. 2022). In free-roaming horses, we observed variation in microbial 

communities within different HMAs, ecoregions, and seasons, and detected co-variation of diet 

and microbial communities indicating that the free-roaming horse microbiome is flexible and 

adaptive to differing conditions and dietary components. Free-roaming horses in North America 

have been shown to maintain desirable body condition across environments and seasons while 

consuming a variety of diets (Buchanan et al. in press) so it is possible that adaptive microbial 

communities could be a contributor that assists free-roaming horses to be successful in a variety 

of environments in the western United States. 

IMPLICATIONS 

Many species for which captive to wild relocations or wild-to-wild translocations are needed 

have experienced genetic bottlenecks in which a loss of genetic diversity is experienced due to a 

large population decline. While these species may not exhibit broad genetic diversity within the 

animal population to allow for adaptive capacity, it is possible that flexibility in the microbial 

community could help overcome some of these hurdles. Indeed, in Przewalski’s horses, a species 

that once was reduced to 31 individuals, reintroduced animals in two reserves were shown to 

have differing microbiomes from conspecifics in the breeding center, revealing that these 

animals’ microbiomes can adapt from a captive setting and diet to a wild one (Li et al. 2019b). 

Our findings demonstrate that the community composition of gut bacteria in free-roaming horses 

varied with season, ecoregion, HMA, and diet; therefore, it is possible that the ability of the 
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microbial community to adapt to environmental and seasonal changes and novel dietary 

resources is helping these animals to inhabit varying ecological conditions across the range. With 

studies including ours demonstrating variation of microbial communities in free-roaming 

animals, and the fact that many species worldwide are experiencing the effects of habitat loss, 

changing environments, or anthropogenic effects, the need for further research into the 

applications of microbial tools in wildlife management is more pressing than ever.  
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TABLES 

Table 1. Single factor PERMAVOAS evaluating the effect of season, ecoregion, and HMA on 

microbial community variation. The top panel evaluates the effects at range scale with all 465 

individuals included as the experimental unit. The bottom panel shows the “herd average” scale 

including 16 HMA average microbial communities in the summer and 15 HMAs in the winter. 

Factors with significant p-values are indicated in bold.  

 

Using all 465 fecal samples 

 F df (total) R² p 

Season 

 

16.733 464 0.035 0.001 

HMA 3.134 464 0.095 0.001 

EPA Ecoregion  4.219 464 0.044 0.001 

Using HMA average microbial composition 

Season 

 

5.242 30 0.153 0.001 

Ecoregion 1.2722 30 0.203 0.044 

HMA 0.883 30 0.469 0.887 
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Table 2. PERMANOVA multifactor models evaluating the effects of season, ecoregion, and 

HMA on the variation of microbial communities. Multifactor models without interactions 

evaluated the marginal effect of included factors. Results are shown for the range-wide scale 

models incorporating all individual samples and for “herd average” microbial composition 

models.  

All 465 Samples 
Models before interactions 

Term F df R² p 
Season 17.187 1 0.033 0.001 
HMA 3.198 15 0.093 0.001 

Residual  448   
Total   464   

     
Season 17.942 1 0.036 0.001 

Ecoregion 4.490 5 0.045 0.001 
Residual  458   

Total  464   
Models with interactions 

Term F df R² p 
Season 18.881 1 0.035 0.001 
HMA 3.368 15 0.093 0.001 

Season x HMA 2.708 14 0.070 0.001 
Residual  434   

Total   464   
     

Season 17.780 1 0.035 0.001 
Ecoregion  4.598 5 0.045 0.001 

Season x Ecoregion 3.198 5 0.031 0.001 
Residual  453   

Total   464   
HMA “Herd Average” Models 

Model before interactions 
Term F df R² p 

Season 5.941 1 0.158 0.001 
Ecoregion 1.562 5 0.208 0.002 
Residual  24   

Total  30   
Model with interactions 

Term F df R² p 
Season 6.092 1 0.153 0.001 

Ecoregion  1.655 5 0.208 0.001 
Season x Ecoregion 1.286 5 0.162 0.033 

Residual  19   
Total   30   
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Table 3. Results of PERMANOVA tests on the effect of season on microbial community within 

each HMA. All comparisons were made with 15 summer and 15 winter fecal collections and 

have 29 degrees of freedom.  

 

HMA R² F p 

Adobe Town 0.148 4.855 0.001 

Conger 0.070 2.102 0.001 

Frisco 0.143 4.663 0.001 

Green Mountain 0.111 3.503 0.001 

Little Book Cliffs 0.074 2.227 0.001 

McCullough Peaks 0.088 2.688 0.001 

North Hills  0.095 2.934 0.001 

Onaqui 0.072 2.175 0.001 

Palomino Buttes 0.163 5.469 0.001 

Pine Nuts 0.115 3.637 0.001 

Red Rock 0.155 5.130 0.001 

Saylor Creek 0.147 4.833 0.001 

South Steens 0.181 6.201 0.001 

Stinkingwater 0.145 4.756 0.001 

Twin Peaks 0.076 2.309 0.001 
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FIGURES 
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Figure 1. PCoA ordinations using Bray–Curtis dissimilarity measure of seasonal free-roaming 

horse microbiome community composition at various scales. Data represents the microbial 

community transformed to relative abundance with rare taxa removed and ellipses delineating 

95% confidence intervals. A) Separation of microbial communities by season when considering 

all individual horses at the range-wide scale. B) Separation of microbial communities by season 

at the range-wide scale when considering the summer and winter average microbial composition 

of each HMA as the experimental unit. C) Example from one HMA of the separation of 

microbial communities by season at the HMA scale in Palomino Buttes HMA, OR.  
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Figure 2. PCoA ordinations using Bray–Curtis dissimilarity measure of free-roaming horse 

microbiome community composition by ecoregion. Data represents microbial community 

transformed to relative abundance with rare taxa removed. Separation of microbial communities 

by ecoregion is depicted at the range-wide scale with each data point representing the summer 

(2020) or winter (2020/2021) average microbial composition of each HMA as the experimental 

unit. Shapes and colors represent the ecoregion of each HMA.  
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APPENDIX 
 

Table A1. Read count remaining throughout the various steps in the DADA 2 pipeline. The initial 

mean read counts are shown as well as mean read counts after filtering, de-noising, merging, and 

removing chimeras. 

 Initial After filter De-noised Merged Non-Chimeric 

Total read count 548,176,831 474,775,056 465,602,318 413,653,483 121,920,006 

Mean read count 515,204 446,217 437,596 388,772 114,586 

Percentage 100% 86.61% 84.94% 75.46% 22.24% 
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Table A2: Taxonomic depth and breadth of read assignments. 

 Total 

Members 

Identified 

Percent reads assigned to 

depth 

Phylum 21 99.734% 

Class 47 99.531% 

Order 100 98.702% 

Family 158 96.673% 

Genus 287 80.872% 

Species 382 52.300% 
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Table A3. PERMAVOAS evaluating the effect of season on diet community variation. The 

upper rows evaluate the effect of season on diet composition within each HMA. All HMA level 

comparisons were made with 15 summer and 15 winter fecal collections. The next test evaluates 

the range-wide scale with all 465 individuals as the experimental units. The last test analyzes the 

“herd average” scale including 16 HMA average diet compositions in the summer and 15 HMAs 

in the winter. Factors with significant p-values are indicated in bold.  

 

HMA F df R² p 

Adobe Town 14.147 29 0.336 0.001 

Conger 10.816 29 0.279 0.001 

Frisco 6.332 29 0.184 0.001 

Green Mountain 4.968 29 0.151 0.001 

Little Book Cliffs 4.645 29 0.142 0.001 

McCullough Peaks 7.556 29 0.213 0.001 

North Hills  5.660 29 0.168 0.001 

Onaqui 3.911 29 0.123 0.001 

Palomino Buttes 16.678 29 0.373 0.001 

Pine Nuts 11.133 29 0.284 0.001 

Red Rock 6.173 29 0.181 0.001 

Saylor Creek 24.314 29 0.465 0.001 

South Steens 10.786 29 0.278 0.001 

Stinkingwater 5.967 29 0.176 0.001 

Twin Peaks 4.850 29 0.148 0.001 

Range-wide: Using all fecal samples 11.225 464 0.024 

 

 

 

0.001 

Range-wide: Using HMA average 

microbial composition 

2.022 30 0.065 0.002 
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Table A4. Number of microbial families identified by season, United States Environmental 

Protection Agency (EPA) level III ecoregion, and Herd Management Area (HMA). 

 Number of families 

identified 

Season  

Summer 128 

Winter 158 

EPA III Ecoregion   

Central Basin and Range 125 

Colorado Plateau 110 

Mojave Basin and Range 107 

Northern Basin and Range 134 

Snake River Plain 117 

Wyoming Basin 148 

HMA  

Adobe Town 99 

Conger 102 

Frisco 107 

Green Mountain 138 

Little Book Cliffs 110 

McCullough Peaks 109 

North Hills  110 

Onaqui 103 

Palomino Buttes 125 

Pine Nuts 119 

Red Rock 107 

Sands Basin 108 

Saylor Creek 117 

South Steens 105 

Stinkingwater 113 

Twin Peaks 129 
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Table A5. Results of SIMPER analysis showing the contribution of each microbial family to 

overall differences between samples. The table reports the average contribution (Average) and 

standard deviation of the contributions (SD) of each bacterial family, and the cumulative sum of 

these contributions (Cumulative). Bacterial families are listed in order from highest to lowest 

contribution to overall microbial community differences. 

Family Average SD Cumulative 

Lachnospiraceae 0.03697 0.03043 0.127 

p-251-o5 0.02552 0.02264 0.214 

Acidaminococcaceae 0.02132 0.02399 0.287 

Prevotellaceae 0.02037 0.01577 0.357 

Rikenellaceae 0.01908 0.01709 0.422 

Spirochaetaceae 0.01156 0.01058 0.462 

Saccharimonadaceae 0.01049 0.01092 0.497 

Oscillospiraceae 0.01047 0.00927 0.533 

WCHB1-41 0.00935 0.00867 0.565 

Anaerovoracaceae 0.00852 0.00775 0.595 

Ruminococcaceae 0.00753 0.00698 0.620 

Christensenellaceae 0.00748 0.00602 0.646 

Clostridiaceae 0.00738 0.01504 0.671 

Eggerthellaceae 0.00669 0.00669 0.694 

Coriobacteriales_Incertae_Sedis 0.00668 0.00990 0.717 

UCG-010 0.00570 0.00429 0.736 

Clostridia_UCG-014 0.00470 0.00418 0.752 

Hungateiclostridiaceae 0.00457 0.00402 0.768 

F082 0.00449 0.00390 0.783 

[Eubacterium]_coprostanoligenes_group 0.00428 0.00384 0.798 

Lactobacillaceae 0.00376 0.00682 0.811 

Muribaculaceae 0.00361 0.00460 0.823 

Erysipelotrichaceae 0.00346 0.00343 0.835 

Fibrobacteraceae 0.00307 0.00320 0.846 

Bacteroidales_UCG-001 0.00277 0.00292 0.855 

Selenomonadaceae 0.00234 0.00235 0.863 

Planococcaceae 0.00229 0.01358 0.871 

Streptococcaceae 0.00225 0.01090 0.879 

Akkermansiaceae 0.00213 0.00276 0.886 

Defluviitaleaceae 0.00179 0.00160 0.892 

RF39 0.00164 0.00156 0.898 

Eubacteriaceae 0.00162 0.00152 0.903 

Monoglobaceae 0.00153 0.00182 0.909 

Gastranaerophilales 0.00144 0.00129 0.913 
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Synergistaceae 0.00135 0.00150 0.918 

Bacteroidales_BS11_gut_group 0.00124 0.00216 0.922 

Bacteroidales_RF16_group 0.00107 0.00100 0.926 

Paludibacteraceae 0.00106 0.00152 0.930 

Absconditabacteriales_(SR1) 0.00099 0.00090 0.933 

Saccharimonadales 0.00099 0.00161 0.936 

uncultured6 0.00099 0.00094 0.940 

Pirellulaceae 0.00098 0.00182 0.943 

uncultured7 0.00090 0.00112 0.946 

Xanthobacteraceae 0.00084 0.00261 0.949 

Marinifilaceae 0.00080 0.00192 0.952 

Desulfovibrionaceae 0.00078 0.00087 0.955 

Pseudomonadaceae 0.00076 0.00143 0.957 

Peptococcaceae 0.00074 0.00079 0.960 

Bacteroidaceae 0.00074 0.00071 0.962 

Coriobacteriales 0.00073 0.00065 0.965 

Atopobiaceae 0.00065 0.00065 0.967 

Anaerofustaceae 0.00053 0.00058 0.969 

[Clostridium]_methylpentosum_group 0.00052 0.00067 0.971 

Peptostreptococcaceae 0.00046 0.00137 0.972 

Bradymonadales 0.00036 0.00036 0.973 

Micrococcaceae 0.00034 0.00090 0.975 

Oligosphaeraceae 0.00033 0.00033 0.976 

Chthoniobacteraceae 0.00032 0.00179 0.977 

Mycobacteriaceae 0.00032 0.00125 0.978 

Comamonadaceae 0.00029 0.00202 0.979 

WD2101_soil_group 0.00025 0.00246 0.980 

WD260 0.00024 0.00086 0.981 

Isosphaeraceae 0.00024 0.00190 0.981 

Propionibacteriaceae 0.00022 0.00113 0.982 

Solibacteraceae 0.00022 0.00281 0.983 

Subgroup_2 0.00021 0.00061 0.984 

Halomonadaceae 0.00018 0.00121 0.984 

Erysipelatoclostridiaceae 0.00017 0.00019 0.985 

Enterobacteriaceae 0.00017 0.00119 0.985 

Peptostreptococcales-Tissierellales 0.00016 0.00019 0.986 

uncultured3 0.00015 0.00015 0.986 

KD4-96 0.00014 0.00124 0.987 

Bacillaceae 0.00012 0.00037 0.987 

Campylobacteraceae 0.00011 0.00016 0.988 

Gracilibacteraceae 0.00010 0.00015 0.988 

Sphingobacteriaceae 0.00010 0.00088 0.988 

gir-aah93h0 0.00010 0.00017 0.989 

Ethanoligenenaceae 0.00009 0.00014 0.989 



226 

 

uncultured9 0.00009 0.00069 0.989 

Burkholderiaceae 0.00008 0.00052 0.990 

Butyricicoccaceae 0.00008 0.00012 0.990 

Syntrophomonadaceae 0.00008 0.00010 0.990 

Reyranellaceae 0.00008 0.00061 0.990 

Gitt-GS-136 0.00008 0.00094 0.991 

Xiphinematobacteraceae 0.00008 0.00055 0.991 

uncultured2 0.00008 0.00115 0.991 

Oxalobacteraceae 0.00008 0.00096 0.992 

Acidobacteriaceae_(Subgroup_1) 0.00008 0.00050 0.992 

uncultured1 0.00007 0.00015 0.992 

Acetobacteraceae 0.00007 0.00100 0.992 

vadinHA49 0.00007 0.00009 0.993 

Moraxellaceae 0.00006 0.00052 0.993 

Veillonellaceae 0.00006 0.00011 0.993 

uncultured8 0.00006 0.00045 0.993 

Gemmatimonadaceae 0.00006 0.00071 0.993 

MB-A2-108 0.00006 0.00058 0.994 

Chthonomonadales 0.00005 0.00009 0.994 

Chitinophagaceae 0.00005 0.00055 0.994 

MVP-15 0.00005 0.00012 0.994 

Methylacidiphilaceae 0.00005 0.00046 0.994 

Vicinamibacteraceae 0.00005 0.00054 0.994 

WPS-2 0.00005 0.00059 0.995 

Flavobacteriaceae 0.00005 0.00039 0.995 

Bacteroidetes_BD2-2 0.00005 0.00010 0.995 

Methylophilaceae 0.00005 0.00046 0.995 

Weeksellaceae 0.00005 0.00047 0.995 

Actinomycetaceae 0.00005 0.00035 0.995 

Dysgonomonadaceae 0.00004 0.00011 0.996 

uncultured4 0.00004 0.00008 0.996 

Micromonosporaceae 0.00004 0.00059 0.996 

67-14 0.00004 0.00056 0.996 

Micropepsaceae 0.00004 0.00062 0.996 

LWQ8 0.00004 0.00062 0.996 

Rokubacteriales 0.00004 0.00049 0.996 

Staphylococcaceae 0.00004 0.00032 0.997 

Pyrinomonadaceae 0.00004 0.00058 0.997 

Microbacteriaceae 0.00004 0.00010 0.997 

COB_P4-1_termite_group 0.00004 0.00008 0.997 

Longimicrobiaceae 0.00004 0.00056 0.997 

SC-I-84 0.00004 0.00054 0.997 

Rhodanobacteraceae 0.00003 0.00049 0.997 

Bryobacteraceae 0.00003 0.00053 0.997 
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Diplorickettsiaceae 0.00003 0.00051 0.998 

Oscillospirales 0.00003 0.00023 0.998 

Pseudonocardiaceae 0.00003 0.00044 0.998 

RCP2-54 0.00003 0.00040 0.998 

IMCC26256 0.00003 0.00044 0.998 

OM190 0.00003 0.00044 0.998 

A21b 0.00003 0.00016 0.998 

Anaeromyxobacteraceae 0.00002 0.00038 0.998 

Pedosphaeraceae 0.00002 0.00023 0.998 

Geminicoccaceae 0.00002 0.00035 0.998 

Subgroup_5 0.00002 0.00035 0.998 

Rhizobiales_Incertae_Sedis 0.00002 0.00034 0.999 

Geobacteraceae 0.00002 0.00034 0.999 

Solirubrobacteraceae 0.00002 0.00011 0.999 

Sutterellaceae 0.00002 0.00005 0.999 

Anaerolineaceae 0.00002 0.00031 0.999 

uncultured5 0.00002 0.00006 0.999 

Spirosomaceae 0.00002 0.00010 0.999 

0319-7L14 0.00002 0.00010 0.999 

Marinilabiliaceae 0.00002 0.00030 0.999 

Thermicanaceae 0.00002 0.00030 0.999 

AD3 0.00002 0.00019 0.999 

Thermomonosporaceae 0.00002 0.00023 0.999 

A0839 0.00002 0.00028 0.999 

Gemmataceae 0.00002 0.00028 0.999 

Gemellaceae 0.00002 0.00016 0.999 

Streptomycetaceae 0.00002 0.00027 1.000 

TK10 0.00002 0.00027 1.000 

TRA3-20 0.00002 0.00027 1.000 

Nocardioidaceae 0.00002 0.00025 1.000 

Unknown_Family 0.00002 0.00008 1.000 

Frankiaceae 0.00002 0.00026 1.000 

Corynebacteriaceae 0.00002 0.00024 1.000 

vadinBE97 0.00002 0.00005 1.000 

M2PB4-65_termite_group 0.00002 0.00005 1.000 

Caulobacteraceae 0.00001 0.00022 1.000 
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Table A6. Results of SIMPER analysis showing seasonal differences. The table reports the 

average contribution (Average) and standard deviation of the contributions (SD) of each bacterial 

family to the overall dissimilarity between seasons (0.3082), the percentage this represents of the 

overall dissimilarity (Percentage) and the cumulative sum of these contributions (Cumulative). 

Also reported are the average abundance of each family during the summer (Summer) and winter 

(Winter) seasons, and the p-value for the summer and winter comparison. Significant p-values (< 

0.05) are in bold and marginally significant p-values are in bold italics. Bacterial families are 

listed in order from highest to lowest contribution to microbial community differences. 

Family Average SD Percentage Cumulative Summer Winter p 

Lachnospiraceae 0.04005 0.03173 0.12993 0.130 0.17186 0.13833 0.001 

p-251-o5 0.02552 0.02257 0.08278 0.213 0.07130 0.07403 0.483 

Acidaminococcaceae 0.02295 0.02384 0.07447 0.287 0.02569 0.04335 0.001 

Rikenellaceae 0.02178 0.01749 0.07065 0.358 0.02471 0.04746 0.001 

Prevotellaceae 0.02037 0.01570 0.06608 0.424 0.06584 0.06644 0.371 

Oscillospiraceae 0.01169 0.00896 0.03792 0.462 0.03216 0.04240 0.001 

Spirochaetaceae 0.01162 0.01054 0.03770 0.500 0.02397 0.02659 0.028 

Saccharimonadaceae 0.01155 0.01137 0.03746 0.537 0.02090 0.00910 0.001 

WCHB1-41 0.00934 0.00867 0.03030 0.567 0.02979 0.02879 0.650 

Anaerovoracaceae 0.00892 0.00790 0.02894 0.596 0.02931 0.02344 0.001 

Christensenellaceae 0.00820 0.00611 0.02662 0.623 0.02096 0.02850 0.001 

Ruminococcaceae 0.00756 0.00689 0.02452 0.647 0.02341 0.02458 0.049 

Clostridiaceae 0.00745 0.01503 0.02419 0.672 0.00726 0.00614 0.045 

Eggerthellaceae 0.00740 0.00680 0.02401 0.696 0.01746 0.01072 0.001 

Coriobacteriales_Incertae_Sedis 0.00696 0.00999 0.02257 0.718 0.01197 0.00656 0.001 

UCG-010 0.00665 0.00446 0.02156 0.740 0.00894 0.01646 0.001 

F082 0.00483 0.00398 0.01567 0.755 0.00660 0.01045 0.001 

Clostridia_UCG-014 0.00476 0.00420 0.01544 0.771 0.01006 0.00842 0.001 

Hungateiclostridiaceae 0.00474 0.00406 0.01537 0.786 0.01350 0.01078 0.001 

[Eubacterium]_coprostanoligenes_group 0.00452 0.00397 0.01468 0.801 0.01488 0.01130 0.001 

Lactobacillaceae 0.00400 0.00692 0.01298 0.814 0.00576 0.00155 0.001 

Muribaculaceae 0.00381 0.00465 0.01235 0.826 0.00774 0.00475 0.001 

Erysipelotrichaceae 0.00380 0.00354 0.01233 0.839 0.00732 0.00364 0.001 

Fibrobacteraceae 0.00325 0.00326 0.01054 0.849 0.00359 0.00596 0.001 

Bacteroidales_UCG-001 0.00293 0.00298 0.00950 0.859 0.00355 0.00567 0.001 

Selenomonadaceae 0.00235 0.00238 0.00762 0.866 0.00586 0.00488 0.077 

Streptococcaceae 0.00231 0.01101 0.00751 0.874 0.00227 0.00219 0.001 

Planococcaceae 0.00226 0.01346 0.00732 0.881 0.00258 0.00069 0.839 
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Akkermansiaceae 0.00225 0.00286 0.00731 0.888 0.00430 0.00206 0.001 

Defluviitaleaceae 0.00181 0.00157 0.00588 0.894 0.00473 0.00504 0.011 

RF39 0.00179 0.00165 0.00582 0.900 0.00345 0.00160 0.001 

Eubacteriaceae 0.00162 0.00153 0.00527 0.905 0.00347 0.00325 0.192 

Monoglobaceae 0.00160 0.00183 0.00519 0.910 0.00287 0.00197 0.001 

Gastranaerophilales 0.00150 0.00131 0.00486 0.915 0.00221 0.00315 0.001 

Bacteroidales_BS11_gut_group 0.00139 0.00225 0.00452 0.920 0.00053 0.00221 0.001 

Synergistaceae 0.00137 0.00152 0.00445 0.924 0.00274 0.00202 0.001 

Bacteroidales_RF16_group 0.00110 0.00100 0.00357 0.928 0.00125 0.00177 0.001 

Paludibacteraceae 0.00108 0.00152 0.00350 0.931 0.00117 0.00156 0.001 

Saccharimonadales 0.00102 0.00161 0.00330 0.935 0.00137 0.00082 0.001 

Pirellulaceae 0.00100 0.00184 0.00324 0.938 0.00149 0.00207 0.001 

Absconditabacteriales_(SR1) 0.00099 0.00090 0.00323 0.941 0.00169 0.00142 0.290 

uncultured6 0.00099 0.00094 0.00322 0.944 0.00199 0.00167 0.012 

uncultured7 0.00091 0.00113 0.00296 0.947 0.00151 0.00096 0.001 

Marinifilaceae 0.00088 0.00197 0.00287 0.950 0.00024 0.00127 0.001 

Xanthobacteraceae 0.00085 0.00264 0.00275 0.953 0.00050 0.00067 0.111 

Pseudomonadaceae 0.00084 0.00145 0.00273 0.956 0.00113 0.00015 0.001 

Bacteroidaceae 0.00084 0.00074 0.00273 0.958 0.00055 0.00146 0.001 

Peptococcaceae 0.00083 0.00082 0.00269 0.961 0.00111 0.00197 0.001 

Desulfovibrionaceae 0.00077 0.00087 0.00251 0.964 0.00147 0.00134 0.880 

Coriobacteriales 0.00073 0.00065 0.00236 0.966 0.00139 0.00122 0.370 

Atopobiaceae 0.00065 0.00065 0.00211 0.968 0.00111 0.00126 0.078 

Anaerofustaceae 0.00053 0.00058 0.00173 0.970 0.00099 0.00090 0.944 

[Clostridium]_methylpentosum_group 0.00052 0.00067 0.00169 0.971 0.00062 0.00044 0.221 

Peptostreptococcaceae 0.00046 0.00138 0.00150 0.973 0.00031 0.00040 0.287 

Bradymonadales 0.00037 0.00036 0.00121 0.974 0.00032 0.00052 0.001 

Oligosphaeraceae 0.00035 0.00034 0.00114 0.975 0.00026 0.00054 0.001 

Micrococcaceae 0.00035 0.00090 0.00112 0.976 0.00018 0.00038 0.014 

Chthoniobacteraceae 0.00033 0.00182 0.00107 0.978 0.00012 0.00036 0.062 

Mycobacteriaceae 0.00033 0.00127 0.00106 0.979 0.00014 0.00036 0.048 

Comamonadaceae 0.00029 0.00201 0.00093 0.980 0.00019 0.00021 0.526 

WD2101_soil_group 0.00026 0.00249 0.00084 0.980 0.00002 0.00040 0.214 

WD260 0.00025 0.00087 0.00080 0.981 0.00013 0.00020 0.080 

Isosphaeraceae 0.00025 0.00192 0.00080 0.982 0.00005 0.00034 0.191 

Propionibacteriaceae 0.00023 0.00115 0.00073 0.983 0.00004 0.00031 0.001 

Solibacteraceae 0.00022 0.00285 0.00073 0.983 0.00001 0.00035 0.226 

Subgroup_2 0.00021 0.00062 0.00067 0.984 0.00012 0.00016 0.115 

Halomonadaceae 0.00018 0.00122 0.00059 0.985 0.00003 0.00027 0.060 

Erysipelatoclostridiaceae 0.00017 0.00019 0.00056 0.985 0.00021 0.00015 0.149 

Enterobacteriaceae 0.00017 0.00120 0.00055 0.986 0.00007 0.00020 0.016 

Peptostreptococcales-Tissierellales 0.00017 0.00019 0.00054 0.986 0.00022 0.00009 0.001 

uncultured3 0.00015 0.00015 0.00048 0.987 0.00015 0.00017 0.205 

KD4-96 0.00014 0.00126 0.00046 0.987 0.00001 0.00021 0.166 



230 

 

Bacillaceae 0.00012 0.00037 0.00040 0.988 0.00011 0.00008 0.093 

Campylobacteraceae 0.00011 0.00016 0.00036 0.988 0.00012 0.00008 0.754 

Gracilibacteraceae 0.00011 0.00015 0.00036 0.988 0.00002 0.00015 0.001 

Sphingobacteriaceae 0.00010 0.00089 0.00032 0.989 0.00000 0.00016 0.105 

gir-aah93h0 0.00010 0.00017 0.00031 0.989 0.00007 0.00009 0.119 

Ethanoligenenaceae 0.00009 0.00014 0.00029 0.989 0.00006 0.00010 0.014 

uncultured9 0.00009 0.00070 0.00029 0.990 0.00002 0.00012 0.054 

Burkholderiaceae 0.00009 0.00052 0.00028 0.990 0.00004 0.00009 0.219 

Butyricicoccaceae 0.00009 0.00012 0.00028 0.990 0.00005 0.00010 0.001 

Reyranellaceae 0.00008 0.00061 0.00027 0.990 0.00002 0.00011 0.096 

Syntrophomonadaceae 0.00008 0.00010 0.00027 0.991 0.00007 0.00009 0.114 

Gitt-GS-136 0.00008 0.00095 0.00026 0.991 0.00003 0.00010 0.391 

Xiphinematobacteraceae 0.00008 0.00056 0.00026 0.991 0.00002 0.00010 0.128 

uncultured2 0.00008 0.00117 0.00025 0.991 0.00000 0.00013 0.374 

Oxalobacteraceae 0.00008 0.00097 0.00025 0.992 0.00000 0.00013 0.213 

Acidobacteriaceae_(Subgroup_1) 0.00008 0.00051 0.00025 0.992 0.00002 0.00009 0.109 

uncultured1 0.00008 0.00015 0.00024 0.992 0.00010 0.00002 0.002 

Acetobacteraceae 0.00007 0.00102 0.00024 0.992 0.00000 0.00011 0.396 

vadinHA49 0.00007 0.00010 0.00024 0.993 0.00004 0.00009 0.001 

Moraxellaceae 0.00006 0.00053 0.00021 0.993 0.00004 0.00005 0.492 

uncultured8 0.00006 0.00046 0.00021 0.993 0.00002 0.00007 0.190 

Gemmatimonadaceae 0.00006 0.00072 0.00021 0.993 0.00000 0.00010 0.160 

Veillonellaceae 0.00006 0.00011 0.00020 0.994 0.00006 0.00004 0.603 

MB-A2-108 0.00006 0.00059 0.00020 0.994 0.00001 0.00008 0.139 

Chthonomonadales 0.00005 0.00009 0.00017 0.994 0.00006 0.00003 0.007 

Chitinophagaceae 0.00005 0.00055 0.00017 0.994 0.00001 0.00007 0.262 

MVP-15 0.00005 0.00012 0.00017 0.994 0.00002 0.00006 0.006 

Methylacidiphilaceae 0.00005 0.00047 0.00017 0.994 0.00001 0.00007 0.115 

Vicinamibacteraceae 0.00005 0.00055 0.00016 0.995 0.00000 0.00008 0.199 

WPS-2 0.00005 0.00059 0.00016 0.995 0.00000 0.00007 0.121 

Dysgonomonadaceae 0.00005 0.00012 0.00016 0.995 0.00001 0.00006 0.001 

Flavobacteriaceae 0.00005 0.00040 0.00016 0.995 0.00001 0.00005 0.101 

Methylophilaceae 0.00005 0.00047 0.00015 0.995 0.00000 0.00007 0.106 

Bacteroidetes_BD2-2 0.00005 0.00011 0.00015 0.995 0.00003 0.00004 0.072 

Actinomycetaceae 0.00005 0.00036 0.00015 0.995 0.00002 0.00005 0.300 

Weeksellaceae 0.00005 0.00047 0.00015 0.996 0.00003 0.00004 0.393 

Micromonosporaceae 0.00004 0.00060 0.00014 0.996 0.00001 0.00007 0.438 

uncultured4 0.00004 0.00008 0.00014 0.996 0.00004 0.00003 0.855 

67-14 0.00004 0.00056 0.00014 0.996 0.00000 0.00007 0.124 

Micropepsaceae 0.00004 0.00063 0.00014 0.996 0.00000 0.00007 0.363 

LWQ8 0.00004 0.00063 0.00014 0.996 0.00000 0.00007 0.363 

Rokubacteriales 0.00004 0.00049 0.00013 0.996 0.00000 0.00006 0.150 

Staphylococcaceae 0.00004 0.00033 0.00013 0.997 0.00001 0.00005 0.242 

Pyrinomonadaceae 0.00004 0.00058 0.00013 0.997 0.00000 0.00006 0.390 
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Microbacteriaceae 0.00004 0.00010 0.00012 0.997 0.00003 0.00002 0.846 

COB_P4-1_termite_group 0.00004 0.00008 0.00012 0.997 0.00002 0.00004 0.001 

Longimicrobiaceae 0.00004 0.00056 0.00012 0.997 0.00000 0.00006 0.370 

SC-I-84 0.00004 0.00055 0.00012 0.997 0.00000 0.00006 0.360 

Rhodanobacteraceae 0.00004 0.00049 0.00012 0.997 0.00000 0.00006 0.284 

Bryobacteraceae 0.00004 0.00053 0.00012 0.997 0.00000 0.00006 0.359 

Diplorickettsiaceae 0.00003 0.00052 0.00011 0.998 0.00000 0.00006 0.358 

Oscillospirales 0.00003 0.00023 0.00011 0.998 0.00000 0.00005 0.001 

Pseudonocardiaceae 0.00003 0.00045 0.00010 0.998 0.00000 0.00005 0.350 

RCP2-54 0.00003 0.00040 0.00010 0.998 0.00000 0.00005 0.093 

IMCC26256 0.00003 0.00044 0.00010 0.998 0.00000 0.00005 0.350 

OM190 0.00003 0.00044 0.00010 0.998 0.00000 0.00005 0.350 

A21b 0.00003 0.00016 0.00008 0.998 0.00001 0.00002 0.288 

Anaeromyxobacteraceae 0.00003 0.00038 0.00008 0.998 0.00000 0.00004 0.337 

Pedosphaeraceae 0.00002 0.00023 0.00008 0.998 0.00000 0.00003 0.193 

Geminicoccaceae 0.00002 0.00035 0.00008 0.998 0.00000 0.00004 0.334 

Subgroup_5 0.00002 0.00035 0.00008 0.998 0.00000 0.00004 0.334 

Rhizobiales_Incertae_Sedis 0.00002 0.00034 0.00007 0.999 0.00000 0.00004 0.333 

Geobacteraceae 0.00002 0.00034 0.00007 0.999 0.00000 0.00004 0.333 

Solirubrobacteraceae 0.00002 0.00011 0.00007 0.999 0.00002 0.00001 0.758 

Anaerolineaceae 0.00002 0.00032 0.00007 0.999 0.00000 0.00004 0.288 

Sutterellaceae 0.00002 0.00005 0.00007 0.999 0.00002 0.00002 0.651 

uncultured5 0.00002 0.00006 0.00006 0.999 0.00003 0.00000 0.180 

Marinilabiliaceae 0.00002 0.00030 0.00006 0.999 0.00000 0.00003 0.329 

Thermicanaceae 0.00002 0.00030 0.00006 0.999 0.00000 0.00003 0.335 

AD3 0.00002 0.00019 0.00006 0.999 0.00000 0.00002 0.258 

0319-7L14 0.00002 0.00010 0.00006 0.999 0.00001 0.00001 0.187 

Spirosomaceae 0.00002 0.00010 0.00006 0.999 0.00002 0.00001 0.679 

Thermomonosporaceae 0.00002 0.00024 0.00006 0.999 0.00000 0.00002 0.175 

A0839 0.00002 0.00028 0.00006 0.999 0.00000 0.00003 0.326 

Gemmataceae 0.00002 0.00028 0.00006 0.999 0.00000 0.00003 0.326 

Streptomycetaceae 0.00002 0.00028 0.00006 0.999 0.00000 0.00003 0.326 

TK10 0.00002 0.00028 0.00006 1.000 0.00000 0.00003 0.326 

TRA3-20 0.00002 0.00028 0.00006 1.000 0.00000 0.00003 0.326 

Gemellaceae 0.00002 0.00016 0.00006 1.000 0.00001 0.00002 0.449 

Nocardioidaceae 0.00002 0.00025 0.00006 1.000 0.00000 0.00002 0.217 

Frankiaceae 0.00002 0.00026 0.00006 1.000 0.00000 0.00003 0.321 

Unknown_Family 0.00002 0.00008 0.00006 1.000 0.00001 0.00001 0.244 

M2PB4-65_termite_group 0.00002 0.00005 0.00005 1.000 0.00000 0.00002 0.001 

Corynebacteriaceae 0.00002 0.00025 0.00005 1.000 0.00000 0.00002 0.346 

vadinBE97 0.00002 0.00005 0.00005 1.000 0.00001 0.00001 0.549 

Caulobacteraceae 0.00001 0.00022 0.00005 1.000 0.00000 0.00002 0.324 
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Detailed Summary of Plant and Microbial Family Correlation Results 

The two bacterial families associated with the most plant families were Lachnospiraceae and 

Rikenellaceae. Lachnospiraceae was positively correlated with the graminoid families Juncaceae 

(rushes) and Poaceae (grasses) while negatively correlated with the shrub and forb families 

Asteraceae (sunflower family), Berberidaceae (barberry family), Chenopodiaceae (goosefoot 

family), Ephedraceae (Ephedra family), and Solanaceae (nightshades). There was moderate 

evidence for a negative relationship with Cupressaceae (junipers and redwoods) and 

Polygonaceae (buckwheats; Table A7). Rikenellaceae was negatively correlated with the 

graminoid families Juncaceae and Poaceae, had a moderate negative relationship with 

Cyperaceae (sedges), and was positively correlated with the shrub and forb families Asteraceae, 

Chenopodiaceae, Cucurbitaceae (cucumber family), Cupressaceae, Tamaricaceae (tamarisk 

family), and Zygophyllaceae (caltrop family; Table A7). Acidaminococcaceae was positively 

correlated with the family Chenopodiaceae and negatively correlated with the family Cyperaceae 

(Table A7). Anaerovoracaceae was negatively correlated with the Asteraceae family while being 

positively correlated with the graminoid families Juncaceae and Poaceae. There was also 

moderate evidence for a positive relationship with the Juncaginaceae (arrowgrass) family (Table 

A7). Oscillospiraceae was positively correlated with the families of Asteraceae, Chenopodiaceae, 

and Cucurbitaceae and negatively correlated with the Cyperaceae family and the Fabaceae 

(legume) family (Table A7). Prevotellaceae was positively correlated with the family 

Brassicaceae (mustards) and the Potamogetonaceae (pondweed) family. There was a moderately 

significant negative correlation with the Poaceae family (Table A7). The family P-251-05, a 

family of uncultured bacterial in the Bacteroidales order, was positively correlated with the plant 

families Brassicaceae and Chenopodiaceae and had a moderately significant positive relationship 
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with Nyctaginaceae (the four-o-clock family; Table A7). The family Saccharimonadaceae was 

negatively correlated with the Asteraceae and Chenopodiaceae families and positively correlated 

with the Poaceae family (Table A7). The Spirochaetaceae family was positively correlated with 

the Asteraceae and Tamaricaceae families (Table A7). The microbial family of WCHB1-41 was 

not correlated with any of the plant families (Table A7). 
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Table A7. Correlations between each of the ten bacterial families explaining the most community dissimilarity and the 50 plant families 

present in the diets of free-roaming horses. The table shows the correlation value (r), p-value for each correlation, and the adjusted p-

value calculated based on the false discovery rate. The table has been broken into two parts, each with five bacterial families to fit a 

standard page size. 

Part 1: 

 
Lachnospiraceae p.251.o5 Acidaminococcaceae Prevotellaceae Rikenellaceae 

Family R p adj. p r p adj. p r p adj. p r p adj. p r p adj. p 

Amaryllidaceae -0.096 0.038 0.173 -0.050 0.282 0.671 -0.023 0.618 0.944 -0.045 0.338 0.768 0.017 0.719 0.817 

Amblystegiaceae -0.019 0.682 0.851 0.041 0.383 0.672 -0.003 0.943 0.982 0.062 0.183 0.677 0.069 0.139 0.452 

Anacardiaceae 0.006 0.900 0.940 -0.005 0.916 0.942 0.000 0.994 0.994 0.028 0.551 0.955 -0.031 0.502 0.661 

Apiaceae -0.069 0.136 0.400 -0.043 0.351 0.672 0.008 0.867 0.982 -0.023 0.619 0.955 0.040 0.390 0.591 

Asparagaceae -0.016 0.735 0.855 -0.030 0.515 0.715 -0.040 0.392 0.944 -0.064 0.167 0.677 -0.054 0.244 0.554 

Asteraceae -0.274 0.000 0.000 -0.032 0.487 0.715 0.115 0.013 0.215 -0.029 0.538 0.955 0.294 0.000 0.000 

Berberidaceae -0.135 0.003 0.029 -0.085 0.067 0.469 -0.013 0.783 0.982 -0.103 0.027 0.266 -0.045 0.333 0.582 

Bignoniaceae 0.005 0.921 0.940 0.024 0.609 0.802 0.019 0.680 0.944 0.106 0.022 0.266 0.085 0.068 0.307 

Boraginaceae -0.022 0.630 0.829 -0.065 0.160 0.617 -0.027 0.558 0.944 0.002 0.974 0.985 -0.009 0.851 0.887 

Brassicaceae 0.013 0.779 0.885 0.236 0.000 0.000 0.041 0.373 0.944 0.195 0.000 0.001 0.035 0.455 0.649 

Bryaceae -0.019 0.676 0.851 0.006 0.902 0.942 -0.011 0.810 0.982 0.030 0.522 0.955 0.051 0.269 0.582 

Campanulaceae -0.023 0.627 0.829 -0.036 0.445 0.709 0.001 0.981 0.994 -0.001 0.985 0.985 0.019 0.682 0.792 

Caprifoliaceae -0.096 0.038 0.173 -0.071 0.128 0.583 -0.026 0.571 0.944 -0.045 0.338 0.768 0.096 0.038 0.191 

Caryophyllaceae 0.064 0.167 0.463 -0.013 0.778 0.926 -0.034 0.470 0.944 -0.019 0.681 0.955 -0.078 0.094 0.361 

Chenopodiaceae -0.166 0.000 0.004 0.143 0.002 0.049 0.155 0.001 0.026 0.043 0.360 0.782 0.143 0.002 0.032 

Comandraceae -0.041 0.378 0.674 0.016 0.729 0.926 -0.020 0.667 0.944 0.012 0.802 0.955 0.059 0.201 0.554 

Cucurbitaceae 0.030 0.516 0.801 -0.008 0.857 0.942 0.027 0.562 0.944 -0.027 0.561 0.955 -0.044 0.349 0.582 

Cupressaceae -0.122 0.008 0.052 -0.083 0.075 0.469 -0.010 0.828 0.982 -0.055 0.239 0.677 0.127 0.006 0.044 

Cyperaceae 0.057 0.220 0.494 -0.092 0.047 0.406 -0.152 0.001 0.026 0.053 0.250 0.677 -0.115 0.013 0.081 

Ephedraceae -0.127 0.006 0.045 -0.047 0.312 0.672 -0.004 0.924 0.982 0.006 0.902 0.981 -0.013 0.787 0.872 
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Fabaceae 0.042 0.370 0.674 -0.051 0.277 0.671 -0.110 0.017 0.216 -0.053 0.257 0.677 -0.103 0.026 0.145 

Fagaceae 0.027 0.561 0.801 -0.031 0.502 0.715 -0.080 0.086 0.579 0.004 0.938 0.985 -0.045 0.336 0.582 

Geraniaceae -0.040 0.394 0.679 0.013 0.773 0.926 -0.030 0.523 0.944 0.016 0.733 0.955 0.038 0.410 0.603 

Hydrophyllaceae 0.042 0.362 0.674 0.071 0.128 0.583 0.012 0.793 0.982 0.082 0.078 0.504 -0.031 0.500 0.661 

Juncaceae 0.195 0.000 0.000 -0.079 0.090 0.499 -0.078 0.093 0.579 -0.020 0.668 0.955 -0.166 0.000 0.008 

Juncaginaceae 0.016 0.731 0.855 -0.052 0.263 0.671 -0.042 0.366 0.944 -0.059 0.205 0.677 -0.041 0.374 0.591 

Krameriaceae -0.010 0.825 0.916 -0.045 0.337 0.672 -0.035 0.454 0.944 -0.081 0.081 0.504 -0.029 0.526 0.675 

Linaceae -0.005 0.917 0.940 -0.052 0.265 0.671 -0.037 0.426 0.944 -0.086 0.063 0.504 -0.049 0.288 0.582 

Loasaceae 0.029 0.530 0.801 -0.036 0.444 0.709 -0.014 0.766 0.982 0.067 0.151 0.677 0.000 0.996 0.996 

Malvaceae -0.059 0.201 0.494 0.060 0.195 0.652 0.072 0.119 0.659 0.009 0.841 0.955 0.068 0.145 0.452 

Nyctaginaceae 0.003 0.948 0.948 0.131 0.005 0.080 0.004 0.930 0.982 0.060 0.200 0.677 -0.021 0.655 0.780 

Onagraceae 0.085 0.067 0.258 -0.040 0.390 0.672 -0.029 0.530 0.944 0.015 0.741 0.955 -0.046 0.318 0.582 

Orobanchaceae -0.081 0.080 0.285 0.041 0.379 0.672 0.028 0.547 0.944 0.014 0.756 0.955 0.047 0.316 0.582 

Phrymaceae -0.026 0.581 0.807 0.091 0.049 0.406 -0.027 0.562 0.944 0.072 0.119 0.664 0.057 0.222 0.554 

Pinaceae -0.033 0.472 0.786 -0.046 0.318 0.672 -0.020 0.675 0.944 0.025 0.586 0.955 0.007 0.883 0.901 

Plantaginaceae -0.056 0.225 0.494 -0.053 0.256 0.671 0.015 0.749 0.982 -0.054 0.243 0.677 -0.009 0.838 0.887 

Poaceae 0.257 0.000 0.000 -0.035 0.453 0.709 -0.021 0.657 0.944 -0.133 0.004 0.067 -0.137 0.003 0.032 

Polemoniaceae -0.027 0.559 0.801 -0.013 0.772 0.926 0.099 0.033 0.327 0.012 0.793 0.955 0.055 0.233 0.554 

Polygonaceae -0.117 0.011 0.063 -0.061 0.189 0.652 0.007 0.882 0.982 0.001 0.978 0.985 -0.044 0.345 0.582 

Potamogetonaceae 0.074 0.112 0.372 0.001 0.979 0.979 -0.033 0.475 0.944 0.154 0.001 0.021 0.024 0.607 0.759 

Ranunculaceae 0.056 0.227 0.494 0.114 0.014 0.176 0.063 0.177 0.887 0.017 0.711 0.955 -0.021 0.651 0.780 

Rosaceae -0.018 0.698 0.851 0.007 0.877 0.942 -0.037 0.422 0.944 0.010 0.829 0.955 0.063 0.172 0.506 

Salicaceae -0.031 0.511 0.801 -0.043 0.351 0.672 -0.030 0.524 0.944 -0.014 0.769 0.955 -0.012 0.802 0.872 

Sarcobataceae -0.044 0.342 0.674 0.032 0.493 0.715 -0.038 0.414 0.944 0.014 0.764 0.955 0.075 0.105 0.374 

Scrophulariaceae 0.009 0.852 0.926 -0.029 0.530 0.717 0.085 0.068 0.568 -0.007 0.874 0.971 -0.033 0.484 0.661 

Solanaceae -0.142 0.002 0.022 -0.068 0.142 0.591 -0.005 0.914 0.982 -0.065 0.161 0.677 -0.040 0.389 0.591 

Stachyuraceae -0.048 0.302 0.630 -0.008 0.866 0.942 0.035 0.451 0.944 0.032 0.487 0.955 0.054 0.243 0.554 

Tamaricaceae -0.091 0.050 0.210 -0.005 0.923 0.942 -0.025 0.593 0.944 -0.020 0.663 0.955 0.140 0.003 0.032 

Urticaceae -0.057 0.223 0.494 -0.052 0.265 0.671 -0.038 0.410 0.944 -0.046 0.322 0.768 0.079 0.087 0.361 

Zygophyllaceae -0.071 0.128 0.400 0.008 0.871 0.942 0.036 0.440 0.944 -0.011 0.816 0.955 0.131 0.005 0.040 
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Table A7. Part 2: 

 
Spirochaetaceae Saccharimonadaceae Oscillospiraceae WCHB1.41 Anaerovoracaceae 

Family R p adj. p r p adj. p r p adj. p r p adj. p r p adj. p 

Amaryllidaceae -0.016 0.723 0.853 -0.037 0.426 0.710 -0.031 0.505 0.838 -0.025 0.593 0.899 -0.058 0.213 0.599 

Amblystegiaceae 0.062 0.180 0.728 -0.053 0.252 0.704 0.004 0.932 0.932 -0.012 0.790 0.932 -0.045 0.332 0.616 

Anacardiaceae 0.007 0.887 0.887 -0.010 0.830 0.883 -0.035 0.454 0.838 -0.006 0.893 0.932 -0.019 0.676 0.843 

Apiaceae -0.042 0.364 0.728 -0.029 0.533 0.740 0.016 0.726 0.887 -0.005 0.918 0.932 -0.071 0.124 0.477 

Asparagaceae -0.044 0.342 0.728 0.101 0.029 0.244 -0.053 0.253 0.602 -0.066 0.157 0.804 0.115 0.013 0.128 

Asteraceae 0.257 0.000 0.000 -0.233 0.000 0.000 0.153 0.001 0.016 0.039 0.397 0.806 -0.224 0.000 0.000 

Berberidaceae -0.069 0.140 0.699 -0.047 0.307 0.704 -0.112 0.015 0.123 -0.107 0.021 0.699 -0.108 0.020 0.129 

Bignoniaceae 0.015 0.749 0.853 -0.056 0.229 0.704 0.026 0.570 0.838 -0.006 0.894 0.932 -0.016 0.728 0.843 

Boraginaceae 0.085 0.069 0.490 -0.041 0.375 0.704 0.057 0.223 0.586 0.080 0.085 0.804 0.029 0.535 0.818 

Brassicaceae 0.014 0.757 0.853 0.010 0.828 0.883 -0.091 0.049 0.243 -0.072 0.121 0.804 -0.107 0.021 0.129 

Bryaceae 0.065 0.161 0.728 -0.039 0.403 0.704 0.013 0.787 0.887 0.005 0.917 0.932 -0.028 0.540 0.818 

Campanulaceae 0.099 0.032 0.322 -0.041 0.372 0.704 0.013 0.781 0.887 0.044 0.341 0.806 -0.024 0.612 0.827 

Caprifoliaceae 0.029 0.534 0.802 -0.072 0.119 0.539 0.041 0.382 0.764 -0.004 0.931 0.932 -0.074 0.112 0.468 

Caryophyllaceae -0.059 0.207 0.728 0.112 0.016 0.158 -0.064 0.165 0.516 -0.015 0.752 0.932 0.058 0.208 0.599 

Chenopodiaceae -0.044 0.344 0.728 -0.138 0.003 0.048 0.199 0.000 0.001 -0.064 0.169 0.804 -0.093 0.045 0.227 

Comandraceae 0.028 0.545 0.802 -0.011 0.811 0.883 -0.017 0.719 0.887 0.041 0.379 0.806 -0.018 0.693 0.843 

Cucurbitaceae -0.053 0.256 0.728 0.026 0.583 0.750 0.142 0.002 0.027 0.046 0.321 0.806 0.052 0.259 0.599 

Cupressaceae 0.008 0.872 0.887 -0.088 0.059 0.342 0.077 0.098 0.385 -0.022 0.637 0.932 -0.094 0.043 0.227 

Cyperaceae -0.036 0.434 0.749 0.087 0.062 0.342 -0.171 0.000 0.005 -0.028 0.541 0.879 0.059 0.201 0.599 

Ephedraceae -0.071 0.124 0.699 0.001 0.990 0.990 0.028 0.541 0.838 -0.005 0.908 0.932 0.052 0.264 0.599 

Fabaceae -0.090 0.053 0.443 0.114 0.014 0.158 -0.135 0.004 0.036 0.026 0.581 0.899 0.024 0.599 0.827 

Fagaceae -0.048 0.302 0.728 0.080 0.083 0.417 -0.096 0.038 0.212 0.028 0.545 0.879 -0.024 0.611 0.827 

Geraniaceae -0.048 0.301 0.728 -0.005 0.909 0.927 0.014 0.771 0.887 0.046 0.325 0.806 0.007 0.876 0.912 

Hydrophyllaceae 0.039 0.405 0.749 -0.026 0.572 0.750 -0.009 0.847 0.902 -0.045 0.329 0.806 -0.004 0.928 0.947 

Juncaceae -0.048 0.305 0.728 0.025 0.585 0.750 -0.110 0.017 0.123 -0.051 0.275 0.806 0.158 0.001 0.016 

Juncaginaceae -0.052 0.266 0.728 0.066 0.154 0.594 0.020 0.666 0.887 0.093 0.045 0.749 0.125 0.007 0.084 

Krameriaceae -0.035 0.453 0.755 0.095 0.040 0.288 -0.034 0.460 0.838 -0.020 0.665 0.932 0.024 0.604 0.827 

Linaceae -0.043 0.351 0.728 -0.015 0.741 0.846 -0.055 0.234 0.586 -0.032 0.490 0.845 0.037 0.424 0.731 
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Loasaceae -0.022 0.636 0.852 -0.015 0.745 0.846 -0.048 0.307 0.666 -0.036 0.443 0.845 -0.013 0.784 0.852 

Malvaceae 0.049 0.290 0.728 -0.020 0.663 0.789 0.016 0.736 0.887 -0.044 0.347 0.806 -0.044 0.349 0.623 

Nyctaginaceae -0.020 0.659 0.852 0.042 0.361 0.704 -0.072 0.123 0.440 -0.045 0.334 0.806 -0.052 0.267 0.599 

Onagraceae -0.014 0.768 0.853 -0.035 0.454 0.716 -0.018 0.696 0.887 -0.039 0.403 0.806 0.018 0.695 0.843 

Orobanchaceae -0.018 0.699 0.852 -0.040 0.393 0.704 0.015 0.747 0.887 -0.063 0.177 0.804 -0.049 0.291 0.599 

Phrymaceae -0.018 0.691 0.852 -0.030 0.513 0.740 -0.018 0.704 0.887 0.034 0.465 0.845 -0.022 0.638 0.839 

Pinaceae 0.010 0.829 0.886 -0.038 0.408 0.704 -0.028 0.552 0.838 -0.004 0.932 0.932 -0.053 0.250 0.599 

Plantaginaceae -0.031 0.510 0.802 0.049 0.292 0.704 0.031 0.510 0.838 0.014 0.758 0.932 0.015 0.742 0.843 

Poaceae -0.105 0.023 0.291 0.180 0.000 0.002 0.065 0.159 0.516 0.070 0.129 0.804 0.138 0.003 0.047 

Polemoniaceae -0.019 0.686 0.852 -0.022 0.637 0.777 0.089 0.055 0.252 -0.059 0.205 0.806 -0.009 0.844 0.897 

Polygonaceae 0.053 0.252 0.728 -0.045 0.329 0.704 -0.076 0.100 0.385 -0.010 0.827 0.932 0.053 0.251 0.599 

Potamogetonaceae -0.040 0.385 0.740 -0.030 0.521 0.740 -0.059 0.201 0.557 -0.069 0.138 0.804 -0.001 0.980 0.980 

Ranunculaceae -0.037 0.423 0.749 0.023 0.621 0.777 -0.060 0.197 0.557 0.050 0.278 0.806 -0.030 0.520 0.818 

Rosaceae 0.008 0.864 0.887 -0.006 0.895 0.927 0.006 0.894 0.912 0.005 0.912 0.932 -0.014 0.767 0.852 

Salicaceae -0.027 0.561 0.802 0.031 0.499 0.740 -0.027 0.558 0.838 -0.039 0.398 0.806 0.050 0.278 0.599 

Sarcobataceae 0.124 0.007 0.124 -0.050 0.285 0.704 0.043 0.353 0.735 0.069 0.138 0.804 -0.076 0.100 0.454 

Scrophulariaceae 0.022 0.643 0.852 -0.043 0.354 0.704 0.007 0.874 0.910 0.053 0.258 0.806 0.016 0.730 0.843 

Solanaceae -0.046 0.327 0.728 -0.067 0.150 0.594 -0.108 0.020 0.123 -0.102 0.028 0.699 -0.107 0.020 0.129 

Stachyuraceae 0.028 0.550 0.802 -0.034 0.458 0.716 0.011 0.809 0.887 0.008 0.863 0.932 -0.036 0.439 0.732 

Tamaricaceae 0.166 0.000 0.008 -0.060 0.195 0.697 0.051 0.273 0.620 0.005 0.909 0.932 -0.067 0.149 0.531 

Urticaceae -0.010 0.833 0.886 -0.049 0.288 0.704 0.027 0.562 0.838 0.006 0.899 0.932 -0.046 0.325 0.616 

Zygophyllaceae 0.069 0.136 0.699 -0.039 0.404 0.704 0.011 0.816 0.887 0.032 0.489 0.845 -0.048 0.299 0.599 
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Figure A1. Free-roaming horse microbiome composition represented by phylum relative abundance. Phyla relative abundance was 

averaged and visualized by HMA and season, HMA labels starting with a “W” represent winter. All 21 phyla identified in the gut 

microbiomes of free-roaming horses after removing rare taxa (ASVs [Amplicon sequence variants] present in < 0.001% mean relative 

abundance) are depicted. Almost all reads (99.73%) were assigned to the Phyla level of taxonomic depth.  
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Figure A2. Free-roaming horse microbiome composition represented by family relative abundance. Family relative abundance was 

averaged and visualized by HMA and season. For simplified visualization, the stacked bar chart represents bacterial families that made 

up at least 1% of the relative abundance in each HMA, so bars will not total to 100%. This cutoff means that 30 of the 158 families 

identified in free-roaming horse gut microbiomes after removal of rare taxa (ASVs [Amplicon sequence variants] present in < 0.001% 

mean relative abundance) are represented. Almost all reads (96.67%) were assigned to the Family level of taxonomic depth.  
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Figure A3. PCoA ordinations using Bray–Curtis dissimilarity measure of seasonal free-roaming 

horse diet composition at various scales. Data represent diet composition transformed to relative 

abundance with rare taxa removed; ellipses show 95% confidence interval. A) Separation of diet 

by season when considering all individual horses at the range-wide scale. B) Separation of diet 

by season at the range-wide scale when considering the summer and winter average diet 

composition of each HMA as the experimental unit. C) Example from one HMA (Palomino 

Buttes HMA, OR) depicting the separation of diet composition by season at the HMA scale. 
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Figure A4. PCoA ordination using Bray–Curtis dissimilarity measure of seasonal free-roaming 

horse microbiome community composition. Data represents microbial community transformed to 

relative abundance with rare taxa removed. The ordination depicts all individual horses at the 

range-wide scale with summer in orange circles and winter in blue triangles. Vectors represent 

the ten bacterial families that had the greatest contributions to bacterial community dissimilarity. 
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CHAPTER 5. Field-based methods for fecal particle size analysis and its application in 

free-roaming horses  

Formatted for submission to Rangeland Ecology and Management  

ABSTRACT 

Various methods have been used to evaluate diet composition, digestibility, and other aspects of 

nutrition for grazing herbivores, many of which require specialized feeding trials or expensive 

lab equipment and processes. Specifically, fecal particle size analysis uses either a wet or dry 

method to distribute fiber particles from fecal samples among descending sized sieves. In our 

research, we investigated employing “field-based” versions of wet-sieve fecal particle size 

analysis to see whether we could observe differences in the fecal particle size of free-roaming 

horses (Equus caballus) residing in different environments and during different seasons. Our 

research uses methods more amenable to those without expensive lab-based equipment, with a 

goal of allowing future researchers to perform particle size analysis in a field-based setting as a 

proxy for digestibility. Using free-roaming horse fecal samples, we investigated the repeatability 

of this measure in sub-samples of the same original fecal sample. We observed patterns in the 

distribution of particle weight across the different sized sieves and found the proportion of fecal 

material in our top sieve was highly correlated with mean particle size. We then developed a 

simplified one-sieve method using only the largest top sieve from the initial method, while 

collecting the remaining material in a filter. We found significant differences between some Herd 

Management Areas (HMAs) and a moderate difference between summer and winter season using 

these methods. We also detected an interaction between HMA and season, indicating horses 

from different HMAs exhibited differing patterns in particle size shifts from summer to winter. 

Our study indicates the scale of interest is critical for understanding these nutritional metrics; 
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where in the case of horses, we found directional changes in seasonal mean particle size were 

herd-specific rather than uniform across the range. We also tested the potential of using our 

measures as herd health biomarkers by investigating relationships between both the traditional 

particle size protocol and our simplified method with body condition of free-roaming horses and 

graminoid diet composition. While we found some patterns, results from these investigations 

were not definitive and our methods likely need further refinement to account for high intra-

sample variation before they can prove informative for horse health and diet.  

INTRODUCTION 

Ungulate herbivores have evolved to subsist on plant material through various digestive 

strategies (Hanley and Hanley 1982) and these differences in digestive anatomy change how 

herbivores process forage. Ruminants such as cattle (Bos taurus), sheep (Ovis aries), and North 

America’s wild ungulate species tend to have a slower passage time and more completely digest 

their food while hindgut fermenters such as horses (Equus caballus) tend to digest food less 

completely while maintaining a quicker passage rate (Duncan et al. 1990). In ruminants, ingesta 

must be broken into small particles to pass from the rumen to the rest of the digestive tract, 

limiting forage intake (Hanley 1982). Hind gut fermenters are not limited by ingesta particle size, 

and are able to quickly pass food and take advantage of abundant low-quality forage (Janis 1976, 

Hanley 1982). A study in France found that while cattle digested food more completely, horses 

ate 63% more (on a per body weight basis) than cattle, allowing them to consume more 

digestible nutrients per day (Menard et al. 2002). Consuming adequate forage to meet the 

energetic demands is important in both livestock production and for the long-term survival of 

wild herbivore populations.  
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Evaluating digestibility of feed is another way to understand how herbivores meet their 

energy needs. In vivo digestibility measures animal feed inputs and fecal outputs in controlled 

trials and because the interaction of animals and feed is fully represented, is considered the gold 

standard in understanding digestibility (Kitessa et al. 1999). In vivo tests are often not possible 

due to intensive time and cost demands or ethical concerns, so various laboratory techniques 

have been developed to predict in vitro digestibility from feed by simulating one or multiple 

steps of digestion (Boisen and Eggum 1991; Kitessa et al. 1999, Chernukha et al. 2021). 

However, these in vitro assays cannot fully replicate in vivo digestion. Methods include 

incubating samples in rumen fluid, single or multi-enzyme approaches, near infrared reflectance 

spectroscopy of feedstuffs, measuring pH drop, measuring gas production during fermentation, 

or combinations of these methods (Boisen and Eggum 1991; Kitessa et al. 1999; Chernukha et al. 

2021). Accurate measures of feed intake and fecal outputs in free-roaming herbivores are 

difficult, making in vivo digestibility trials impractical. However, in vitro methods are often 

based around correlations with in vivo assessments (Boisen and Eggum 1991), making them 

difficult to apply accurately in under-studied wild species. A further consideration is that in vivo 

trials on captive animals, while capturing the full effects of the digestive process, cannot 

replicate the diverse conditions that free-roaming species encounter. Therefore, finding non-

invasive ways to represent in vivo digestibility from animals in the field is especially important 

to study the digestive physiology of wild or free-roaming animals.  

Particle size distribution of digesta can help elucidate digestive physiology of animals. 

This method can potentially overcome the challenges of applying digestibility trials to free-

roaming animals, as it can be determined from fecal samples alone. Particle size analysis uses 

sets of sieves with decreasing mesh sizes to study the distribution of fiber particles using the 
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weight of material remaining on each sieve. A wet, compared to a dry-sieving procedure is better 

suited to evaluate particle size in feces and digesta contents (Uden and Van Soest 1982). 

Although results from sieve analysis can be interpreted in many ways including frequency plots 

or cumulative curves, Fritz et al. (2012) describe a process for calculating the discrete mean 

measure of particle size and recommend this as a standard way to summarize results of sieve 

analysis. This method uses the proportion of particle mass remaining on each sieve and the 

largest measured particle on the largest sieve to calculate the mean particle size and is robust 

when using different sieve sets, meaning it can provide comparable results between studies using 

sieves with different mesh sizes or numbers of sieves (Fritz et al. 2012).  

Other studies have related fecal mean particle size to important digestive and 

physiological measures such as chewing efficiency, feed intake, retention time, and fiber 

digestibility (Clauss et al. 2009, 2014, 2015, Miyaji et al. 2011). A study of over 20 species, 

including ruminants, camelids, equids, and other hindgut fermenters found a negative correlation 

between fecal particle size and fiber digestibility when considering all the species together, 

though this was not significant when controlling for evolutionary history (Clauss et al. 2009). 

When ruminant and non-ruminant captive herbivores were fed a consistent grass hay diet, an 

increase in particle size lead to a decrease in fiber digestibility (Clauss et al. 2015). However, 

when studying ponies fed differing quality hay at various intake levels researchers found that 

lower quality hay yielded smaller mean particle size than higher quality hay when fed ad libitum 

(Clauss et al. 2014). Similarly, a study in Japan found that horses on a higher quality diet 

excreted more large fecal particles than horses on a lower quality hay diet (Miyaji et al. 2011). A 

more recent study in horses found no difference in particle size distribution in normal and 

reduced lignin alfalfa hays (Medicago sativa; higher quality, less fibrous; Grev et al. 2021). It 
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appears that across a variety of herbivore species larger particles are associated with lower 

digestibility; however, specifically in horses, larger particles may be associated with higher 

quality diets. 

We chose to focus on horses because of the wealth of existing fecal particle size literature 

regarding this species (Miyaji et al. 2011; Clauss et al. 2014; Grev et al. 2021) and our access to 

fecal samples from free-roaming horses inhabiting Bureau of Land Management (BLM) Herd 

Management Areas (HMAs) in a variety of environments, including the Great Basin, Colorado 

Plateau, Mojave Desert, and Wyoming Basin. Free-roaming horse management poses a 

challenge on federal lands in the western United States (Danvir 2018; Davies and Boyd 2019; 

Scasta et al. 2018; Hennig et al. 2023) and worldwide (Eldridge et al. 2020). Large numbers of 

free-roaming horses have been shown to cause ecosystem degradation (Beever and Brussard 

2000; Beever and Herrick 2006; Beever et al. 2008; Davies et al. 2014; Davies and Boyd 2019; 

Hennig et al. 2021) and population numbers are currently above their set appropriate 

management levels in most western states (BLM 2024). Populations are moderated by actions 

such as administering birth control or through roundups. These actions can be contentious as 

different stakeholders have conflicting positions on the value of these animals and what proper 

management entails (Scasta et al. 2018; Davies and Boyd 2019; Hennig et al. 2023). 

Management actions such as emergency gathers can be triggered by animal health concerns such 

as low body condition brought about by conditions such as limited forage, drought, or fire. 

Understanding diet quality through a metric such as fecal particle size could prove useful for 

managing free-roaming horses and contribute to future decisions regarding which lands would be 

most suitable to meet goals for free-roaming horse use versus other herbivores including wildlife 

species or domestic livestock such as cattle and sheep. 
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Our overarching goal was to design and validate a process for a “field-based” version of 

the mean particle size analysis described by Fritz et al. (2012). Previous studies relating particle 

size to digestive physiology (Clauss et al. 2009, 2014, 2015; Miyaji et al. 2011; Grev et al. 2021) 

were conducted on captive animals and methods involved sensitive laboratory techniques and 

equipment including vibrating sieve shakers or agitators, desiccators, and controlled flow rates of 

rinse water (Clauss et al. 2009, 2014, 2015; Miyaji et al. 2011; Grev et al. 2021). In addition, 

these previous studies fed restricted research diets (Miyaji et al. 2011; Grev et al. 2021; Clauss et 

al. 2014) to look at the specific effects of forage limitation or quality on fecal particle size, or fed 

consistent diets to a variety of herbivores to look at differences in species or digestive type 

(Clauss et al. 2015). While this research has built a substantial base of knowledge surrounding 

the effects of animal species, feed amount, or feed quality on fecal particle size, the conditions 

experienced by captive animals differ greatly from their wild or free-roaming counterparts. Free-

roaming animals experience changing conditions that can lead to changing types, amounts, and 

quality of forage. They also experience exposure to pathogens, parasites, and even toxic plants 

that are oftentimes controlled in their captive counterparts, all which can impact their abilities to 

obtain proper nutrition from their environments. Here, we use fecal particle size to gain a picture 

of the digestive process in free-roaming herbivores exposed to these variable conditions.  

Simultaneously, we envisioned making the process more suitable to researchers in field-

based settings lacking the precision of expensive lab-based equipment. We hypothesized that due 

to the spatial, environmental, and temporal variations free-roaming horses experience between 

different HMAs and seasons, our “field-based” approach would still be able to detect differences 

in fecal particle size. Previous literature about equids indicates we would expect larger fecal 

particle size with higher quality diets (Miyaji et al. 2011, Clauss et al. 2014). Therefore, using 
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fecal particle size as a proxy for diet quality, we would expect summer fecal samples to have 

larger particle sizes compared to winter, as forage is actively growing and would exhibit higher 

protein and lower fiber than in the winter. However, Clauss et al. (2014) found a non-significant 

pattern of increasing particle size with decreasing food intake level, so a competing hypothesis 

would be that particle size could shift higher in seasons or HMAs that have more limitation on 

forage availability. We also evaluated the relationship between fecal particle size, horse body 

condition, and the amount of dietary graminoids (grasses and grass-like plants). Because higher 

quality diets have been associated with larger particle size in horses (Miyaji et al. 2011, Clauss et 

al 2014), we would expect to find higher body condition associated with larger particle size. 

Clear relationships of body condition or diet composition to fecal particle size may indicate 

potential for this technique as a non-invasive biomarker for herd health that could prove useful 

for management decisions.  

We used a three-stage analysis process to validate our methods: In Stage 1, we conducted 

a small pilot study to assess repeatability of the mean particle size measure among replicates of a 

sample using a tower of 5 sieves using a modified “field based” version of the traditional mean 

particle size method described by Fritz et al. (2012). In Stage 2, we used the same method on a 

larger group of samples and evaluated differences in mean particle size among samples, seasons, 

and HMAs. In Stage 3, we used a simplified retained proportion method using the proportion of 

weight on the top sieve as a proxy for mean particle size and compared differences in this 

measure among seasons and HMAs. Finally, we tested associations between horse metrics and 

fecal particle size measures.  

METHODS 

Study Areas  
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We collected fecal samples from free-roaming horses from 16 Herd Management Areas (HMAs) 

across the western United States. We selected HMAs from among the 177 BLM HMAs available 

at that time to represent the geographical scope of free-roaming horse use across the western 

United States. This process led to the selection of HMAs across a gradient of herbaceous cover 

availability. Additionally, HMAs were selected based on ease of access by off-road vehicles or 

access on foot. Our chosen HMAs represented environments in the Great Basin, Colorado 

Plateau, Mojave Desert, and Wyoming Basin and were located in six distinct Environmental 

Protection Agency (EPA) level III ecoregions. We consulted with BLM personnel to identify 

HMAs where horses could be safely accessed during summer and winter field seasons. For 

further information about study areas please see Table 1 in Buchanan et al. (in press). 

Sample Collection 

In each HMA we collected 15 separate samples of fecal material in summer 2020 (May–August) 

and winter 2020/2021 (Late November to February) for a total of 465 individual fecal 

collections. Whenever possible, we collected fecal samples from at least three areas in each 

HMA to ensure we sampled a representative diversity of horses throughout the geographical 

gradient of an HMA. We collected fecal material immediately after observed defecations when 

possible and when we did not directly observe defecations, we collected fecal samples with 

moist interiors to ensure samples were representative of the current sampling season. From each 

fecal pile, we obtained fecal material from the interior to minimize environmental contamination 

and collected at least three fecal boluses to get a representative sample for each defecation. For 

each collection, we turned a clean plastic bag inside out to collect the sample without touching 

the bag’s interior and then returned bags to proper orientation and sealed them. We stored 
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bagged fecal material on dry ice while in the field and samples were transferred as quickly as 

possible (≤2 weeks) to a -20°C freezer. 

While in the field, we also made observations of body condition scores of free-roaming 

horses in each HMA. Body condition was assigned according to the Henneke system, which 

rates a horse’s accumulation of subcutaneous adipose tissue on a 1-9 scale, with 1 representing 

an extremely emaciated animal and 9 representing an extremely fat animal (Henneke et al. 1983). 

This method involves observations of fat accumulation at the lumbar spinous processes, ribs, 

tailhead, neck, withers, and area behind the shoulder. While the Henneke method calls for 

observations based on visual assessment and palpation, we were only able to make visual 

observations. However, this method has previously been applied on a visual only basis in free-

roaming horses (Schoenecker et al. 2024). We observed body condition scores by eye when 

horses were close (≤15 m), or through binoculars (8 x 42 magnification) or spotting scope if 

animals were farther away (16–48 magnification). We assigned body condition scores to horses 

that were within 400 m and unobscured (not standing behind another animal, rocks, or 

vegetation) and spent additional time observing when possible, to view animals from different 

angles and obtain a more accurate score based on all body regions of interest. In most of the 

HMAs we scored every observable free-roaming horse to achieve a larger sample size, however 

in some HMAs large herds (>100 horses) were present and we systematically scored every fifth 

horse in those instances. Body condition score observations, while potentially subjective, were 

consistent between HMAs as a single researcher made all observations.  

Sieving  

We used a selection of our horse fecal collections to test our various “field-based” particle size 

sieve methods. We subsampled frozen fecal material from each selected fecal collection to ~ 5g 
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wet weight and dried at 60 °C in a drying oven for 48 hours. From the dried fecal material from 

each horse, hereafter referred to as a “sample,” we created replicates of ~400 mg dry weight, 

hereafter referred to as “subsamples,” and placed each of these ~400 mg subsamples into a 50-ml 

plastic tube. Prior to sieving, we added 50 ml of water to each tube, shook by hand, and allowed 

the subsample to dissociate for at least 12 hours.  

For our traditional mean particle size method (hereafter “traditional”), we assembled a 

stacked set of sieves using a Geotech sand shaker mechanical sieve field analysis kit (part 

number 11450022) and selected a descending size order of sieves 187 OPN (opening size in 

thousandths of an inch), 72 OPN, 26 OPN, 09 OPN, and 041 OPN (4.75 mm, 2.29 mm, 1.01 

mm, 0.58 mm, 0.10 mm). The metal sieves were stacked in order between plastic stackable 

compartments to contain the water during the wet sieving process. We shook each tube 

containing a fecal subsample by hand again prior to sieving to re-suspend fecal particles and then 

poured wet fecal material through a funnel over the sieve set. We then used 100 ml of water to 

rinse any remaining particles from the 50 ml container and the funnel. We next used tweezers to 

gently break up any remaining large clumps on the top sieve without splitting any large particles. 

Then we dispensed 200 ml of water through the shower attachment of a HydraPak® water 

bladder to rinse any remaining small particles through the top sieve. We controlled the flow rate 

of rinse water by consistent use of the same shower attachment of a HydraPak® water bladder to 

dispense a consistent volume of rinse water. Once all water had drained from the sieve stack, we 

separated out the metal sieves from the plastic apparatus and placed the sieves into pre-weighed 

weigh tins. Each tin containing a sieve with wet sample was dried at 60 °C for 24 hours and then 

allowed to acclimate to ambient lab humidity for 1 hour. We then weighed weigh tins (~2.5g) 

containing sieves and measured the length (mm) of the largest particle on the top sieve using 
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calipers. We then subtracted the weight of the metal sieve and weigh tin from the total weight to 

calculate the weight of fecal material on each sieve for each sub-sample. From there we 

calculated the proportion of total weight on each sieve and then inputted those values into the 

formula from Fritz et al. 2012 (below) to determine traditional mean particle size (hereafter 

“MPS”) of each subsample.  

𝑑MEAN =  ∑ 𝑝(𝑖) ∗  
𝑆(𝑖 + 1) + 𝑆(𝑖)

2

𝑛

𝑖=1

 

Where p(i) = the proportion of particle mass on each sieve, S(i) = the sieve mesh size, S(i + 1) = 

the mesh size of the next largest sieve, S(1) = minimum sieve size, and S(n) = maximum sieve 

size. 

For our simplified retained proportion particle size method (hereafter “simplified”) we 

used the same Geotech shaker set but only used the 187 OPN (4.75 mm) sieve. We positioned 

the sieve tower so that any flow-through from the top sieve would be caught in a pre-weighed 

paper coffee filter held in a mesh strainer to allow water to slowly drain but capture fecal 

particles. As in the traditional method, we took soaked subsamples in 50 ml tubes and shook 

them by hand prior to sieving to re-suspend particles. We then poured the soaked subsample 

through a funnel onto the sieve tower and rinsed as previously described. Once the water had 

drained from the sieve and filter, we placed each sieve and filter into pre-weighed weigh tins and 

dried at 60 °C for 24 hours and then allowed them to rest one hour to acclimate to average lab 

humidity before being weighed. We subtracted the weight of the sieve or filter and weigh tin 

from the total weight leaving the weight of fecal material on the top sieve and in the filter. From 

there we calculated the retained proportion of weight on the 187 OPN sieve (hereafter “RP”), and 

this measure was used to represent mean particle size in subsequent analyses. See Appendix A 

for photos of the procedures for both methods. 
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Statistical Analysis 

Because we were validating new methods, we completed our analysis in a 3- stage process with a 

combination of the traditional and simplified sieving methods described previously. All 

statistical analyses were conducted in Program R (Version 4.3.0; R Core Team, 2023).  

For Stage 1, we ran a small pilot study of four subsamples of nine samples, each from a 

different HMA to evaluate repeatability of the traditional method of calculating mean particle 

size (MPS) across replicates of a single sample from fecal samples sourced from a variety of 

environments. We measured the variation in replicates of the same sample by evaluating the 

coefficient of variation (CV), calculated as the (standard deviation/mean) *100. We also 

investigated what aspects of the particle size calculation drove the variation in MPS in horses by 

comparing the CV of the largest particle measurement and the proportion of fecal material 

weight on the largest sieve within replicates of a single sample. We also visualized the pattern of 

distribution of particles across the various sieve sizes in subsample replicates of each sample.  

In Stage 2, we used the traditional method again to measure MPS for five subsample 

replicates of five samples from three HMAs in both summer and winter. This yielded a total of 

30 distinct samples analyzed and 150 total subsample MPS measures (five subsample replicates 

of each sample). Before averaging subsample MPS replicates to obtain a single MPS value for 

each sample, we used our five subsample replicate MPS values of each sample as the 

experimental unit to investigate if we could find a difference in MPS between individual samples 

using a Kruskal-Wallis test. We used Dunn’s post hoc tests with Bonferroni corrections to test 

pairwise comparisons. Next, due to the high variation inherent in our data, we averaged the MPS 

value for the five subsample replicates of each sample together to get one MPS value per sample 

for comparative analysis between seasons and HMAs. We then used Kruskal-Wallis tests to 
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examine differences between different HMAs and seasons. When a significant result was found 

we used Dunn’s post hoc tests to determine which pairs were different using Bonferroni 

corrections for multiple comparisons.  

For Stage 3, we investigated differences in HMA and season further with a larger sample 

size including more HMAs. However, in line with our goals of developing an efficient field-

based method, we wanted a method to maximize efficiency. Therefore, we investigated the 

relationships of different components of the MPS calculation including retained proportion of 

weight on the top sieve (RP), largest particle, and overall MPS to simplify the sieving procedure, 

and potentially reduce variation in our samples, while maintaining enough sensitivity to detect 

changes. We conducted Pearson’s correlations (r) to investigate the relationship between the 

largest particle on the top sieve, RP, and MPS. 

This led us to our simplified method using one sieve (size 187 OPN, 4.75 mm) and a 

paper coffee filter, to allow us to investigate MPS in a greater number of samples using RP as a 

proxy for MPS. In this third stage of analysis, we ran three subsample replicates of six samples 

from eight different HMAs in both summer and winter seasons. We then averaged the three 

subsample replicate values for RP together to get one RP value for each individual sample. This 

yielded 98 distinct samples analyzed (an extra sample was inadvertently run in two HMAs) and 

294 total subsample RP measures (three subsample replicates of each sample). We used Kruskal-

Wallis tests to investigate differences in RP between seasons and HMAs. We used Dunn’s post-

hoc tests with Bonferroni corrections to check pairwise comparisons when Kruskal-Wallis 

results indicated differences existed.  

Lastly, we investigated whether the fecal particle size measures in our study were 

relevant to overall horse health or nutrition by comparing both MPS and RP to body condition 
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scores (BCS) and diet composition of horses. We investigated whether fecal particle size 

measures gained from using our traditional or simplified methods could be related to these 

nutritional and health measures in horses at an individual or herd level to examine the relative 

value of MPS or RP as a potential biomarker of use in free-roaming horse management.  

We chose to evaluate the relationship between BCS and fecal particle size with only the 

larger dataset using the simplified RP method. We based our decision on lack of sample size and 

variability in both herd average BCS values and samples from horses of known body condition 

for the dataset using the traditional MPS method. Of the fecal samples we evaluated using the 

traditional MPS method, only 18 were from horses of a known body condition and 14 of these 18 

horses had a BCS of 5. In addition, HMA herd averages were close to 5 across different HMAs 

(for more detail see results in Buchanan et al. in press). Using the dataset of RP values, we 

conducted Spearman’s rank (rs) correlations using 51 (of 98) samples with a known body 

condition score to investigate the relationship of each sample’s average PROP across three 

subsample replicates to the corresponding horse’s BCS. In addition, we separated our data into 

just summer (n = 19) or just winter (n = 32) and used Spearman’s rank (rs) correlations to 

evaluate the relationship between RP and HMA at the individual scale between seasons. Next, 

we averaged all the individual sample values for RP for each HMA and computed Spearman’s 

rank (rs) correlations between the HMA average RP and the average BCS of all horses observed 

in that HMA. We first ran correlations with the six summer, and six winter RP values averaged 

together to form one average RP for each HMA correlated against all horse BCS observations in 

each HMA (n =8) averaged together. We also conducted a correlation with summer and winter 

observations averaged separately so both a winter and summer BCS and RP for each HMA were 

included in the correlation (n = 16). Finally, we separated the data and conducted Spearman’s 
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rank (rs) correlations with summer (n = 8) and winter (n = 8) HMA averages for BCS and RP in 

separate correlations.  

Finally, we compared whether the MPS when using the traditional method or RP when 

using the simplified method was related to the percentage of graminoids found in the diets of 

free-roaming horses using Spearman’s rank (rs) correlations. As previously described with body 

condition, we conducted these correlations for individual horses including both seasons together 

in a correlation (n = 30 MPS, n = 98 RP), and for summer (n = 15 MPS, n = 49 RP) and winter 

(n = 15 MPS, n = 49 RP) seasons separately. In addition, we investigated seasonal differences in 

RP in subsets of horses on the extreme ends of graminoid dietary composition. We conducted 

Kruskal-Wallis tests to determine whether summer and winter values were different in either 

high graminoid (horses consuming ≥ 75 % graminoids) or low graminoid (horses consuming ≤ 

25% graminoids) horses. We did not perform these tests for MPS or for herd averages due to 

smaller sample sizes. Next, we investigated the relationship between the percentage of 

graminoids in the diet and MPS or RP at the herd level, using each HMA’s average diet 

composition of graminoids with herd average RP. As with the body condition correlations, we 

ran these correlations using both seasons combined into one average per HMA (n = 8), using 

both season averages in the same correlation (n = 16), and with separate correlations of summer 

(n = 8) or winter (n = 8) averages. Values for the percentage of graminoids in free-roaming horse 

diets were obtained from DNA metabarcoding of fecal material for diet composition. Briefly, we 

submitted fecal material for each sample to the Genome Technologies Lab at the University of 

Wyoming for DNA extraction and library preparation. The p6 loop of the trnL locus was 

amplified and outputs from this process were sequenced at the University of Colorado Genomics 

Core. We used the STAND program (Weinstein et al. 2021) to classify read sequences against 
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NCBI GenBank entries for plant chloroplast sequence. We read results of the stand pipeline into 

Program R (Version 4.3.0; R Core Team, 2023), where we filtered reads to exclude any rare 

amplicon sequence variants (ASVs) that were not present with at least 1% abundance in at least 

one horse. We pooled ASVs at the family level, converted reads to relative abundance, and then 

combined the reads for the three grass and grass-like families (Poaceae, Juncaceae, and 

Cyperaceae) to obtain the composition of graminoids present in the fecal material from each 

horse. For further details on the protocols for obtaining graminoid composition, please see 

Buchanan et al. (in press)  

RESULTS 

Stage 1: Pilot Study using the traditional method 

In our initial pilot study, we found mean particle size (MPS) of subsample replicates ranged from 

2.56 to 8.26 mm, and when subsample replicates were averaged together, we found average MPS 

values for each sample ranged from 3.76 to 7.25 mm. We found that there was high variation in 

the MPS for replicates of an individual sample (Figure 1). Coefficients of variation among four 

subsample replicates of a sample ranged from 7.30 to 47.42 with an average among the nine 

samples of 24.00. We also saw high variation in the measure of largest particle (mm) among 

sample repeats (Figure 2), with CV ranging from 7.22 to 66.27 for an individual sample and an 

average CV of 21.82 across the nine samples. The CV values for proportion of weight on the top 

sieve for repeats of the same sample ranged from 13.32 to 45.92 with an average CV for all nine 

samples of 32.12. The largest particle size and proportion of fecal material weight on the top 

sieve are both key parts of the MPS calculation we used (outlined in Fritz et al. 2012), so it is 

logical for high variation in these measures to translate into high variation in MPS. We did notice 

that the pattern of particle size distribution varied among samples, and this often stayed 
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consistent across subsample replicates (Figure 3). This showed potential for differences existing 

among HMA locations and prompted continuation to a larger run of data with multiple samples 

per HMA despite the observed high variation.  

Stage 2: Comparing MPS using the traditional method  

In our larger test of samples with the traditional method, values (mm) for MPS among subsample 

replicates ranged between 2.32 and 11.39. When the five subsample replicates were averaged to 

get a single value for each sample, MPS values ranged from 2.97 to 8.06. We again saw high 

levels of variation within the five subsample replicates of our 30 individual samples, with CV 

values (mm) of samples ranging from 6.47 to 48.58 with an average CV of 19.96. We noted a 

significant difference among individual samples (χ2 = 92.347, p <0.001; Figure 4) and post hoc 

analysis indicated 12 pairwise comparisons of individual samples were different (p <0.05).  

Differences were not as clear when samples were averaged at the herd HMA level. There 

were moderate differences in MPS between HMAs (χ2 = 5.515, p = 0.063) with the McCullough 

Peaks, Wyoming HMA showing moderate difference from the Pine Nut Mountains, Nevada 

HMA (z = 2.159, p = 0.093) in post hoc comparisons. There was no difference in MPS between 

seasons (χ2 = 0.073, p = 0.788), or when each combination of season and HMA was considered 

separately (Figure 5; χ2 = 8.778, p = 0.118). In addition, when we subset data to each individual 

HMA to evaluate the effect of season within an HMA, we did not find a seasonal difference in 

McCullough Peaks (χ2 = 0.535, p = 0.465, Table 1) or Pine Nut Mountains (χ2 = 0.884, p = 0.347, 

Table 1) and detected only a moderate seasonal difference in the South Steens, Oregon HMA (χ2 

= 3.153, p = 0.076, Table 1). Also of note, there was not a consistent pattern of increase or 

decrease in MPS from summer to winter in our three HMAs (Figure 5), with samples from South 

Steens tending toward smaller particle size in winter while McCullough Peaks and Pine Nut 
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Mountains tended toward larger particle size in the winter. When we ran an ANOVA including 

both HMA and season as factors with an interaction between HMA and season we found a 

moderate significance for the interaction of HMA and season (p = 0.065), further pointing 

toward the possibility that MPS was affected by season differently in distinct HMAs.  

When evaluating the variation and relationships in different components of the MPS 

calculation we found that there was again high variation in measures of largest particle and the 

proportion of weight on the top sieve. Among runs of subsample replicates, measures of largest 

particle ranged from 10.41 to 58.47 mm and once the five subsamples were averaged to one 

value for each sample, values ranged from 14.84 to 30.71 mm. The CV for each sample’s largest 

particle ranged from 8.20 to 50.75 with an average of 24.92. The retained proportion of weight 

on the top sieve (RP) ranged from 0.03 to 0.60 among subsample replicates and ranged from 

0.11 to 0.51 for sample averages of the five replicates. RP varied among replicates with a CV of 

14.59 to 72.50 for individual samples, and an average of 31.00. RP was strongly correlated with 

mean particle size for subsample replicates (r = 0.864, p <0.001; Figure 6) and sample averages 

(r = 0.957, p <0.001; Figure 6). The correlation with MPS and largest particle was not as strong 

(r = 0.567 p <0.001). Therefore, we chose to base our simplified method on the proportion of 

weight captured on the top sieve rather than the largest particle although there was more 

variation in the RP measure.  

Stage 3: Comparing RP using the simplified method  

When using the simplified sieve method we found among subsample replicates the proportion of 

weight on the top sieve (RP) ranged from zero to 0.66 and once the three subsample replicates 

were averaged for each sample values ranged from 0.001 to 0.62. Using proportion of weight on 

the top sieve as a proxy of mean particle size (MPS) we once again saw large variation in 
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subsample replicates. The CV for individual samples ranged from 4.99 to 173.21 with an average 

of 43.27.  

Despite this large variation, we found significant differences between some HMAs (χ2 = 

34.521, p <0.001, Figure 7A). Through our post hoc analysis, we found Saylor Creek, Idaho and 

North Hills, Utah HMAs to be different from one another (z = -3.209, p = 0.037) and Little Book 

Cliffs, Colorado to be different from the North Hills HMA (z = 4.408, p < 0.001), the Onaqui, 

Utah HMA (z = 4.214, p < 0.001), and the Red Rock, Nevada HMA (z = 3.829, p = 0.004). We 

also found a difference between summer and winter (χ2 = 3.944, p= 0.047, Figure 7B) with 

summer values being higher on average. There was also an important interaction between season 

and HMA (Figure 8) with the interaction p-value significant in an ANOVA including season, 

HMA and the interaction between season and HMA (p = 0.001 for the interaction term). As we 

saw in our run with fewer HMAs using the traditional MPS protocol, samples from different 

HMAs exhibited differing patterns in particle size shift from summer to winter. The areas of 

McCullough Peaks and Pine Nut Mountains tended toward higher particle size in the winter 

while Little Book Cliffs, Stinkingwater (Oregon), Saylor Creek, Red Rock, North Hills, and to a 

lesser degree Onaqui tended toward higher particle size in the summer. When we subset data to a 

single HMA at a time and tested for seasonal differences we saw a difference (p < 0.05) in Little 

Book Cliffs, North Hills, Pine Nut Mountains, Saylor Creek, and Stinkingwater, a moderate 

difference (p = 0.086) in Red Rock, and no difference in McCullough Peaks or Onaqui (Table 1).  

Comparisons of particle size with horse metrics  

We did not find strong evidence for a relationship between individual or herd average body 

condition score (BCS) and RP values (Appendix B). Individual horse MPS was not correlated 

with the percentage of graminoids in individual horses’ diets (rs = 0.055, p= 0.774, Table 2). 
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There was also no support for this relationship when investigating just summer or just winter 

samples from individuals (Table 2). When using RP as a proxy for particle size in individual 

horses, RP was not significantly correlated with the percentage of graminoids in horse diet (p = 

0.696, Table 2). However, we found support for a relationship between dietary graminoids and 

RP when summer and winter samples from individual horses were considered in separate 

correlations. In the summer there was a positive correlation between percentage graminoids in 

diet and RP (rs = 0.318, p= 0.026, Table 2, Figure 9) while in the winter this relationship was 

negatively correlated (rs = -0.298, p= 0.038, Table 2, Figure 9). In addition, we found that 

individual horses with a high amount of graminoids in their diets (≥ 75 %) had higher values for 

RP in the summer compared to winter (χ2 = 11.413, p = 0.001) while horses with low dietary 

graminoids (≤ 25%) did not exhibit a seasonal difference in RP (χ2 = 0. 444, p = 0.505; Table 3). 

Correlations of herd average dietary graminoids and herd average RP did not produce any 

support for relationships at the herd level (Table 2).  

DISCUSSION 

Our comparisons provide much new knowledge about an efficient field-based method that could 

be used as a proxy for in vivo dietary digestibility or to compare with other measures of nutrition 

in rangeland herbivores. Despite high variation in both mean particle size (MPS) and retained 

proportion of weight in the top sieve (RP) in free-roaming horse fecal samples, we were still able 

to detect significant differences among individual horses, HMAs, or seasons using both our 

traditional and our simplified protocol. Also of note, values for MPS tended to be higher than in 

previous studies in horses and other equid species. Previous studies have found MPS ranging 

from 0.65 mm to 1.96 mm in captive equids and 0.73 to 2.97 mm specifically in horses and 

ponies (Clauss et al. 2009; Fritz et al. 2009; Miyaji et al. 2011, Clauss et al. 2014; Clauss et al. 
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2015; Grev et al. 2021). This could be due to differences in methodology such as larger volumes 

of rinse water (Clauss et al. 2014; Clauss et al. 2015), using dried rather than wet feces (Grev et 

al. 2021), or using sieve shakers (Miyaji et al. 2011; Clauss et al. 2014; Clauss et al. 2015; Grev 

et al. 2021). These previous studies were based on domestic or captive zoo animals that were fed 

more controlled diets, often consisting of hay, while study animals in our research were free-

ranging and consuming varied diets available on the range, another factor that may have 

contributed to the larger MPS we observed in our study.  

Using the traditional method, we did not find any significant differences in MPS between 

season or HMA, although some moderate differences were identified. However, when the added 

efficiency of the simplified method allowed us to run a greater number of samples in additional 

HMAs, more differences became evident. When using our simplified method we found seasonal 

differences in RP, a proxy for fecal particle size, in five of eight HMAs, and a moderate 

difference in one other HMA. We also found average RP was higher in the summer at the range-

wide scale, when samples from all HMAs were averaged together. Contrary to the general 

tendency, one HMA (Pine Nut Mountains) had higher RP values in the winter. A potential 

explanation for this may be food limitation in the winter, as horses in a previous study were 

found to shift toward higher particle size when on restricted diets (Clauss et al. 2014), however 

without information about seasonal total forage consumption we cannot know for sure. However, 

most HMAs exhibited higher particle size in the summer, which supports our hypothesis that 

horses in the summer would consume higher quality forage leading to larger particle size in the 

summer. This is opposite to the pattern observed between forage digestibility and particle size in 

herbivores in general (Clauss et al. 2009, 2015) and seems counter intuitive, but is consistent 

with the fecal particle size literature in horses (Miyaji et al. 2011; Clauss et al. 2014). Horses 
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have higher chewing intensity when consuming higher fiber, lower quality forage (Janis et al. 

2010), which may explain this phenomenon. It is possible that increased chewing on fibrous 

feeds may increase surface area of particles and allow for more nutrient absorption, or simply 

that more fibrous forage needs to be chewed more to be swallowed. Horses are less limited than 

ruminants by the need to reduce particle size to allow digestive passage and can be successful on 

low quality forage through their high intake, fast throughput, and low efficiency digestive 

strategy (Janis 1976). Due to the faster digestive throughput in horses, particle size may not be 

drastically reduced after chewing, regardless of digestibility, leading to smaller particle size on 

feed that is more fibrous.  

Our attempts to relate RP to body condition scores did not produce strong results at the 

HMA or individual level. The absence of robust results relating fecal particle size to body 

condition could be due to lack of variation in body condition scores, with the majority of horses 

of known body condition (40 out of 51) scoring a BCS of 5, and herd average BSCs all close to 

5. A mismatch in temporal scale could also affect our results. We measured fecal particle size, 

interpreted as a proxy for diet digestibility, from fecal samples that represent one discrete point 

in time. However, it would take the compounded effects of consistent high or low diet 

digestibility over a longer time scale to have a meaningful effect on body condition score.  

We did find support for the relationship of RP to the amount of graminoids in the diet of 

free-roaming horses at the individual scale. In the winter, we found that higher dietary graminoid 

components were associated with lower values for RP while in the summer, higher graminoid 

dietary component was related to higher RP. This oppositional seasonal effect could be explained 

by differences in seasonal diet composition—we found in a parallel study that summer diets 

tended to have more graminoids overall whereas winter diets often included more plants in the 
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Asteraceae and Chenopodiaceae families (Buchanan et al. in press). Alternatively, as graminoids 

still tended to make up the largest component of diets in most of these horses (Buchanan et al. in 

press) and in previous studies (Scasta et al. 2016), the opposing relationship could relate to the 

seasonal changes in forage quality of grasses specifically. The protein content of rangeland 

grasses tends to decrease with maturity while the cellulose content (fiber) tends to increase with 

maturity (Kamstra 1973). Therefore, during the summer growing season, horses eating higher 

proportions of graminoids could be eating lower fiber diets, which previous literature has shown 

to be linked to higher MPS (Miyaji et al. 2011; Clauss et al. 2014). By winter, grasses have 

matured and contain more fiber, meaning horses eating more graminoids could have lower 

quality diets, possibly explaining smaller fecal particle size. Indeed, our findings specifically 

within the group of horses with high (≥ 75%) dietary graminoids also supports this notion. 

Horses with graminoid-dominated diets had higher RP in the summer (indicating larger particle 

size and potentially higher quality forage) when compared to horses consuming graminoid 

dominated diets in the winter, reflecting the seasonal phenology of graminoid forage quality. 

This seasonal shift in RP was not present when considering only individual horses consuming 

low graminoid (≤ 25%) diets, possibly indicating there was not this shift in diet quality for horses 

consuming other forage types. Also of interest, in three of the four HMAs where we had strong 

evidence for higher RP in the summer, we also observed in a parallel study (Buchanan et al. in 

press) that there was strong or moderate support for seasonal differences in graminoid diet 

composition with summer diets containing higher amounts of graminoids. Further studies are 

needed to understand the mechanisms behind this contrasting seasonal relationship of particle 

size and dietary graminoid consumption in free-roaming horses.  
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Our study also demonstrates the importance of evaluating findings at the proper scale of 

interest. Directional changes in seasonal fecal particle size, whether statistically or moderately 

significant, were HMA-specific, with some HMAs exhibiting higher MPS or RP values in the 

winter and others displaying higher summer values. These differences could be due to 

environmental differences in HMAs such as forage type or quality, overall forage availability, or 

elevation. Differences in the horses within each HMA including relatedness or herd genetics 

could also influence forage choices, digestibility, and subsequent particle size. Indeed, 

digestibility can be affected by many factors such as animal genetics, environment, or 

management (Boisen and Eggum 1991). Therefore, if fecal particle size were to be used as a herd 

health biometric, management decisions based on this metric may be more effective at smaller 

scales versus applying across-the-board generalizations at a range-wide scale. Also of note, 

differences in individual samples were often stronger than differences between herds (HMAs). In 

Stage 2, using the traditional method we were able to detect differences in MPS between 

individual samples, both in different HMAs as well as between animals in the same HMA. These 

differences also occurred in Stage 3 but were not significant once multiple comparisons were 

made, likely due to the larger number of samples and comparisons to correct for. Therefore, there 

is potential that fecal particle size metrics may be even more valuable to understand differences 

in diet digestibility between individual animals in addition to digestibility at the herd level.  

Despite high within-sample variability, our methods offer some promise as an efficient 

field ready measure that may help understand diet digestibility in grazing herbivores. Using these 

methods, we were able to detect individual, HMA, and seasonal differences in fecal particle size 

and relate RP to dietary graminoid composition in individual horses. With that said, we also 

recommend that future researchers employing this technique make efforts to reduce the 
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variability between replicates of the same sample, or account for variability by running more 

replicates per fecal sample. Lower variation would make differences between individuals, 

seasons, or HMAs more effective and efficient to detect. It is possible that this is the reason 

previous studies have used more sensitive lab techniques, and applying a field-based technique 

may inherently cause more variation among replicates. However, using a larger amount of fecal 

material could potentially reduce replicate variability, as a more representative sample of each 

animal’s defecation could be used. Horses produce large amounts of fecal material, with one 

study finding a mean fecal output of 4.6 kg of feces per 100 kg of body weight per day for 

pastured horses with a fecal dry matter content of 18.7% (Williams et al. 2014). Therefore, an 

average 450 kg horse would produce about 20 kg or just under 4 kg of dry fecal matter per day. 

Our methods using only 400 mg of dried fecal material per subsample may not have been large 

enough to be truly representative, leading to the large within-sample variation we observed. We 

chose to use 400 mg for our methods after some preliminary testing indicated that larger amounts 

of fecal material tended to clog our sieve set, however future research could accommodate larger 

amounts of fecal material by having larger sieve sets. Indeed, other studies have used 50 g of 

dried or 100 g of wet fecal material to evaluate fecal particle size distribution in horses (Miyaji et 

al. 2011; Grev et al. 2021). This consideration may be more important in horses as compared to a 

smaller animal that produces less total fecal material. Conversely, the equine digestive strategy 

of low efficiency, high intake, and quicker rate of passage (Janis 1976; Hanley 1982; Duncan et 

al. 1990) could mean that horses have inherently variable fecal particle size compared to other 

species. When using this method in the future, researchers should make considerations for 

species of interest, type of digestive system, and amount of fecal material used relative to the 

amount produced by the animal.  
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IMPLICATIONS 

Horses can thrive on poor quality forage, while ruminants have a threshold of dietary fiber past 

which they cannot sustain themselves (Janis 1976). This dietary advantage may contribute to 

free-roaming horse success in low quality forage environments that are unable to sustain other 

grazing species. Free-roaming horse populations have increased dramatically across the western 

United States and can grow 20% per year (Garrott et al. 1991), therefore understanding factors 

contributing to their continued population growth is important to managers. While many 

methods to investigate diet composition, quality, or digestibility require intensive studies of 

captive animals, collection of fecal samples is possible without disturbing, capturing, or stressing 

animals. The non-invasive methods using fecal samples we used are amenable to a species such 

as free-roaming horses whose management is constantly scrutinized by the public. If proof of 

concept for these methods are established in other species, this technique could also prove useful 

for understanding dietary digestibility or quality in other free-roaming wildlife species, 

especially during a sensitive time such as winter when they are often already metabolically 

stressed. If diet digestibility could be monitored non-invasively through a method such as ours, it 

would allow managers to track diet quality changes and know when animals are in danger of 

enduring physiological stress due to poor nutrition, with fecal particle size a potential signal of 

early dietary stress. Identifying timing of diet quality changes could inform managers when 

wildlife protection areas need to be closed to the public to reduce animal stress or when 

supplemental feeding programs are needed during seasons of low forage quantity or quality or 

after events such as fires or droughts limit forage and cause nutritional stress. While our methods 

need further refinement to be useful in a management setting, they offer promise to help 

understand animal dietary digestibility in grazing herbivores such as free-roaming horses.  
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TABLES 

Table 1: The upper table reports Kruskal-Wallis (χ2) tests comparing summer and winter values 

for the mean particle size ([MPS]; mm) from horse fecal samples using the traditional method. 

Each HMA had fecal samples from five horses in the summer and five in the winter. Summer 

and winter means are reported with the standard deviation shown in parentheses. The bottom 

table reports Kruskal-Wallis tests comparing summer and winter values for retained proportion 

of fecal material on the top sieve (RP) using the simplified method in our analyses. Each HMA 

had fecal samples from six horses in the winter and six horses in the summer. HMAs with a 

significant seasonal difference are shown in bold and moderately significant (p >0.05, but <0.10) 

differences are shown in bold italics.  

 

HMA Summer mean Winter mean Kruskal-Wallis χ2 p-value 

Stage 2 Traditional method (MPS) 

MP 5.19 (0.90) 5.98 (1.58) 0.535 0.465 

PN 4.18 (0.88) 4.67 (0.79) 0.884 0.347 

SS 5.44 (1.52) 3.88 (0.96) 3.153 0.076 

Stage 3 Simplified method (RP) 

LBC 0.29 (0.04) 0.22 (0.04) 5.026 0.025 

MP 0.17 (0.04) 0.20 (0.09) 0.231 0.631 

NH 0.14 (0.06) 0.05 (0.03) 7.410 0.006 

ON* 0.11 (0.08) 0.10 (0.04) 0.020 0.886 

PN 0.09 (0.03) 0.24 (0.12) 7.410 0.006 

RR* 0.19 (0.20) 0.08 (0.08) 2.939 0.086 

SC 0.25 (0.07) 0.17 (0.09) 4.333 0.037 

SW 0.27 (0.11) 0.11 (0.05) 5.769 0.016 

  

*Although we designed the Stage 3 study to have six samples per HMA per season we 

inadvertently ran an extra summer sample in the Red Rock (RR) HMA and winter sample in the 

Onaqui (ON) HMA leading us to have seven rather than six total individuals in these HMAs and 

seasons. 
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Table 2: Spearman’s rank correlations (rs) between values for proportion graminoids in horse 

diet and fecal particle size measures of mean particle size >MPS) and retained proportion of 

weight on the top sieve (RP). Significant correlations are shown in bold and moderately 

significant (p >0.05, but <0.10) differences are shown in bold italics  

 

Comparison Samples (n) Spearman’s (rs) p-value 

Traditional sieve method 

Individual horse MPS and 

percent graminoids (both 

seasons) 

30 0.055 0.774 

Individual horse MPS and 

percent graminoids (summer 

only) 

15 -0.118 0.676 

Individual horse MPS and 

percent graminoids (winter 

only) 

15 0.132 0.639 

Simplified sieve method 

Herd average graminoids to RP 

(seasons combined) 

8 -0.333 0.428 

Herd average graminoids to RP 

(seasons separate) 

16 0.059 0.831 

Herd average graminoids to RP 

(summer only) 

8 0.310 0.462 

Herd average graminoids to RP 

(winter only) 

8 -0.524 0.197 

Individual horse RP and 

percent graminoids (both 

seasons) * 

98 0.040 0.696 

Individual horse RP and 

percent graminoids (summer 

only) * 

49 0.318 0.026 

Individual horse RP and 

percent graminoids (winter 

only) * 

49 -0.298 0.038 

 

*Although we designed the study to have 6 samples per HMA per season we inadvertently ran an 

extra summer sample in the Red Rock (RR) HMA and winter sample in the Onaqui (ON) HMA 

leading us to have 98 rather than 96 total individuals in these analyses.   
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Table 3: Kruskal-Wallis (χ2) tests comparing summer 2020 and winter 2020/2021 means of the 

retained proportion of fecal material on the top sieve (RP) for individual horses that consumed 

high (≥ 75%) and low (≤ 25%) graminoid diets. Significant seasonal differences (p < 0.05) are 

shown in bold and the number of horses in each season and diet category (n) are reported. 

 

 Summer 

mean RP 

Summer 

SD 

Summer 

n 

Winter 

mean 

RP 

Winter 

SD 

Winter 

n 

Kruskal-

Wallis χ2 

p-

value 

High 

graminoid  

0.22 0.09 19 0.09 0.05 11 11.413 0.001 

Low 

graminoid  

0.17 0.17 11 0.15 0.08 13 0.444 0.505 
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FIGURES 

 

 

Figure 1. Values for mean particle size (mm) for nine samples in the Stage 1 analysis. Mean 

particle size is shown along the y-axis and each sample is plotted along the x-axis with each of 

the four replicates shown in a different color. Note there was often large variation in mean 

particle size for replicate runs of the same sample. Sample names refer to the HMA the sample 

was collected in and abbreviations are as follows: CN = Conger, Utah, GM = Green Mountain, 

Wyoming, LBC = Little Book Cliffs, Colorado, PB = Palomino Buttes, Oregon, PN = Pine Nut 

Mountains, Nevada, RR = Red Rock, Nevada, SB = Sand Basin, Idaho, and SS = South Steens, 

Oregon. Sample names starting with a “W” indicate winter collections. One sample from a 

domestic horse (WDP) was also included in this Stage 1 pilot analysis. 
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Figure 2: Values for largest measured particle (mm) for nine samples in Stage 1 analysis. 

Largest measured particle (a key measure for the calculation of mean particle size) is shown 

along the y-axis and each sample is shown along the x-axis with each of the four replicates 

shown in a different color. Note the similarity in many patterns in Figure 1 and Figure 2, 

showing the large influence that the largest particle had on mean particle size. Sample names 

refer to the HMA the sample was collected in and abbreviations are as follows: CN = Conger, 

Utah, GM = Green Mountain, Wyoming, LBC = Little Book Cliffs, Colorado, PB = Palomino 

Buttes, Oregon, PN = Pine Nut Mountains, Nevada, RR = Red Rock, Nevada, SB = Sand Basin, 

Idaho, and SS = South Steens, Oregon. Sample names starting with a “W” indicate winter 

collections. One sample from a domestic horse (WDP) was also included in this Stage 1 pilot 

analysis.  
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Figure 3: Examples of different patterns observed in the distribution of particle size by 

proportion of weight on each sieve in three of nine samples run in the Stage 1 analysis. The y-

axis shows the proportion of particles (by weight) on each size sieve and the x-axis shows each 

run color coded by the five sizes (OPN) of sieves in decreasing order (187-red, 72-orange, 26-

yellow, 09-dark blue, 041-light blue). Note that the Pine Nut Mountains (PN) sample in panel A 

shows a higher proportion of particle weight on sieve 1, the Green Mountain winter (WGM) 

sample in panel B shows the highest proportion on sieve 2, and the Red Rock (RR) sample in 

panel C shows a more even spread across sieves 1–3. 
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Figure 4: Average mean particle size ([MPS]; mm) among 30 individual horse samples each 

consisting of five replicated sub-samples. There were five individual horse samples from each of 

three HMAs (MP = McCullough Peaks, Wyoming, PN = Pine Nut Mountains, Nevada; SS = 

South Steens, Oregon) analyzed in Stage 2. Summer (A) and winter (B) samples shown 

separately. Mean (± 95% CI) particle size (mm) for each horse sample (average of 5 repeats) is 
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shown. Some samples show high variation among runs (e.g., PN3, SS9) while others show little 

variation (e.g., PN14, WMP4). Differences occur between mean values for individual samples 

both between HMAs (for example SS9 and PN 14) and within HMAs (for example SS9 and 

WSS5).  
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Figure 5: Comparisons of the herd average mean particle size (MPS; ± 95% CI, n = 5 

individuals per HMA in summer 2020 and winter 2020/2021) within each Bureau of Land 

Management–Herd Management Area (HMA) and season for samples analyzed in Stage 2. 

Differences in summer 2020 and winter 2020/2021 were not statistically significant in the 

McCullough Peaks (MP), Wyoming or Pine Nut Mountains (PN), Nevada HMAs but were 

borderline significant in the South Steens (SS), Oregon HMA (p = 0.076). There were 

differences in the seasonal pattern of MPS within each HMA with SS showing a tendency 

towards a decrease from summer to winter while MP and PN show a tendency towards an 

increase.  
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Figure 6: Correlation (r) of the proportion of weight on the top sieve (RP) and mean particle size 

([MPS]; mm) for all subsamples (A and B) and for sample averages (C) in Stage 2 of analysis. 

Note correlations shown in A and B were run including each of five subsample replicates before 

averaging to get one value for each sample. Correlations include summer and winter subsamples 

in a single correlation (A) as well as for each season individually (B). The correlation for each 

sample’s average MPS and average RP, when including both seasons (C), was even stronger (r = 

0.957).  
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Figure 7: Proportion of weight on top sieve (RP ± 95% CI) by Bureau of Land Management 

Herd Management Area (HMA) (A) and season (B) for samples in Stage 3. There was a 

significant difference in RP by HMA (p <0.001) and by season (p = 0.047). HMA abbreviations 

are as follows: LBC = Little Book Cliffs, Colorado; MP = McCullough Peaks, Wyoming; NH = 

North Hills, Utah; ON = Onaqui, Utah; PN = Pine Nut Mountains, Nevada; RR = Red Rock, 

Nevada; SC = Saylor Creek, Idaho; and SW = Stinkingwater, Oregon.  
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Figure 8: Interaction plot of season and Bureau of Land Management–Herd Management Area 

(HMA) on proportion of weight on top sieve (RP) for samples run in stage 3 analysis. Note that 

five HMAs (LBC, SC, RR, NH, SW) saw a decrease in RP (representing a decrease in particle 

size) from summer 2020 to winter 2020/2021 and three HMAs (PN ON, MP) saw an increase 

from summer to winter (representing an increase in particle size). Significant differences 

between seasons within a single study area were noted in LBC, NH, PN, SC, and SW (p <0.05) 

by performing a Kruskal-Wallis test, see Table 1 for exact p-values and test statistics. HMA 

abbreviations are as follows: LBC = Little Book Cliffs, Colorado; MP = McCullough Peaks, 

Wyoming; NH = North Hills, Utah; ON = Onaqui, Utah; PN = Pine Nut Mountains, Nevada; RR 

= Red Rock, Nevada; SC = Saylor Creek, Idaho; and SW = Stinkingwater, Oregon. 

 

 

 



289 

 

 

Figure 9: Spearman’s rank correlations (rs) of proportion of graminoids in horse diets with 

proportion of weight on the top sieve (RP) as a proxy for mean particle size (MPS) in summer 

2020 (orange circles) and winter 2020/2021 (blue triangles). There was a positive relationship in 

the summer (rs = 0.318, p = 0.026) while there was a negative relationship in these metrics in the 

winter (rs = -0.298, p = 0.038). 
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APPENDIX A 

 

 
 

Figure A1: View of the sieve set up during the rinsing phase of the traditional method.  
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Figure A2: Example of a completed sieve stack using the traditional method after rinsing and 

before removing the metal sieves to be dried.  

 



292 

 

 
 

Figure A3: View of the setup of the simplified method before a sample is run through the sieve 

set-up.  
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Figure A4: View of the simplified method after a sample has been run through the set-up and 

before rinsing.  
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Figure A5: View of the simplified method during the rinsing phase.  

 

 

 

 

 



295 

 

APPENDIX B 

When using our larger data set with proportion of weight on top sieve (RP) acting as a proxy for 

MPS we found moderate support for a negative relationship between RP and BCS (rs = -0.267, 

p=0.058; Table A1) of individual horses with a known BCS. However, once again there was 

little variability in body condition scores with only 11/51 of the horses in this analysis having a 

BCS other than 5. This pattern remained negative when the data were subset to only summer or 

winter samples, however correlations did not show statistical support for this relationship in 

either season (p > 0.100, Table A1). When we averaged both RP and BCS at a herd level, we 

found a positive tendency regardless of whether seasonal averages were included together or 

separately (Table A1), although statistical support for a relationship was not shown through our 

correlations.  

Across seasons, we found a positive, though not significant, pattern in the relationship of 

RP and BCS at the HMA level—horses with increasing RP, a proxy for increasing particle size, 

tended toward higher body condition. However, at the individual scale, we saw moderate support 

(p = 0.058) for a negative relationship between RP and BCS when samples from both seasons 

were considered together. Because previous studies in equids have shown diets with lower fiber 

content and higher quality led to higher particle size (Miyaji et al. 2011; Clauss et al. 2014), 

results at the individual scale are the opposite of what we would expect to find, since we would 

expect individuals with higher quality diet to be in higher body condition. However, our HMA 

level results demonstrating a tendency for a positive relationship agree more with our 

expectations. 

One explanation for why we did not find strong relationships between measures body condition 

and fecal particle size could be the lag time between the diet horses are consuming and its effect 
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on body condition. Measures of fecal particle size offer a snapshot of horse diet for one day, 

while body condition changes slowly over time and represents the accumulated effects of diet, 

metabolic efficiency, and energetic costs. Therefore, this lack of convincing findings could be 

due to a mismatch in temporal scale. Another explanation for our absence of conclusive results 

could be due to lack of variability in observed body condition scores since, as described 

previously, most horses were observed to have a body condition score of 5. This made our 

comparisons of individual horses difficult due to the small number of horses scoring a BCS other 

than 5. In addition, the resulting lack of strong variability in herd average BCS combined with 

smaller sample sizes in HMA average comparisons also made patterns difficult to identify at the 

herd level.  

Table A1: Spearman’s rank correlations (rs) between values for body condition scores (BCS) 

and retained proportion of weight on the top sieve (RP). Significant correlations are shown in 

bold and moderately significant (p >0.05, but <0.10) differences are shown in bold italics.  

 

Comparison Number of samples 

(n) 

Spearman’s rs p-value 

Herd average BCS to RP 

(seasons combined) 

8 0.599 0.117 

Herd average BCS to RP 

(seasons separate) 

16 0.330 0.212 

Herd average BCS to RP 

(summer only) 

8 0.214 0.619 

Herd average BCS to RP 

(winter only) 

8 0.381 0.360 

Individual horse BCS to 

PROP (both seasons) 
51 -0.267 0.058 

Individual horse BCS to RP 

(summer only) 

19 -0.361 0.129 

Individual horse BCS to RP 

(winter only) 

32 -0.200 0.273 
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CHAPTER 6. Conclusion 

There are five important take-away points I would like to highlight that resonate across my 

chapters. These points include 1) the importance of geographic scale in detecting differences in 

free-roaming horse (Equus caballus) metrics, 2) the capability of free-roaming horses, often 

considered true grazers, to subsist on a variety of forage species in summer and winter, all while 

maintaining good body condition, 3) the relationship of gut microbiome composition and body 

condition was weaker than we had expected in both pronghorn and horses, 4) there was a clear 

link between diet and microbial composition in free-roaming horses, and 5) the microbial 

community varied by season and location in both of our study species- pronghorn and horses.  

First, the importance of the geographic scale being considered in seasonal comparisons 

across the free-roaming horse chapters. Both diet and particle size had general patterns at the 

range-wide scale with more dietary graminoids in summer compared to winter and larger fecal 

particle size in summer compared to winter. However, not all Bureau of Land Management Herd 

Management Areas (HMAs) followed these general patterns. While summer diets for horses in 

many HMAs included a higher proportion of graminoids, others displayed no statistical seasonal 

difference, and one HMA had evidence of higher graminoids in winter diets. Similarly, the 

majority of HMAs had higher particle size in the summer; however, one had statistically higher 

particle size in the winter. While this may just represent natural variation in the data, it is 

important to consider that the seasonal response of horses may differ in various HMAs. I also 

noted the importance of scale in horse microbial composition, with the effects of season on 

microbial composition explaining up to 5 times more variation at the HMA scale as compared to 

the range-wide scale. It is important to consider the effect of scale when making management 

decisions. While range-wide norms appear evident, responses between HMAs may differ or the 
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average response across the range may not be true in all HMAs and managers may need to 

consider specifics at the herd level. 

The second important take away from my dissertation was that free-roaming horses 

across the range subsisted on a variety of diet strategies, which was surprising to find for a 

species generally considered to be a grazing herbivore. While graminoids often made up the 

majority of diets this was not always the case, and the proportions of graminoids varied by 

HMA. Other important plant families included Asteraceae, Brassicaceae, Chenopodiaceae, 

Fabaceae, and Polygonaceae, which all made up at least 25% of the diet composition in at least 

one HMA. Notably, Asteraceae or Chenopodiaceae plants made up large portions of the winter 

diets in many HMAs. Despite varying dietary strategies, horses in all HMAs maintained healthy 

body condition with the average body condition across all HMAs ranging between 4.59 and 5.24 

in the summer and 4.72 and 5.22 in the winter. In addition, the majority of observed free-

roaming horses had desirable body condition, with less than 1% of observed horses across all 

HMAs scoring a 3 or below (i.e., poor body condition). It appears that free-roaming horses can 

maintain desirable body condition while consuming a variety of forage plants.  

Third, while we found some subtle signals relating microbiome composition to body 

condition these were not as strong as we had expected to find. There is much literature linking 

microbial composition to fat storage or body condition, although most studies were in laboratory 

or domestic settings. One study in wild mule deer (Odocoileus hemionus) identified links 

between fat and protein deposition and specific microbial taxa, revealing these taxa as potential 

health bio-indicators in mule deer (Eddington et al. 2021). We expected to add to the evidence 

for this linkage in free-roaming species by revealing similar relationships in pronghorn 

(Antilocapra americana) or free-roaming horses with microbial taxa that could serve as potential 
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biomarkers. However, relationships between pronghorn body condition and microbial 

composition were subtle and not as clear as we had hoped. In addition, the high proportion of 

free-roaming horses scoring a BCS of 5 made evaluating this relationship difficult in horses. 

Over 70% of the known horses (n = 90) we collected fecal samples from had a BCS of 5 (n = 

68), with few horses scoring either 3 (n = 1) or 7 (n = 2). This did not provide a suitably wide 

distribution of animals across the scope of condition scores to evaluate links between BCS and 

microbial composition. To investigate this metric further, it would be helpful for researchers to 

consider multiple samples over time from individual animals to reduce or control for between-

animal variation to tease apart these subtle relationships.  

Fourth, there was a clear link between diet and microbial composition in free-roaming 

horses. Both diet and microbial composition revealed clear seasonal patterns and Mantel tests 

confirmed co-variation of dissimilarities between these communities. In addition, we identified 

the ten bacterial families that contributed most (0.595) to the overall and seasonal microbial 

community dissimilarity and found that the abundance of nine of these families was correlated 

with the abundance of at least one plant family. The plant families that most commonly 

displayed relationships with these ten bacterial families included the graminoid families of 

Cyperaceae, Poaceae, and Juncaceae and the forb and shrub families of Asteraceae and 

Chenopodiaceae. We did not investigate this metric in pronghorn because we did not sequence 

diet data, however this would be interesting for future research.  

Fifth, microbial composition varied spatially and seasonally in both species that we 

studied. Both HMA and ecoregion were significant explanatory factors of microbial variation in 

free-roaming horses, indicating horse microbiome was different in various environments. In 

pronghorn, microbial composition varied between different study areas and based on whether 
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populations were north or south of Interstate 80. Microbial composition varied by season in free-

roaming horses, and by capture period in pronghorn, although we could not completely separate 

this from the effect of study area due to study design. Our findings align with results of other 

studies in North American ungulates that have also found microbial variation associated with 

environmental factors such as location or season. Microbial composition in mule deer varied 

between different study sites as well as between December and March collections (Eddington et 

al. 2021). American bison (Bison bison) also exhibited shifts in microbial composition over the 

course of the growing season (Bergmann et al. 2015). When pairing conclusions in our research 

with findings from other herbivore studies in North America and beyond, it appears that gut 

microbes do indeed vary across environments and seasons. This supports the potential of the 

microbiome as an adaptive trait that allows animals to better adjust to variable environments; 

however, whether this effect is indeed adaptive to the host rather than just a response of bacteria 

to differing conditions remains to be proven conclusively in free-roaming species.  

Our findings have different applications when thinking about native species, such as 

pronghorn, compared to free-roaming horses, an introduced species whose management often 

centers on overpopulation issues (Scasta et al. 2018). Scientists have mentioned the potential 

importance of considering microbial composition while performing reintroductions or 

translocations (Bahrndorff et al. 2016; Trevelline et al. 2019; Li et al. 2019). Our research 

indicates locally adapted microbes could be evident in pronghorn and free roaming horses, while 

researchers have also revealed this phenomenon in brown bears (Ursus arctos; Trujillo et al. 

2022) and moose (Alces alces; Fountain-Jones et al. 2020). This recurring pattern has potential 

important applications to other North American ungulates. Management tools based on locally 
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adapted gut microbes could prove useful if administered to naïve animals during translocation, 

potentially allowing for greater adaptation capability and increasing translocation success.  

Our research serves as a baseline for understanding the bacterial composition of the gut 

microbiome in pronghorn and which intrinsic or environmental factors are related to microbial 

variation. Future research in pronghorn or other native ungulates could build upon this by 

investigating specific bacterial taxa that could serve as biomarkers or probiotics that managers 

could administer to increase herd health or resilience. Already, bacterial taxa that could 

potentially serve as biomarkers have been identified in mule deer (Eddington et al. 2021). In 

addition, if we applied the diet composition or fecal particle size methods we investigated in 

free-roaming horses to native species such as pronghorn, managers could monitor microbial 

composition, diet composition, or diet quality through fecal particle size non-invasively, without 

disturbing, capturing, or stressing animals. These methods could allow managers to track diet 

quality changes or changes in animal physiology over time. Identifying timing of diet 

composition or quality changes or changes in microbial composition could inform managers 

specifically when wildlife become metabolically stressed during winter. This could help signal 

from a physiologic standpoint when areas need to be closed to the public to reduce animal stress 

or when interventions such as supplemental feeding programs are needed. 

Our results in free-roaming horses serve as a case study for the relationships between 

forage plants, herbivores, and the gut microbiome. Understanding these relationships can shed 

light on these interactions, which may have important implications for animal health and 

adaptability to diverse environments. As discussed above, these applications can lead to 

management tools that could be helpful to species that are struggling. Because free-roaming 

horse numbers in most areas are above population targets (BLM 2025), use of any of these 
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management tools likely would not be needed or justified for horse management. However, our 

study does advance the knowledge of free-roaming horse life history, biology, and ecology in the 

western United States, which is important to consider when making management decisions. 

Horses are considered grazing animals and this contention was supported when a meta-analysis 

of 12 previous studies in free-roaming horses revealed that on average, free-roaming horse diets 

contain high amounts of graminoids in spring, summer, fall, and winter (Scasta et al. 2016). 

While we found graminoids formed the majority of horse diets in most HMAs, this was not 

always the case and other plant families were important, including plants in the Asteraceae and 

Chenopodiaceae families. Many shrubs in these families are important winter browse for native 

ungulates, and horse use of these resources means there is potential for competition. 

Furthermore, body condition scores of free-roaming horses were healthy across diet composition, 

seasons, HMAs, and environments, indicating these animals thrive across variable conditions of 

their range. This may be explained by their digestive anatomy and physiology that equips them 

to subsist in good body condition while selecting a variety of plants in different environments. 

Some have pointed to the equid digestive system as a reason for their success — their 

“quantity over quality” strategy means that they can subsist on poor quality forage, as long as it 

is abundant. Hind gut fermenters, such as horses, are able to quickly move digesta through their 

digestive tracts and take advantage of abundant low-quality forage because, unlike ruminants, 

they are not limited by particle size of ingested material (Janis 1976; Hanley 1982; Duncan et al. 

1990). In one study of horses and cattle, researchers found that although cattle digested feed 

more completely, horses had 63% higher intake, leading horses to obtain more digestible 

nutrients per day (Menard et al. 2002). This feeding strategy can allow horses to maintain body 

condition even on low quality forage. Because research has demonstrated that mares in better 
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condition have more breeding success, (Henneke et al. 1984; Morley and Murray 2014) this 

digestive strategy can ultimately lead to demographic success at the population level.  

Others hypothesize that success and high population growth in free-roaming horses could 

be due to their domestic roots. Humans selected horses and other livestock for high reproductive 

potential, and due to these genetics, unlike many native ungulates, free-roaming horses may 

prioritize reproduction over survival (Grange et al. 2009; National Research Council 2013). In 

contrast to wild ungulates, which will decrease reproductive efforts as resources become limited, 

a study of feral horses found that during times of scarcity mares lost body condition while 

continuing to reproduce, sometimes to their own detriment (Grange et al. 2009). These high rates 

of fecundity in a once domestic species can lead to rapid growth in populations, until resources 

become limited and ultimately adult female survival is affected. This may offer one explanation 

as to why free-roaming horse populations in the western United States continue to grow even 

when conditions are marginal. While digestive strategy and high fecundity may explain the 

success of free-roaming horse populations, our research points to a further mechanism that could 

elucidate how these animals succeed, by having a flexible gut microbiome. We found that 

microbial composition co-varied with diet composition, potentially indicating that as horses 

consume different forages, their microbial composition adjusts to coincide with novel plants. 

This could allow free-roaming horses the capability to adapt to a wide variety of plants across 

their range. Heightened ability to adapt to novel forages would allow horses to maintain better 

body condition, potentially leading to higher population growth because mares in better 

condition are more reproductively efficient (Henneke et al. 1984; Morley and Murray 2014). It is 

likely a mixture of these factors that lead to the success of free-roaming horses in North 
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America; however our research indicates that both dietary and microbial flexibility could be 

contributing factors.  

Based on some challenges we experienced throughout the data analysis process, we have 

developed recommendations for researchers designing similar studies in the future. First, 

creating balance in study metrics is important when possible. The fecal samples used for our 

pronghorn research were legacy samples from a previous study and therefore were not collected 

in a manner that always aligned with our study questions. We faced challenges in our analyses 

due to uneven representation of capture period and study area. In addition, biological samples 

and information for pronghorn in one study area were only collected during one capture period, 

which confounded the effect of study area and capture period with one another. In future 

research, even sampling across study areas and capture periods, such as we did when designing 

our horse study would be ideal.  

Second, is the question of sample independence and animal identity. This was not an 

issue in the pronghorn dataset as each fecal sample was from a pronghorn that researchers 

individually captured, identified, and collared. With our free-roaming horse fieldwork, we made 

the assumption that our opportunistic fecal collections represented random independent samples, 

however as discussed in Chapters 3 and 4, there is the chance that we re-sampled the same horses 

within the same HMA, violating the assumption of independence. While we were able to use a 

weight of evidence approach when evaluating the proportion of graminoids in the diet, doing this 

in the high multi-dimensional space of microbial communities was not possible. In future 

studies, including methods for animal identification to guarantee there is no double sampling 

would be ideal. Identifying individual animals would also allow researchers to collect more 

individualized data for each animal, allowing further questions to be explored at the individual 
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animal level such as comparisons between individual animal body condition, diet, or microbial 

composition. The lack of individual animal identification for every fecal collection meant we 

could only reliably make these comparisons at the herd or range-wide level in our research.  

This leads us to a third recommendation, collecting multiple time-point samples from 

each individual animal. While this was beyond the scope of our research and would have been 

logistically infeasible across the spatial extent of our study, it would assist scientists in 

comparing metrics over time and allow exploration of temporal individual animal variation in 

microbial or diet composition. Re-sampling all individuals in both seasons or across other time 

scales would also be another way to address the issue of independence, by specifically 

accounting for repeat samples for individuals. In a microbial study, this would also allow 

individual animal identity to be used as a predictor for explaining microbial variation, as this has 

explained large amounts of variation in previous studies. Repeat sampling would also allow the 

opportunity to explore how diet, microbial composition, or other animal metrics such as body 

condition change temporally and how the relationships between these factors vary over time. In 

addition, with more individualized information researchers could better explore what constitutes 

individual variation tied to specific traits, characteristics, or environmental conditions versus the 

natural random variation within a population.  

Overall, we found evidence for variability of microbial composition based on 

environment and season in both free roaming horses and pronghorn. We also found that free-

roaming horse diets included variable amounts of graminoids in different seasons; horses used a 

variety of plant families across their range; and diet composition co-varied with microbial 

composition in free-roaming horses, highlighting the flexibility of these herbivores. Our research 

adds to existing literature that documents microbial composition variability across seasons, 
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environments, or diet composition in North American herbivores and supports the contention 

that microbial composition could potentially be an adaptive trait helping animals adjust to novel 

conditions. Our findings that document these relationships between herbivores, forage, and gut 

microbes not only add important information to the current knowledge of the ecology of 

pronghorn and free-roaming horses but also have potential implications for future researchers 

hoping to apply microbial tools in herbivore species. 
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